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Abstract

The use of microbial lipases for the hydrolysis of natural oils such as triglyceride esters is
a green alternative to conventional high temperature, high pressurelsteaditechnologies and
other chemical synthesis. The hydrolytic splitting of the essenecessary for the downstream
production of high value chemical products such as coatings, adhesives, aperfogmance
personal care products. Deployment of enzymatic methods enables conversions to be achieved at
close to ambient temperature andsstee with positive impacts on energy utilization and product
purity. Enzymatic splitting of triglyceride esters is limited often by slow kinetics due to mass
transfer limitations and by challenges of economic enzyme recycling.

Immobilization of lipases o a solid carrier or support has proven to be an effective
alternative method and, in some cases, considered superior to the use of lipases in aqueous media.
Enhanced thermal and chemical stability, activiéggoverability andreusability of the biocatgsét
(lipase) are all potential advantages of immobilization. Efficacy of immobilization depends
significantly on the mechanical integrity of the suppavgilability,and adjustable characteristics
such as porosity, surface area, particle size a funtgooaps present, and the type of lipase used.
The performance ahicrobial lipasederived fromCandida rugosammobilizedonto polymeic
methacrylatebased resins with no surface functionalization (ECR1030M), epoxy & butyl
functionalization (ECR8285) armttadecy! functionalization (ECR8806M) supplied by PurBlite
Lifetech™ Resins Corporationwas studiedfor triglyceride hydrolysis The main mechanism
involved in lipase immobilization was adsorption using hydrophobic interacBarisg of protein
usingthedynamic light scatteringechniquesuggestedmmobilizationwas surface dominanthe
resinswere characterized using HR spectrometry, Nadsorptioncontact angle measurements

andscanningelectron microscopyContinuously srred batchreactos operated at 100 RPWere



used to compare the performance ofithenobilized lipasdoy measuring the release of free fatty
acids (FFA) Octadecyl functionalized methacrylate polymer resins showed superior performance.
Comparing theoctadecyl functinalized resingvith un-functionalizel methacrylateesins, dour-

fold increase in activity retention was observed in multicycle experimé&mpexy & butyl
functionalized resins showed lower performance compared to octadecyl functionalized resin but
highe than unfunctionalized methacrylate resins. Performance in the presence of crosslinking
agents such as, GlutaraldehyBAminopropyl) triethoxysilan@and itaconic acid applieduring

the immobilization protocol for methacrylate based polymeric resimts superior performance
wasobservedn the case of itaconic acah functionalized methacrylate resins.

Prior work has shown that mass transfer rates and reaction rates can be intensified by
increasg interfacial aredor lipase catalyzed triglycerideytirolysis using electrostatic spray
reactors However, he possible effect afriented external electriclield on the lipaseatalytic
activity has hitherto not been considerddhe performance omicrobial lipasederivedfrom
Candidarugosain aqueous autionswas analyzedn the presence dd steadyDC externally
appliedelectical voltage.The reaction was conducted in three different batch type reactors: (1) In
a quiescent (fixed interface) reactor; (2) In a stirred tank batch reactor, and (3) In a recirculating
tubular flow reactorit was concluded that theriented externadlectrial field has a positive effect
onall threereactorsystem studied, showing reaction ratgancemenindependenof interfacial
area. Further studies conducted using reverse polarity, increased electrode distance and for
immobilized lipase system has shovmatt lipase undergoing conformational changes due to an
oriented external electrical field is the main driving mechanism for this noted enhanced

performance.
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Chapter 1 : Introduction to oils and fats
1.1.Importance of oils and fatsand their market growth.

Every yearthe human population uses neadB0 million tons of fats and oils obtained
from animaland vegetable sourceBheserenewableesourcesare used asaw materials for the
manufacture ofmany edible products including butter, shortenings, margarine, salad oils, and
cooking oilsandothernon-edible productincluding animal feeds, soaps, parabcare products,
paints,lubricants,and greasefl, 2]. The global production rate of vegetable oils has increased
from 137.3 million tons per year in 2010 to 209.1 million tons per year in 2020. The most popular
vegetable oil consumed in United Staiesoybean oil due to its high production rate of 10.9
million tons per yeafl, 3]. Figure 1.1shows global consumption of various vegetable oils for the
year 2020[1]. Thus, the oils and fats industry are of global importance, providing economic

stability in countries throughout Asia, Europe, South America, and North America.

Rapeseed oil
Olive oil
Coconut oil
Cottonseed oil
Peanut oil
Palm Kernel oil
Sunflower oil
Soybean oil

Palm oil

0 10 20 30 40 50 60 70 80

® Consumption in million metric tons

Figurel.1. Globalconsumptiorof various vegetable oils
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1.2.General physical properties of oils and fats

Fats and oils are often distinguished from one another based on their pagpealance
In general, fats are solid or sesulid at room temperatusé22 + 2°C) and presswsél atm) while
oil remains to be a liquid in these conditignk Table 1.1showsthe physical properties of some
commaly consumeahatural oils and fatlsy human populatiofb-7]. It can be seen from the table
thatpalm and coconut oilgreexceptiors since theywould be solid ircertainregionsof the world
yet are liquid in tleir respective country arigin and makeand are still considered as oifpart
from theirdifference inphysical appearancetbareinsulators oheat and electricityhile most
oils are good conductors of hdait poor conductors of electricity8]. However, irrespecti of
the above differencebpth theseclasses of compounds arejorly made up otriacylglycerols

(or more commonlknownas triglycerides

Tablel.1. Typical physical propertiesf some commdy consumeahatural oils and fatsy human
population

Melting Speci.fic Ki.nemz-iti'c
Name Point gravity Viscosity
0) (g/mL) (cP)
At 15.5°C At 37.8°C
Beef Tallow 40 - 50 0.90 -
Lard 30-35 0.96 35
Butter 32-35 0.86 42
Palm oil 35-37 0.92 30.9
Cocoa butter 34 -38 0.86 -
Coconut oil 24 -25 0.92 28.0
Olive oil -6 0.91 46.6
Soybean oil -16 0.92 31.8
Sunflower oil -17 0.92 333
Rapeseed oil -10 0.90 30.92
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Triglycerides(or Triacylglycerolor TG) make up to more than 95% by weight for most of
the oils and fats with other minor components including monadagidcerides, free fatty acids,
phosphatides, sterols, fatty alcohols;datuble vitamins, and other impurities depending on the
sourcg9]. A single glycerol molecule contains three alcohOH) functional groups and all these
groups are esterified form a single triglyceride molecul€igure 1.2represents the structure of
a single triglyceride moleculd10]. In nature, triglycerides are formed from carboxylic acids.

These are commonly known as fatty acids and are representedfyaRd R in thefigure.

H O
H—(‘—O—(J:—Rl R, =
Corresponds to different
0 Fatty acids
J. (could be same)
H—=(~0—C—R, R, —
0]
H—(*—O—ﬂ—RC R, —
H

(Glycerol backbone)

Figurel.2. Structual representationf a singletriglyceride molecule

1.3. Biochemistry of fatty acids

Fatty acids (FA) are generally classified into three types: saturated (mostly found in animal
fats), monounsaturated (includes canaléye, and peanut oils) and polyunsaturated (includes
soybean, sunfloweorn, and most nut oils)11]. Irrespective oftheir type, all fatty acids are

composed of long aliphatic chain with a monocarboxylic acid moiety at the termingl23nbh
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saturated fatty acids, all the carbon atoms are attached to maximum possible number of hydrogen
atoms Figure 1.3shows the streture of chemical bonds associated with saturated and unsaturated
fatty acid moleculd13]. The degree of unsaturation is given by the number of hydrogen atoms
missing (unsaturated}4]. Unsaturated fatty acids show ¢rans isomerism due to the presence

of double bonds.

Saturated Unsaturated
H H H H
|| |

il
H H

Carbon-Carbon Carbon-Carbon

Single bond Double bond

Figurel1.3. Structual representationf chemical bonds associated with saturated and unsaturated
fatty acid molecule

Typically, mostoils are more unsaturat¢tbwer hydrogen atomsand these bonds are
associated withiatty acids sectionof the triglyceride moleculeand hence, it is evident that the
properties of oils and fats goeofoundlydependent on the types of fatty adiclsainlength, degree
of unsaturation and stereo chemisingolved in their makeufl5]. However, certain properties
such as solubility and poor electrical conductivigynainthe same for most of the fats, oils, and
fatty acids. They exhibit high solubility iorganic solvents such as acetone, benzene, toluene, and
chloroform and minimal or no solubility in watgr6].

There have been more than 300 different fatty acids identified from vaoouses 0bils
and fatsfrom across the world with some unusuaintber of double bonds and oxidations or

epoxidations[17]. However, more than 90% of fatty acid molecules attached to triglyceride
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molecules in commonly sourced vegetable odsch as soybean silrapeseed alor sunflower

oilsand animal fatsuch as larg] beef tallove or buttesareprimarily composed of an even number

of carbon atoms ranging from 4 (butanoic acid) to 24 (lignoceric acid) carbong-kthgacids

are described by the number of carbon atoms in the chainwéaldy a colon and additional

numbers which indicate the number of double bonds. Therefore, for those fatty acids in the 18
carbon series we have C18ich represents steric acid, C18:1 for oleic acid, C18:2 for linoleic
acid and C18:3 for linolenic acid8]. These double bondsan alsocexhibitin 6 c i s 6

form which is depend# on the arrangement of carbon chains across one or more double bonds

and

[19]. Naturally occurring unsaturated fatty acids show cis type configur&mrexample, C18:1

in cis configuration represents oleic acid and in trans configuration represents elaid@Oacid

Table 1.2shows average fatty acid compositions for some of the commonly used fats §2tt oils

26].

Tablel.2. Average fatty acid compositierof commolty usedfats and oils

Fatty acid component

Name
<14:0 | 14:0 | 16:0 | 16:1 | 18:0 | 18:1 | 18:2 | 18:3 | 20:0 | 20:1 | 22:0 | 22:1 | 24:0
Beef Tallow | 0.9 37 1249 42 | 189|360 3.1 | 0.6 - 0.3 - - -
Lard 0.5 13 2381 27 | 153514121102 10 - 1.0 - - -
Butter 238 | 82 | 213 1.8 | 98 | 204 | 1.8 | 1.2 - - - - -
Palm oil 0.1 1.0 | 435] 03 | 43 |366] 9.1 | 0.2 - 0.1 - - -
Cocoa butter - 0.1 1254 02 |332]326| 28 | 0.1 - 0.0 - - -
Coconutoil | 58.7 | 16.8 | 8.2 - 28 | 5.8 | 1.8 - - - - - -
Olive oil - 0.1 |11.0] 08 | 22 |725]| 79 | 0.6 - - - - -
Soybean oil - 0.1 |103] 02 | 3.8 223|510 6.8 - - - - -
Sunflower oil - 0.1 | 59|01 | 45195657 - - - - - -
Rapeseed oil - - 1./ - 09 | 123|127 76 | 1.2 | 58 | 09 | 594 ] 0.5
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1.4. Modifications of oils and fats

The oils and fats industry is one in which many chemical engineering techniques are
applied. Fats and oils obtained natlyra@o not always have the required physical and chemical
properties for specialized purposes. On the contrary, many other renewable raw materials that do
have the ideal properties required but are too expensive or not available in plenty. Modification of
oils and fats offers an adequate solution for this purpgdseéified oils and fats offer changés
the physical and chemicptoperties which can be utilized for wider purposes, thus making them
suitable for many uses or for making oils and fats with dbkarproperties available in sufficient
guantities[27]. Some of the processes that offer tpgortunityof modifying oils and fats with
their respective notable applications are summarized below.
1.4.1 Hydrolysis

Oils and fats undergo hydrolysis reaathen treated with mineral acids, alkalis, super
heated steam (fat splitting) or by use of enzyme lipase to prddeeéatty acids (FFA) and
glycerol upon completion. When hydrolysis reaction is carried out in the presence of an alkali such
as sodium hgroxide (NaOH) or potassium hydroxide (KOH) it leads to the formation of sodium
or potassium salts of fatty acids which are commepnlytogether to forrsoaps and the associated
reaction is called saponification and is one among the most important chpromssses that is
carried out in abundan¢28]. The hydrolysis of triglycerides into FisAand glycerol as shown in
Figure 1.4, is an important preequisite procesequiredin the oleochemical industry to produce
variousfatty acidswhich areutilized as raw materials the manufacture ofariouspersonal care
products, cosmetics, and pharmaceutitabs[29, 30] For example, stearic acid usedas one

of the raw materia in the manufacture sloapsshampooglotions,andshaving creamfg31].
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1.4.2. Esterification

Esterification as shown iRigure 1.4, is the reverse process of hydrolysis and the reaction
is carried out between polyhydric alcodiahd fatty acids. Industriallyhe esterification reaction
is carried out between glycerol and fatty acids atil830°Cbetweerthreeandsix hours under
vacuum conditions. However, inorganic catalysts such as iron, magnesium or zinc oxides or
organic atalysts such as naphthalene or sulphonic acidlsaie used to speed up esterification
reactiong32]. Esterification processes findseir applicatiors in pharmaceutical and perfumery
industries. For examplehey are usedn the manufacture ofS)ibuprden ester using (R,S)
ibuprofen and Jpropanol[33]. The nost promisinguseof esterification irthe 215 century, is that

it could beutilizedto producehigher quality biodiesel from low quality feedsto¢ik4].

H (0] H (’)
H—(‘—O—(H—Ru H—C—-O-H HO—C—R_

0 Hydprolysis 0
H—(‘—O—«LRb -+ 31,0 H—C—O0-H == HO—JLRh

(‘) Esterification 0
H—C—0 J:—R In {)resence of  H—C—O H lIO—ﬂ—R
¢ Catalyst or g

H Heat H

Triglycerides Water Glycerol Fatty Acids

Figure 1.4. Chemical reaction showing the difference between hydrolysis and esterification
reaction
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1.4.3. Transesterification

The process of exchanging the organic alkyl groupsRR R:) of atriglyceridemolecue
in vegetable oils with a methyl gro@gCHs) is called transesterification as showrFigure 1.5
The products obtained fromme transesterification reaction includgariousfatty acid methyl
esters (FAMESs) and glycerab-product Transesterificatiomeactions can be carried out in two
pathways, usingithercatalytic (vith acid or bases catalyst) route or nenatalytic (vith high
temperature and pressym®cessesoute[35]. The catalytic pathway includes large reaction times
and catalysseparation which are disadvantageous. Hence, transesterification processes are mainly
carried out industrially using supercritical alcofi@b]. However, there are drawbacks of using
supercritical alcohol for transesterification process which includeasgbend handling of high
temperature and pressure equipment which are energy intensive and cost cofmsa in
the past decade, much emphasis has been given to transesterification reactions that utilize lipases
(enzymes) as biocatalysts. The marmduct obtained from transesterificatiorclude FAMEs
which are the main constituents of biodig§8] and glycerol as eproduct, which are purified
and utilized as one of the raw materialsnianufacturing of variousosmetics, personal care
products ad pharmaceuticalrugs[39].
1.4.4. Interesterification

The term interesterification is broadly used to refer several reactions in which an ester of a
fatty acid may react with fatty acids, alcohols, or other fatty acid esters to produce an ester differing
in composition from its original. This process offersnaans for improving oils and fats by
redistributionof the fatty acids on the molecule. Alcoholysis, glyecerolysis, acidolysis and ester
interchange are examples of interesterification procelgls Ester interchange is the most

important of these intesterification reactions with most commercial value since it alters the
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functional properties of the prodydtl]. Interesterified fats and oils finds their application in food

productg42].
H O H 0
H—C—0 ﬂ_RH H—C—O-H CH—,0—C-R,

I
H—(‘A)—J‘—Rh -+ 3cu—on
Catalyst / Heat
0

u—i—o—ﬂ—}z “—Cl‘—O—H CHSE—C—RC

0
H—(—O-H =f= CH}J R

b

c

H

Glycerol Fatty Acid Methyl

Triglycerides Methanol
Esters (FAMEs)

Figurel.5. Chemical reaction showing transesterificafpoocess

1.45. Hydrogenation

Oils containing unsaturated fatty acids (especially soybean oil) undergoes hydrogenation
in the presence of high temperature, pressure, and oatiedyst. This process is commonly known
as hardening since it is concerned with producing oils with the desired solid properties. The
hydrogenation process is a method of breaking the double bonds in the fatty acid chains by the
addition of hydrogenThe hydrogenation reaction finds its application in the manufacturing
process of vegetable ghee, which is one of the widely consedieleproduct in Indig43, 44]
1.46. Halogenation

Oils containing unsaturated fatty acids can be halogenated in theqee$eeagents such
as iodine or chlorine. lodine number represents the percentage of iodine adsorbed by a fat or oil

and it is usefuto determine thelegree of unsaturatidd5]. Halogenated oils and fats firibeir
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application in arthritis cures amadone of the raw material in the manufacturinguificial rubber
plasticizerd46].
1.5. Oleochemicals and importanceleochemicalindustry

Chemicals that are derived from pldrgsed oils or animal fats are called oleochemicals.
Oleochemicals are considered as a green alternative to petrbsmat chemical products since
they are derived from renewable resources such as oils and fats and the products derived causes
less pollution and are ndoxic in naturg47]. Figure 1.6 represents commonly used feedstocks
in global oleochemical industriggd8]. In the United states, due to large scale production of
soybean oil, it is widely used as feedstock in oleochemicals manufacturing. Generally,
oleochemicals are used as raw materiathénmanufacture of personal care products, cosmetics,
coatings, adhesives, sealants, lubricants, surfactants, grease, food, pharmaceuticals, and
nutraceutical$49]. In the last decadéhere has been a boost to the oleochemical industry due to
the increas in supply and demand of biodiesel, which is also derived in oleochemical yndastr

transesterificatioprocesg48].

Animal fats,

13% .
Palm oil, 33%

Coconut oil,
2%
Sunflower oil,
8%

Rapseed ol
13%

Figurel.6. Commonly used feedstocks in global oleochemiuadulstries.

10|Page



Since the United Nationds World summi:tt
promotion of a sustainable use of biomass in 2002, the annual global production of major vegetable
oils has incrased from 84.6 million tons in 2002 to 137.3 million tons in 2009 and to 209.7 million
tons in 202(050]. Of the total amount of oil produced only 32% is available to the oleochemical
industries, with much of the remainder being used for nutrj86h Currently, the global market
value for oleochemical industry stands at 20.1 billion USD and is expected to grow at a rapid rate.
The important companies that dominate production of oleochemicals includes, Emery Natural
Oleochemical (Malaysia), Oleon NV (Euyrean), Wilmar International (Singapore), Kuala
Lumpur Kepong Berhad (Malaysia), and Vantage Specialty Chemicals (United States). The two
dominant procesescarried out irthe oleochemical industrgrehydrolysis and transesterification
to convert renewabdeto value added productEgure 1.7 represents key products derived from
oleochemical industries. Fatty aciderm the majority of those used in thgrodudion of

oleochemicad [48].

Others, 10%

Methyl esters
9%

Fatty amines
5%
Fatty acids,
51%

Glycerin, 15%

Figurel.7. Key products derived from oleochemical industtisgg renewable feedstocks
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A summary of all the applications involved with respect to individual products derived
from oleochemical industry asimmarizedelow,
1.5.1.Fatty acids

Fatty acidswvhich are produced from hydrolysis reactame of extreme importance to the
food industry as different fatty acids supply the different characteristic flavor and aroma to many
different food products. However, the applicatiof fatty acids extends far beyond the
characteristic flavoring of foogroducts A large volume of fatty acidgoesinto the manufacturing
of varioussoaps and detergents. Fatty acids are also used as raw material in the manufacture of
personal care pragts, paints and coatings, surfactants, lubricants, polymers, andsj2glle

Research has shown that there \sgousfatty acids which are essential hbamans for
healtly living [51]. For example,iholeic acid(C18:2) an omega3 fatty acid is at the start of a
pathway that our body chemistry uses to make arachidonic acid which appears in high proportions
in our cell membranes. Itis also the starting material for the metabolic production of prostaglandin
which has beerh®wn to have an involvement with blood clotting, heart function, control of blood
pressure and has a function in the central nervous sygem.n o | e n i eclinokraciadd a n d
fatty acidsare alsoindispensable to human nutritighl]. Other omega3 fatty acidsinclude
eicosapentaenoic acfEPA) and docosahexaenoic a¢dHA) [52].

Good sources adheseomega3 fatty acids containing oils are cold water fish(salmon,
herring, mackerel, sardines, and cod) as well as many seed crops including,dihse®a ol
and hemp seed oil. The market for these asidspanding rapidly at present due to the growth of
a more healtitonscious societyn the past decade, the production of linoleic agitholeic acid
andotheromegag3 fatty acids (from fish oils) as additives for-bised health care products such

as codliver oil, primrose and statower oil, has gained attentidf3]. Theseomega3 fatty acids
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are also considered as therapeutics for cardiovascular disgeesporin, hypercholesterolemia,
hypertriglyceridemia, hypertension, and autoimmune conditions including osteoarthritis,
rheumatoid arthritis, systemic lupus erythematosus, scleroderma, and multiple sf@diosis
1.5.2.Glycerin

Vegetable glycerin(or glycero) which is derived as a egmoduct from oleochemical
industryusinghydrolysis and transesterification processamainly useds raw materials ithe
manufacturing of variou®od products cosmetics, and pharmaceutidalgs For examplein the
food industry, glycerin is added to enhance mixing between oil and-baded ingredients or to
sweeten food products or to prevent formations of ice crystals on frozen[5&pdslany of the
pharmaceutical drugs including heart medication, dietarylsommts, andlmost all theover
the-counter medications have glycerin as one of the raw mateAghart from most of the
cosmetics, it isalsowidely added in toothpastéo prevent from hardeningdzigure 1.8 shows
pictorial representation of all thmossibleuses of glycerif28, 56]
1.5.3. Fatty alcohols

Fatty alcohols are considered as intermediate products of oleochemical industry. They are
used as raw material in the manufacture of printing inks or as plasticizers for the plastics industry.
Trace amounts of fatty alcohols also finds its application in cosmetic, food, detergents, and
surfactants industries as emulsion stabilizing affefit
1.5.4. Fatty acid methyl esters (FAMES)

Fatty acid methyl esters (or FAMES) are the primary constitueihtsiodiesel [58].
Biodiesel is considered as a green alternative to conventional diesel since they-taracnamnd
biodegradable. Energy required to produce biodiesel is also considerably low compared to

conventional diesel obtained from crudesmurce. Apart from biodiesel industries, FAMEs are
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used in food applications as thickening and emulsifying agents and as a greens9]vbftajor
companies dominating FAMESs production includes, Biofuels Corporation (United States), Evonik

Industries (Germar)yNovaol (Italy) and GlycosBio (Malaysia).

Tobaccq 6%

_ Pharmaceuticals 18%
Explosives 2%

Others, 11%

Resins 8%

Food, 11%

Polyether, 14%

Figurel1.8. Industrial applicatiosof glycerol(or glycerin.

1.5.5. Fatty amines

Fatty amines are made from the reaction between triglycerides (or fagy actbammonia
with elimination of two molecules of water at high temperature in the dehydrating catalyst such as
silica gel or alumina or ircbased catalyst. Major application of fatty amines includes flotation
agents, anticaking, and corrosion inhikst¢80]. Figure 1.9 represents all the oleochemicals

derived from oils and fats along with their respective modifications unde[g6he
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1.6. Triglyceride hydrolysis (fat splitting) : Basic chemistryand importance

Triglyceride hydrolysis is among the most used processes to prirdedatty acids and
glycerol in various industries. The spectrufrtr@lycerides ranges from animal sourced tallows
to many different edible and inedible vegetable oils. Another source of triglyceride is from algae
and fish oils. All these represent an important suite of renewable sources for valorization into
higher vdue-added products in the oleochemical industry. A single triglyceride molecule is
composed of three fatty acid molecules joined together to a glycerol backbone, ence t
stoichiometry of hydrolysis of triglyceride requires 3 mols of water and 1 moigbfderide to
give 3 mols of free fatty acid (FFA) and 1 mol of glycdsdeFigure 1.4). The hydrolysis process
follows a 3-stagemechanisnmwith the formation of diglycerides, monoglyceridesd glycerol
with liberation of free fatty acid in eachagieas shown irFigure 1.1Q However, oil and water
are not miscible at room temperature and pressure hence, the mainstream production of this
reaction requires high temperature and fpgessurgrocessewhich involves contacting oil with
steamor superleated liquid watef29, 61, 62] Alternative methods include usinchemical
catalystg28, 63, 64] Green alternative to these conventional methods for triglyceride hydrolysis
includes deployment of microbial lipases (enzymes). Vdmgousfree fatty acidsand glycerol
obtained from triglyceride hydrolysis are purified and separated using distillation type psocess

and are used as raw materials in various products as described in earlie{88@&ign
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H— R, H—C—O—C—R_ H—C —R, H—C—0-H
| o) o "] |
! o4
[I—O—C—R H—-O0—(—R, - _Rc
Triglyceride Free fatty acid Diglyceride Free fatty acid Monoglyceride Free fatty acid Glycerol

Figurel1.10. Triglyceride hydrolysis reaction.

1.7. Important conventional triglyceride hydrolysis (fat splitting) processes

All of the important processes to produce fatty acids from natural fats and oils involve the
hydrolysis mechasim. Industrial processes for manufacturing of soap (saponification reaction)
from natural fats and oils as raw material was revolutionized when Andrew Pears started marketing
a highquality transparent soap in the year 1[&8. Since then, research irioap manufacturing
process is still being carried out in the®2%ntury. Procter & Gamble set up one of the first
laboratories specifically structured for improving the soap manufacturing process in the year 1890.
Indeed, soap production was one of th® founding processes of the company when James
Gamble, an apprentice soap maker, joined with William Procter to sell soaps and candles to the
population of Cincinnati in the year 1837. In the late 1930s and 1940s, major American companies
developed muchmproved processes for the manufacture of soap by utilizing the fat splitting
(hydrolysis) route since fatty acids and glycerol coproduct has abundant application apart from
soaps. The modified process utilizing hydrolysis reaction also produced a maenefecovery
of glycerol and a much shorter processing time. Processes which carry out triglyceride hydrolysis

can be divided into two groups; those which are carried out at normal atmospheric pressure, and
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those carried out at high temperatures andspres[69]. The commercial hydrolysis processes
carried out at atmospheric pressure includes Twitchell type fat splitting processes and ecofriendly
type fat splitting process using enzymes such as lipases as biocatalyst. However, the most common
methods oflargescale production of different fatty acids are using continuous splitting type
processes using high temperature, high pressure procassexwhich is the ColgateEmery
process.
1.7.1. Twitchell fat splitting process

The Twitchell process, patentén 1897, is the earliest known processes developed for fat
splitting [70]. This process was developed by Ernst Twitchell, who is latter known as the father of
oleochemical industry. This method of fat splitting involves hydrolysis reaction carrigtlarge
open type kettle reactors with fats or oils boiled along with wat&r wt% of sulfuric acid,
sulfonated mixture of oleic acid and naphthalene fed8®ours using open steam. The process
has the advantage of requiring only relatively simpl iaexpensive equipment as well as being
easily installed and operated. The kettle reactors are made up of either large wooden or lead lined
vessels into which water amounting to approximately half of the fat is added. The fat splitting
process is usuallgepeated two to four times depending upon the degree of hydrolysis required.
After each stage, the glycerahater phase is removed and replaced with fresh process water. The
tanks are generally covered to reduce contact with air as this causes discoldra¢gidong
reaction periods and high steam consumption make this process one of the most energy intensive
of methods and this is the reason for its limited use tddegpitethese drawbackie Twitchell

processvas incommercialuseuntil the 1960s

18|Page



1.7.2. Continuous splitting process

The continuous countercurrent, high pressure and temperature process is currently the most
efficient and widely used method for splitting fats and oils. This method is more commonly
referred to as the ColgaEmery procesas referred to earlig71]. Continuous splitting process
makes use ahtenseprocessing conditions to increase the rate of reaction, however catalysts can
alsobe used to further increaseetheactiorrates. Typically, reaction times achieved can &®
low as two to three hours. Little discoloration of the fatty acids occurs and because of the efficient
internal heat transfer, this process affoedfigh steam economyigure 1.11 represents the
process flow diagram for a continuous fat splittingoeiss 72]. Although the figure represents a
single stage continuous reactor, mglige versions are available depending upon the flow rates
required.

The heart of the process consists of a column about 18 to 25 m long with 0.5to 1 m in
diameter. Theolumn is constructed out of materials such as 316 stastiessorinconel alloy
and is designed to resist pressures up to 10000 kPa and temperatures of more°@ahh£00
deaerated fats or oils are introduced by means of sparging rings, aroundten&om the bottom
of the column using a highressure pump. Water is introduced from the top of the column
approximately at about half the rate of the fats or oils. The process is typically carried out at
pressures of about 5000 kPa and a temperafl2@05C. The use of high temperatures ensures a
high degree of agitation within the column and at these high temperatures the fat/oil phase has an
increased affinity for the water so adequate dissolution occurs ensuring no additional mechanical
mixing isrequired. This method has proven to achieve >98% hydrolysis. The main manufacturers

that utilize this continuous splitting process (ColgatEmery process) and variations of this
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process includes, Lurgi AG (Germany), Gianazza (ltaly), LIPICO Technol{giegapore) and

Crown Asia Engineering (China).

Fatty Matter
Continuous
Phase

4N

Water
Continuous
Phase

!

» Fatty Acid

———— Water

Heat Exchange Zone
(Fatty Acid to Water)

¢—— Steam

——  Steam

—— Steam

Heat Exchange Zone
(Sweet Water to Fat)

«—— Fat

» Sweet Water

Figurel.11. Process flow for continuous fat splitting method (Coldatgery Process)

The major drawbacks of thesentinuous fat splittingorocessesvolve operating costs

and the energy utilization requirdd6]. Additionally, every 12 to 18 months continuous fat
splitting plants are required to shut down for maintenance and befstartiag, depending upon

the feedstocks which may be expensive and sems(liable to denaturation) The high
temperatureemployed for steam splitting makes this process unsuitable for splitting sensitive
triglycerides, unconjugated systems (which may undergo thermal degradation), hydroxylated fats
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and oils(which may dehydhte) or polyunsaturated oils with high iodine numbers (which may
polymerase).A green alternative to modify fats and oils without using these conventional
processes which are energy intensive and environmentally harmful involve the use of lipase
(enzyme)as a biocatalyg73-75].
1.8. Conclusion

Oils and fats are mainly composed of triglyceride esters which contribute to one among
several important sources of renewable raw materials utilized for manufacturing various edible
and noredible products. The gbal consumption and production rate of naturally occurring oils
and fats are increasing at a rapid rate because the products obtained from modification of oils and
fats using hydrolysis, esterification, interesterification and transesterification arelerexsas
oleochemicals (green alternative to petrochemical) which are used as raw materials for the
manufacturing of various value added products including soaps, cosmetics, personal care products,
detergents, surfactants, pharmaceuticals, lubricantsspa@sins, and other antifreeze products
and alkanoamides. Hydrolysis of triglyceride is one of the most utilized process in oleochemical
industry. Complete hydrolysis of triglyceride ester yields fatty acids and glyceladsical
hydrolysis (fat splitting) processes industrial scale requires the reaction to be carried out at
temperatures in the range 10R60°C and at pressures in the range -19000 kPa since oil and
water are immiscible at room temperatardy usng chemical catalyst§he major drawbacks of
these processes are the long reaction times, operating costs and the energy utilization required
These adverse conditions used sometimes produce discolored fatty acids which needs further
processing. Greentatnatives to these conventional proceseekide deployment of enzymes

(lipases) as biocatalysts.
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Chapter 2 : Enzymatic catalysis and lipase derived fron€Candida rugosa.
2.1. Understanding enzymes.

Enzymes are proteins capable of increasing the rate of chemical reactions taking place
within living cells/organisms without themselves suffering any overall change or déim&je
In general, proteins consist ofamino acid residues linked together pgptide bonds. The
sequence of amino acids linked by each polypeptide chain constitutes to the primary structure of
the target protein. These sequences can be determined by a systematiosbeoficalassays
The secondary structure constitubésegular, repeating, thredimensional (2D) featuresThese
secondary structureketermingf a proteinmake up tdibrous and globulacategoy. In fibrous,
structural proteins, the secondary structures are largehterrupted but are disrupted at many
points in globular, functional proteinBibrous proteins are insoluble in water whereas globular
proteins are soluble in wat@ihe overall 3D structure of each polypeptide chanake up tdorm
tertiary structureand proteins may consist of one or more polypeptide chains with the complete
structure being called the quaternary struc{@te The 3D structure of proteins in fibers and
crystals are determined usingry diffraction (XRD) analysi#4].

Enzymes areomposed of globular, functional proteins wharte capable ofatalying
many reactions and the reactants of enzgatalyzed reactions acalledas substrates, and each
enzyme isvery specific in character which allows them to act @apeacificsubstrée or substrates
to produce apecificproduct or products. Enzymes are present in all living cells, where they are
executingall vital functions including the metabolic processes. In fact, all living organisms
produce thousands of different enzymes talgae thousands of cellular processes. However,
without theaid of anothercomponent called a efactor, many enzymesannot functiorntheir

catalytic activity[5]. The coefactor could be an organic or inorganic compouthen tte cce
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factoris composed oinorganic compoundhe inactive protein component of an enzyme is called

the apoenzyme, and the active enzyateng with thecofactor, is called the holoenzyme. The
cofactosused to make the enzyme active are generaltyposed ofmetal ionswvhich binds tightly

to the enzyme. In some cases, an organic molecule can be used to activate the enzyme then the
cofactoris calledas a coenzyme. If the cofactor is tightly bound to the enzyme, then it becomes
difficult to remove the cofactor without deaging the enzyme. In that case the enzyme and the

bound cofactor isermed as prosthetic group. To summarize diagrammatically,

Organic molecule
/ (Coenzyme)

Inactive protein (Apoenzyme) + Cofactor i
P poenz f ™~ Metal ion

(Holoenzyme)
Enzymes

N

Active protein

Enzymes exhibit chemical and stereochemical specificity with respect to both substrates
and products. To achieve such dfieities, enzymes require at least three different points of
interaction between the enzyme and the substate. Different substrates bound at different rates to
the enzyme at specific sites to form an enzgulestrate complex in which reacting groups are
hd d near each other and to cat aD straciure which t e s .
contains the substratei ndi ng sites, and the catalytic sit

The activity of an enzyme to act on a particular substrate is detsinip direct
consequence of the amino acid sequence involved in their mg&euiccording to the Fischer
lock-andkey hypothesis, the active site has rigid structural features which are complementary to

those of each substrate. In contrast, the Koshtahdtedfit hypothesis suggests that at least some
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active sites are flexible, possessing a structure complementary to that of a substrate only when the
latter is bound to the enzynfig]. These models can explain some aspects of enzyme specificity,
but do ot suggest any mechanism for driving forward the enzgatalyzed reactioMhestability

of enzymebound transition stat®hich would have to be formed appears to bertbset important

factor in determining whether an enzyme will act on a particular rsués) to produce a
products)[8].

2.2. Brief history of enzymes.

Humanods us etospeed ep z p medatssbacioto the earliest times of
civilization. Important human activities in primitive communities such as the production of certain
typesof foods and beverages, and the tanning of hides and skins to produce leather for garments,
involved the application of enzyme activities, albeit unknowinglgwever, not until the 19
century with the development of biochemistry and iteovative work of several eminent
scientists and engineers, the nature of enzymes and howpbegtebegin to be clarified9]. In
1833,two scientistfrom France Anselme Payen and Jekrancois Persozxplainedhe isolation
of an amylolytictype enzymdoy incubatingbarley[10]. Shortly afterwards, Jons Jacob Berzelius,

a chemistfrom Swedencoined the term catalysis in the year 1836 to describe the property of
certain substances increase the rate of chemical reactifhl. In the yearl836, a German
physbplogist, Theodor Schwann discovered the digestive enzyme pepsin and soon after Wilhelm
Kuhnecoinedt he t er m theyealg/mM@Eh 13l nl n t he 18806s, Chr |
chemist from Denmark ucceeded i n obtaining p.Uheeuseroennet
which in cheesenaking resulted in considerable improvements in both product quantity and
quality. Shortly thereafter he industrialized the production of rennetldading tothe first

industrial production oénzyme [14]. In the year 1897he brothers Hans and Eduard Buchner
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from Germanydemonstrated that the transformation of glucose into ethanol could be carried out
by enzymes present in cditbe extracts of yea$l5]. Eduard Buchnewon the Nobel prize in
chemistryfor hiscontribution towards fermentation in the year 1907.

The field of sciencedvanced dramaticallyuding the 28 century JamesSumner in the
year 1926 crystalized urease from Jaelan extracts which led the way to obtaining enzymes in
purified and crystdized form[16]. He later won the Nobel prize i®946.0ncemethods to obtaine
pure enzymes were available, it paved the way for the development of procedures for their
i ndustrial production and use. The 19Wma&@xds wi't
impact on the enzyme industry; (1) the commercialization of glucoamylase which catalyzes the
production of glucose from starch with much greatificacy than that of the chemical prase
involving acid hydrolysis, and (2) the launch of the firstyanatic detergents. Thadvancement
of genetic engineering in the isd&idh@rédsctiomnandvi ded
commercialization of newobustenzymes thus seeding a second explogisreeto the current
billion-dollar enzyme indusyr[17, 18]
2.2.1 Biocatalysis in the 2lcentury

In order to address the challenge of increasing carbon footprint, the chemical industries of
the 2% century intends to produce very complex reaction products in a sustainable way to take
account of pubt demands in relation to pharmaceuticals, food, and fine chemistry companies.
One such cleaner and sustainable approach is through deployment of enzymes as industrial
biocatalyst§19]. Enzymes are considered as biocatalysts because they are biodegogaabte
at mild temperature and pH and the products derived ar¢domanin nature. Enzymes are also
highly selective and specifitiowever, they exhibit disadvantageous behawioen it comes to

large scale manufacturing processes on account of expense, stability, and inactivation due to
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operating condition$20]. Table 2.1represents all the milestones and major developments in
enzymatic biocatalysid 3].

Recent advaneeentin X-ray crystallogaphy and other analytical methods in the field of
protein chemistry along with the eviicreasing amounts of biological information available from
genomics programs and molecular techniques such as directed evolution and gene and genome
shuffling, are binging powerful means to bear on the study and manipulation of enzyme structure
and function. The search for improvements in existing enzyateyzed procedures, the need to
develop new technologies and the increasing concern for responsible use andf reage
materials can be expected to stimulate not only the rational modification of enzymes to match

specific requirements but also the design of new enzymes with totally novel projadrties
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Table2.1. Major milestones timeline in enzymology and biocatalysis.

Year Major developments

1833 Discovery of enzymes

1894 Lock and key model

1905 Discovery of cofactors

1913 Michaelis-Menten kinetics

1926 Discovery of enzymes are proteins

1950 First immobilization of proteins

1958 Induced fit model

1970 ProducFipn of high frqctose corn syrup using
immobilized glucose isomerase

1972 First immobilized enzyme based industry (Bayer)

1991 Directed evolution

1992 Enzyme nomenclature

1997 Lipase process to produce chiral amines

2002 Biodiesel production using enzyme as catalyst

2016 Engineered C-Si bond forming enzymes

2020 Nine enzyme cascade to produce islatravir

2.3. Enzymes: Market growth, general applications, and classification.

The global enzyme market size was valued at 9.9 billion USD in 2019 and is expected to

grow at a steady copound annual growth of 7.1% from 2021 to 2027. These enzymewany

divided into three categoriesdustrial enzymes, food enzymes and animal enzyf@és 23]
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Applications of enzymes are diver$e nature they are used mainly in biochemical and
biotechnology systema/arious enzymes are used in the food industries to manufacture various
food products including dairy products, bakery products, meat, and beverages such as fruit juices,
beers, and wineélable 2.2represents various enzymes used in the food industry with respect to
their notable application24]. Industrial enzymes findits application in cleaning products,
production of ethanol, textiles, researgenetics,and paper industr{22]. Apart from tlese,
enzymes are also used as markers for diseases, as tools for diagnosing diseases, as antioxidants,
as therapeutic agents, as sources of biofuels, as analytical and clinical reagents, and in
immunoassays and pharmaceuti¢at.

There are uncountableimber of enzymes available in nature and about 75,000 exist in
human body, but approximately only 2000 different enzymes have been identified and structured
[26]. Due to the lack of consistency in the nomenclature, it became apparent as the list of known
enzymes rapidly grew that there was a need for a systematic way of naming and classifying
enzymes. An enzyme commission (E.C) in 1992 was appointed by the International Union of
Biochemistry, where they classified enzymes into six main classes, baseel tmatlreaction
catalyzed27]. Each enzyme was assigned a code number, consisting of four numbers, separated
by dots. The first digitn the codeshows to which of the main classes the enzyme belongs, as

shown inTable 2.3
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Table2.2. Variousapplication ofenzymes in food industry.

Enzyme Application
glline Elilgrirolgézqr:zing, starch liquefaction, quality
Glucoamylase Brewing, high glucose and high fructose syrups
Protease Brewing, coagulation of milk
Lactase Producing lactose free products
Lipase Cheese production and flavor development
Esterase Flavor and fragrance enhancer in fruit juices
Cellulase Animal feeds and clarifying fruit juices
Glucose oxidase Shelf-life improvement
Catalase Food preservative
Peroxidase Flavor and color development

Table2.3. Different enzyme classes with respect to type of reaction catalyzed.

First digit Enzyme class Type of reaction catalyzed
1 Oxidoreductases Oxidation/reduction reactions
Transfer of an atom or group between two
2 Transferases molecules (excluding reactions in other
classes)
3 Hydrolases Hydrolysis reaction
Removal of a group from substrate (not
3 Lo by hydrolysis)
5 Isomerases Isomerization reactions
The synthetic joining of two molecules,
6 Ligases coupled with the breakdown of
pyrophosphate bond in a molecule
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The second and third digits in the cddeher describe the kind of reaction being catalyzed.
There is no general rule, because the meaning of these digits is defined separately for each of the
main classedVithin the scope of the current topic, classification 3 (hydrolases) is the focus of th
dissertation. These enzymes catalyze hydrolytic reactions of the form given below and are further

branched according to the type of bond hydrolyzed as shoWabie 2.4

A-X = H,0 —— X-OH == HA

The third digit further describes the type of bond hydrolyzed. Thus, E.Ceéhdyins are
carboxylic ester hydrolases, E.C.3.1.2 enzymes are thiol ester hydrolases, E.C.3.1.3 enzymes are

phosphoric monoester hydrolases and E.C.3.1.4 enzymes are phosphoric diester hydrolases.

Table2.4. Significance of second digit with respect to bond hydrolyzed

Second digit Bond hydrolyzed
1 ester
2 glycosidic
4 peptide
5 C-N bonds other than peptides

2.4. Biocatalysis using lipases.

Lipases (triacylglycerol hydrolase E.C.3.1.1.3) are a class of serine hydrolases with
excellent catalytic properties and have been well studied as biocataly®ter80 yearsbecause
of their unique physiochemical behavior and ability to catalyze complex reactions at mild

operating temperature and press|28]. They are remarkably effective in catalyzing versatile
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reactions, such as hydroly§29-31], esterfication[32], interesterificatioi33], transesterification

[34], aminolysis[35], acidolysis[36], perhydrolysig37], alcoholysis and €€ bond formation

[38]. The natural substrates of lipases areomgin triacylglycerols, which have low solubility i
water; and the reaction is catalyzed at the {ipater interfacg¢39]. Lipases use water molecules

to split triglycerides to create two daughter products (free fatty acid and glycerol) by fixing the
hydroxyl group {OH) and the hydrogenH) from watermolecule Figure 2.1 demonstrates how

lipases work.

Products

|
LD
S
IS
K

Glycerol ~ Free fatty
Active site \ — acids

——an
!.

Enzyme -
Substrate

by

Currently, lipases dominate the market of industrial enzymes, accounting for 70% of all

Figure2.1. Lipasecatalyzed triglyceride hydrolysis

processes carried out in biotechnology applicatif#®s 40] These include dairy products,
detergents, pharmaceuticals, chemicals, agriculture products, oleochemitatedical devices
[41-45]. Table 2.5represents industrial applications of microbial lipag 47] Lipases as
biocatalysts are highly selective, commercially available from many vendors and requires no

cofactors to operate. They may be used to pre@nantiomerically pure chemicals and synthetic
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intermediateq48], therefore its production and utilization are better alternative to chemical

catalysts.

Table2.5. Various ndustrial applications of lipases

Industry Action Product or application
Detergents Hydrolysis of fats Removal of oil stains from fabrics
. Hydrolysis of milk, cheese .
P ripening, modification of butter Flavoing
Bakery foods Flavor improvement Shelf-life prolongation
Beverages Aroma improvement Beverages

Food dressings
Health foods
Fats and oils

Chemicals
Pharmaceuticals
Cosmetics
Leather

Paper

Quality improvement

Transesterification
Transesterification and hydrolysis

Enantioselectivity, synthesis
Transesterification and hydrolysis
Synthesis

Hydrolysis

Hydrolysis

Mayonnaise, dressings, whippings

Healthy foods

Cocoa butter, margarine, fatty
acids, glycerol

Chiral building blocks, chemicals
Specialty lipids, digestive foods
Emulsifiers, moisturizers

Leather products

Quality improvement

Lipases are biocatalysts derived from plants, animals, miodatseria,or fungi[49] and

are considered biodegradable and-teqc to the environmeri50]. Table 2.6compares the lipase
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based splitting process to conventional splitfingcess, highlighting some of the advantages and

disadvantages.

Table2.6. Comparison of lipase process with conventional fat splitting processes

Conventional process

Parameter Lipase process
Alkiiliie firosess Continuous splitting
process
Triglyceride Triglycerides are Triglycerndes e
. 5 . converted to free fatty
content in raw converted to free fatty | Soap formation i
material acids

Water content in
the raw material

Yield

Reaction rate

Glycerol
recovery

Catalyst
recovery and
reuse

Energy costs

Catalyst cost

Environmental
impact

It is not deleterious for
lipase

High, >80%

Low

Easy, high grade

Easy if immobilized

Low, 20-50°C
High

Low; wastewater
treatment not required

More soaps formation
High, >96%

High

Complex, low grade
Difficult, mostly lost

in post processing
steps

Medium, 60-80°C

Low

High; wastewater
treatment required

Does not affect
High, >98%
High

Easy, low grade

No catalyst involvdd

High, >200°C
No catalyst involved

High; emissions

Microbial lipases are often preferred over enzymes derieed plants or animals because

of the great variety of catalytic activities available, the high yields possible, active in organic

solvents, ease of genetic manipulation, regular supply due to absence of seasonal fluctuations and

rapid growth of microorgaems on inexpensive medja2, 51-54]. Microbial lipases are often
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divided into two based on regioselectivity with respect to the acyl chains of the triglycerides: Sn

1,3 regiospecific (Example: lipase derived frdRhizomucor miehgior nonregiospecific

(Example: lipase derived fron€andida rugospa Table 2.7 represents some of the notable

industrial microbial lipases and their respective application along with their enzyme manufacturing

company [46, 55] However, often standardizing methodologies for kEgaslerived from

microorganisms become difficult since their properties depends on the genus and species of

microorganism used to derive.

Table2.7. Industrial application of microbidibases

Type Source Application Enzyme manufacturing company
Candida ; > Amano, Biocatalysts, Boehringer
Fungal Organic synthesis . .
rugosa Mannheim, Fluka, Genzyme, Sigma
Candw?’a Organic synthesis Boehringer Mannheim, Novo Nordisk
antarctica
Thermqmy sy Detergent additive Boehringer Mannheim, Novo Nordisk
lanuginosus
hazgmugor Food processing Novo Nordisk, Biocatalysts, Amano
micehei
Bacterial Burkho/a.'erla Organic synthesis Amano, Fluka, Boehringer Mannheim
cepacia
Pseua’gmonas Detergent additive Genencor
alcaligenes
Pseudonpnas Detergent additive Genencor
mendocina
Rhododendron

viscosum

Organic synthesis

Asahi, Biocatalysts
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2.5. The concepof interfacial activation.

As previously described, the natural substrates are insoluble lipid compounds prone to
aggregation in aqueous solution. Lipases exert their activity on the carboxyl ester bonds of
triacylglycerol. In 1958two scientistdrom FranceSarda and Desnulle describest@epncrease
in the lipase activity at substrate concentration exceeding their solubility threshold as being the
major difference to the estera$g6]. Since then, the formation of an interface between agtgdg
substrates along with their respective agqueous solution has been recognized as necessary for the
activation of | ipases. This behavior is known
behind this concept was elucidated years later #feefirst threedimensional (D) structures of
lipase were derivefb7]. Studies conducted on theD3structures of lipases revealed that the
enzyme active sites are shielded from the sol
that musbe displaced upon interaction with the substrate/water interface in order to yield an active
enzyme conformation with the catalytic center accessible for the substrates [6&nkéwwever,
this movement due to the presence of a hydrophobic substestediochange the final properties
of lipases, such as specificity or selectivity. These propertiesonly bemodulated by genetic
manipulation or physiochemical modifications (including immobilizati&$)]. The mechanism
of lid opening varies betweeipases but in all cases leads to the creation of an open, accessible
active site and a large hydrophobic lipid binding site. Lipases without a lid or with a lid but no
interfacial activation have also been descrig&] 60] To date, the broader definitiof a lipase
as carboxylesterase catalyzing hydrolysis and synthesis of long chain acylglycerols is generally
accepted and seems to be adequate to describe all known lipases. It specifically refers to the

behavior of enzymes on insoluble substrates, thouist be recalled the most lipases are active
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also on soluble esterase substrates. Inv@ter conditions, the reverse synthetic reaction is
favored, leading to esterification, alcoholysis and acido[#dip

Research has shown that, lipases in agusoligion exhibit two conformation, the so
called fAopen conformationo and Acl osed confor
each other favoring more towards the closed conformation. However, upon contacting with
hydrophobic substrates (oil deyp the lipases get adsorbed onto the substrate favoring open
conformations, permitting the substrates to ef®@]. Figure 2.2 shows the conformational

equilibrium in aqueous solution and interfacial activation of lip§&éls

Active site
Aqueous media .

d-V-¢

Closed Open
conformation conformation Interfacial activation

émll,sqns o1qoydoipAy jo doi(q

Figure2.2. Conformationamobility and interfacial activationf lipases

2.6. Structural fold of lipases.

All lipases display the same structural architecture, the aol | ed U/ b hydr ol a
have identical catalytic machineries. The original description of this fold was based on the
comparison of the -B structures of hydrolases mostly unrelated in ghenary sequence and
active on substrates very different in structure, one of which was fungal [g&s&ll lipases

whose 3D structures were latesolved were found to bexisting similar structural fold_ipases
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of known 3D structure are currentliassified by thé&tructuralClassification of @roteins (SCOP)

database into different families based on the elements of the basic fold that they contain:

acetylcholinesterasike, gastric lipase, lipase, fungal lipase, bacterial lipase, pancrease Iib

terminal domain, and cutinatike [64]. Generally,n U/ b hydr ol aiseomposet he ac

of a catalytic triaccontaining anucleophile, an acidic residue, and histidseggestiveof that of

serine proteases but with different order in segquencef nucleophileacid-histidine[63]. The

catalytic triadof lipasesis composed of seringer) aspartat€Asp) or glutamate and histidine

(His) (seeFigure 2.3, with the serine enclosed in the consensus rasfifreviouslydescribed

which formsa sharp turn (the nucleophile elbow) ina strammtth e | i x mot i f i n str.;

forces the nucleophil eand yadtooffs].iuonnu saunag! emai n
Hydrolysis oftriglycerideby lipasedollows a twastep mechanism. The nucleophilicity of

the active serine is enhanced by transferring a proton to the catalytic susceptible ester bond. A

tetrahedral intermediate is formed carrying a negative charge on the carbonyl oxygen atom of the

scissie bond and it is stabilized through hydrogen bonding to +tiaén NH groups. The proton

on the histidine is then transferred to the ester oxygen of the bond that is cleaved and a covalent

intermediatas formedwith the fatty acid from the substrate esited to serine. The second step

of the reactiortorresponds tdeacylation of the enzyme through a water molecule that hydrolyses

the covalent intermediate. In this case, transfer of a proton from water to the active site (serine)

produces a hydroxide iofOH) that attacks the carbonyl carbon atom in the substratgme

covalent intermediate. In addition, the negatively charged tetrahedral intermediate is stabilized by

hydrogen bondéH) to the oxyanion hole. Finally, histidine donates a proton toxiigem atom

of the active serine and the acyl component is rele@&ddFigure 23 showsthe mechanism of

lipase catalyzed triglyceride hydrolysis with respect to the catalyticitnadved[65, 66]
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Triacylglycerol Acyl-enzyme intermediate Fatty acid
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Figure2.3. Two-stepmechanisnto demonstrat@pasecatalyzed triglyceride hydrolysis

2.7. Kinetics of lipase catalyzed reactions.
Most of the homogeneous enzyme catalyzed reactions follow Michiadienten (MM)
kinetics[67]. Homogeneous reactions involving single substrate or pseudo single substrate enzyme

catalyzed reactions follows the genergliation given below,

kl k7
Ede ST—— ES——E=+ P
k.,

Where, E $ the enzyme, S is the substrate, P is the product and ES is the enzyme substrate
complex. E is recovered at the end of the reaction, as expected from any catalytic reactions. The
rate of formation of ES at any time ki[E][S], where [E] is the concentian of free enzyme and
[S] the concentration of free substrate at tim&lso, at timet, the rate of breakdown of ES back
to E and S = K[ES], where [ES] is the concentration of enzysubstrate complex.

The assumption on which Michaelidenten kinetis is based is that an equilibrium
between enzyme, substrate and enzgmigstrate complex is almost instantly set up and
maintained, the breakdown of enzysigbstrate complex to products being too slow to disturb this

equilibrium [68]. Based on this assunmm, therefore, HE][S] = k1[ES]. After a seres of
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mathematical modification and steady state assumption by BrAggang69] the final equation

was derived to be,

C4

(2.7.1)

Where,v is the volumetric rate of reaction ané s the MM constant, which is given by,

v E— (2.7.2)

Km values are calculated using linear plots of this equation mentioned above (Lineweaver
Burk plot). The main drawback of M equation ighat it is derived with respect to single substrate
homogeneous equations.

Lipase systems are complex systems with biphasic characteristics and the reaction is
catalyzed at the interfacklence, interfacial area plays a major role in determining lipased
catalysis for biphasic systems. Historically, numerous models have been developed to predict
kinetics of interfacial catalysis by lipase. The mechanism of lipatsdyzed triglyceride
hydrolysis at the triglyceridevater interface proceeds in theseps, 1) enzymes [E] gets adsorbed
at the oitwater interface [I] following Langmuir type adsorption equilibrium followed by, 2) the
formation of [ES] complex involving MM mechanism and then 3) products of hydrolysis are
formed followed by 4) desorptiorf products from the enzyme. Marangoni in 2003, proposed that
ratelimiting step was the formation of products (step 3) and that step 2 was very fast compared to
step 1[70]. The reaction scheme for lipasatalyzed triglyceride hydrolysis at low triglyceei

concentrations followpr1, 72]
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k,
E == Freesite .—/— E*
kq

kl )
E*+ Q¥ o ES*—— E* + D*+ A%
k,

D* D == Free site

A* —/—— A == Freesite

Where, E, D, and A stands for enzyme, diglyceride, and free fatty acid molecules at the
bulk aqueous phase (E + A) or bulk oil phase (D). E*, ES*, S*, D* and A* represents the same at
the oilwater interface. Fregite is the available site at the-wiiter interface andakka, ki, k1, k2
are rate constants of enzyme adsorption and desorption, esszysieate formation and
dissociation and product formation, respectively. By makingass balance for biphasic system
with assumption of [&] = [E] + [E*][IA] and serious mathematic deduction, Sunan et al

modified the MM equation td71],

§) — (2.7.3)

Where, vi is the initial rate of hydrolysis,mi.ais the maximum initial rate at given
interfacial area, U i theihtefacialff@ity coastante lke Atncent r
fixed interfacial area, the aboeguation is modified to,

0 —h (2.7.4)

Where, Whaxe= K2[E*] maq{lA] is the maximum initial rate corresponding to saturated oil
water interface. The above equation demonstratesvitlaat a function of [E: should reach an

asymptotic maximum value which is directly proportional to fi=#]It can be concluded fromeh
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model that the reaction rate at the interface can be significantly increased by simply increasing the
interfacial area in the eivater emulsion. However, studies have shown that increasing interfacial
area causes lipase to denature due to operationditioms and stress experienc@dce enzymes
are susceptible to changes in environmbahce there should be an optimum between [F&h
Denaturization associated with enzymes due to changes in microenvironmofen sssociated
with protein folding,protecting the active site or destruction of protein in adverse condidans [
42].
2.8. Lipase derived fromCandida rugosa.

The lipase chosen for this study was derived from the microorga@iangda rugosand
is capable of catalyzing fatty acids at all position1st3) of glycerol backbone at mild operating
conditions (room temperature and neutral pHl)]. They are of etxeme importance to industrial
applications involving enzymatic approaches since they exhibit high activity and versatility in its
class[75]. Lipase derived fronCandida rugosaare glycoproteins composed of 543 amino acid
residues with molecular weight 60kD andare encoded tthe LIP gene family and have shown
to exhibit 8 different isoenzymes (LIRAP8) [76, 77] Irrespectively, all LIP isoenzymes secreted
shows activity towards most of the substrates of different chain length and in aqueous solutions
exhibit, closed (Ainactiveo) and open (fAactiywv
the oilwater interfacgd78]. Hence, a high interfacial surface area in the oil/water emulsion is
desirable to encourage fast overall reaction rates as shaeotion 2.6Figure 2.4 represents the
structure of lipase derived fro@andida rugosashowing the lid and the tunnel leading to the
active sitgd75]. Thel i d i s c ehalipes anethe actie sité is composed of a catalytic triad

of SerineHistidine-Glutamate (SeHis-Glu) residueq79]. The hydrolysis reaction takes place
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after the substrates are attached to the active site in two steps; acylation of Ser followed by

diacylation of the lipase and release of fatty af3g.

Lid

Active site
Active site

Cartoon representation Surface representation

Figure2.4. Structure of lipase derived froB@andida rugosa

Most of the commercially produced lipases derived fildamdida rugosaconsists of a
mixture of three LIP isoenzymes (LIP1, LIP2 & LIP3) with LIP1 contributing toertban 80%
of the makeu79]. Lipase derived fron€andida rugosan agueous media finds its application
in hydrolysis reactions and synthesis of various esters and in low or no aqueous media they are
used in applications involving esterification, alcoholysis, acidolysis, aminolysis, interesterification
and transesteitfation reaction§75].
2.9. Industrial applications specific to lipase derived fromCandida rugosa.

Currently, lipases dominate the market of industrial enzymes because the enzyme
preparation involved, and the products derived are considered safe to headth and the
environment. Commercially available lipase derived frédandida rugosas the most utilized

enzyme in biotechnology applications. Their industrial applications are diverse ranging from dairy
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products (cheese recovery, flavor enhancemaenhtila® production of enzyramodified cheese),
detergents, pharmaceuticals (ibuprofen, naproxen), chemicals, agriculture products (pesticides,
insects), oleochemicals (fat and oil hydrolysis, and the synthesis -ofete#ogents), to medical
devices (biosenss)[41-45]. Table 2.8represents notable industrial applications and other process
that shows potential for industrial application of commercial lipase derived@amdida rugosa

[22, 81-89].

Apart from the noted applications in Table 2.8, lipase ddrivem Candida rugosare
alsoextensively used in biosensors. Biosensors are devices composed of a Biological Recognition
Element (BRE), in this case lipase derived fr@andida rugosaand a sensor element. Lipase
based biosensors are used to identifyugtidal contaminants such as pesticides and water
pollutants [90]. Research into biosensors using lipase derived f@andida rugosahas
successfully detected compounds such as diaf@@jndimethyl phthalatfd1], and other organo

chlorine pesticidef92].
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Table2.8. Industrial applications of commercial lipase derived fldamdida rugosa

Target compound | Reaction involved Maxnn.um poss.lble Application
conversions achieved
Oleochemical industry
Soaps, detergents,
Various fatty acids | Hydrolysis 88% personal care products,
cosmetics
; Cosmetics
0 )
Glycerol Hydrolysis 88% D
Food and flavor industry
Butyric acid Hydrolysis 75% Dairy flavor enhancer
Orpega—3 Tty Hydrolysis 84% Health beneficial
acids
Linoleic acid Hydrolysis 47% Flavor precursor
: Flavor & fragrances in
L-Menthol Hydrplym; & 42% & 48.8% beverages, toothpaste,
esterification ;
cosmetics
Geranyl propionate | Esterification 47% Floral
Pharmaceutical industry
S-Atenolol Acetylation 42% - blocker
S-Ibuprofen Esterification 31% Anti-inflammatory drug
S-Ezetimibe Hydrolysis 50% Reduction of cholesterol
S-Naproxen Hydrolysis 49% Anti-inflammatory drug
, BB . Treatment of heart
0
Dihydropyridine | Hydrolysis 22% Pe——
Other (not yet industrialized applications)
vp-Lactic acid Hydrolysis 73% Food, cosmetics
Methyl oleate Esterification 79% Emulsifiers, detergents
ROl X Transesterification | 95% Biodiesel
esters
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2.10. Specific aims

Lipase derived fronCandida rugosare versatilén catalyzing variouprocesseandthey
show promising potential folarge scale commercializatioior fat/oil modification through
hydrolysis. Howevenvhen used in agueous formekhibitslow thermal stability, activity limited
to a narrow pH rangand sensitivity to higher shear forces. These factors contribute to less than
favorable process economics for lipdsesed fat splitting processes. Hence, there is a need for
enhancing lipaseatalyzed process using methods such as immobilization or proces
intensificationtechniques The studies and results presented in thssertationare specific to
commercial lipase derived fro@andida rugosavhich was sourced from Sign#edrich (United
States) in crude lyophilized form, and it is not compared withaher commercially available
lipases across the worl8igmaAldrich is one among the leadimganufacturer andistributer for
lipase derived fronCandida rugosas shown in Table 2.7. Before any studies, it was necessary
to prepare uniform aqueous siduns from lyophilized lipaseusing solubilization technique since
crude lyophilized lipase is prone to impuritids was also important taestablish areliable
technique for quantifying proteims an aqueous solution
2.11. Experimental section
2.11.1. Materials

Crude lipase from the yea€andida rugosdEC 3.1.1.3, triacylglycerol acylhydrolase)
(SigmaAldrich, United States), was obtained in lyophilized form with a reported specific activity
of O700 wunit/mg solid baapH&.aand 27°Ct firdteqnlassakie r i d e
with bovine serum albumi(BSA) (2 mg/mL) as standard with Coomassie2® dye
(ThermoFisher Scientific, USA) using UVis spectroscopy (Genesys 10s spectrometer,

ThermoFisher Scientific, United States) were usedntalyze total protein concentrations in the
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agueous solutions. Deionized water ugedhe studywas producedrom a WATER PRGRO
water system (Labcon¥, United States). 0.1 MpH 7.4phosphate buffer saline was used as
solvent for solubilizing crude lyahilized lipase. All experiments were performed in triplicates and
the results are reported as the mean of this value and the standard deviation.

2.11.2. Determination of protein concentrations.

Historically, a variety of assays to quantify total protem®iological samples have been
incorporatedColorimetric protein ssays such as Bicinchoninic acid (BCA), Bradford, and Lowry
have been commercially used to determine total protein concentrations in agqueous $6Rjtions
The Bradford assay to quantiyoteins has proven to be fastfective,and cheap with a detection
limit of 20-2000 pg/mL[94]. Hence, proteins were quantified using spectroscopy in accordance
with the method outlined by Bradford (1976), using bovine serum albumin (BSA) as stardlard an
commissive &50 as a protein binding dye. This dye binds only to the proteins in solution via
ionic interactions between the sulfonic acid groups of the dye and the positive protein amine
groups. This shifts the UV absorbance to 595 nm. The amountiotilatye is proportional to the
concentration of protein available in thgueousolution and is not hindered by other components
present in the solution. Hence, this dye can be used to quantify proteins even when other chemical
agents are presefas].

2.11.3. Preparations of aqueous lipase solutions.

Aqueous solutions (%wt/v) of lipase were made up by mixing a known amount of
lyophilized lipase powder into 0.1 M, 7.4 pH phosphate buffer saline (PBS) on an orbital shaker
for 1 hour at room temperature (222°C). The orbital shaker waseferred over magnetic or
overhead stirrerim order to minimize&enzymedenaturizatioupon aggregatiodue to shear effects

[73, 96, 97] It was also important to use extremely clean glassware since presence of
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detergentsurfactants could denature the enzyj8®). PBSwasused throughout the study since
literature[99] indicated lipase showed higher solubility in low molality phosphate buffer solutions.
During the solubilization process, care was taken to avoid precipitation since formation of
precipitates could be indicative of protein denaturabioaggregatio96].

2.12. Results and discussion.

2.12.1. Purification of proteins.

Lipaseusedin this studyconsistedf amixturecomposeaf 73%LIP1,8%LIP2 and19%

LIP3 isoenzymes.Studies conductedusing individual isoenzymeshave shown that, LIP1
isoenzymaes twice asactivecomparedvith LIP2 andLIP3 for mediumchainlengthsubstrates,
whereadslIP3 is more activein hydrolyzing shortchainlengthtriglycerides.In orderto purify
theseindividual isoenzymesyariousconventionalproteinpurification andseparatiortechniques
suchas ultrafiltration, precipitation or affinity chromatography are u$£@0]. However, these
techniques are complicated, laborious, tmoasuming and expensive. Hence, many industries
avoid using these technigues and use commercial pi#iseut any purification.

During the dissolution procedure for the crude lipase there was evidence of some insoluble
components as shown kigure 25 (a), which wereassumed to be insoluble impurities in the
form of emulsifiers, stabilizers and otherlstiaing compounds used for lyophilization requiring
removal[101, 102] Thesecompoundsalsointerferewith the Bradford assaywhen guantifying
protein.Thereforetheaqueoudipasemixturesaftersolubilizationwerecentrifugedat B000RPM
for twenty minutesat 10°C (Centrifuge 5810 R, Eppendorf,Germany)to remove insoluble
compoundso obtainuniformfi s epmu r i foorm ef dgiieoudipasesolution[103]. The resulting

supernatant as shownhigure 2.5 (b) was separated and used in subsequent expdgsamen
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(a) (b)

Figure2.5. (a) Showing solubilization of the aqueous lipase solution in 0.1 M, 7.4 pH phosphate
buffer saline solution at 22°®) Showingsemi-purified supernatant at 8000 RPM for 20 minutes
at10°C.

2.12.2. Protein quantification usinghe Bradford assay.

A standard curve as shownHigure 2.6 was established using BSA as standard by varying
the concentration with stepwise dilution using 0.1 M, pH 7.4 PBS buffer. The absorbance data
obtained or various concentrations of the standard were fit into a linear model and the unknown
protein concentration of samples with different lipase loading was back calculated using the
absorbance value obtaindduring the lyophilized lipase solubilization stghe concentration of
total protein in aqueous lipase solution showed variability. The variability depended on the orbital
shakerspeed addition of lyophilized lipase ratapndtime. Hence, all these parameters were kept
consistent and monitored to ava@gperimental errors. The Bradford assay was also conducted at

various temperature in the range R®0°C and showed similar total protein concentrations
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suggesting that protein denaturization on account of temperature increase is not a limiting factor

in determining total protein concentration.

O Experimental
E 0.8 —Linear fit
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o)
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0.2 y = 0.8946x - 0.0252
R2=0.9952
0
0.0 0.2 0.4 0.6 0.8 1.0

Concentration (mg/mL)

Figure2.6. Linear model obtainefibr protein quantificatiorusing Bovine serum albumin (BSA)
as standard using Bradford assay conducted at room temperatttr2°@pmeasurect 595 nm

Total protein concentrations in aqueous lipase solutions obtained aftepw&ication
step using various lipase loadings ah®wn inTable 2.9 The protein concentrations increased

linearly with respect to lipase loading.
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Table2.9. Total protein concentrations in aqueous lipase solution measured after semi purification
using Bradord assay with respect to corresponding lipase loading.

Lipase loading

Yowtiy) | 025 05 0.75 1.00 1.25 1.50 2.00
Total protein concentration | ,,cc 114 0175 0204 0274 0365  0.489
(mg/mL)

All the measurements were done in triplicate and the error was less than 5% in each case.

2.13. Conclusion.

Enzymatic processes are capable of catalyzing complex chemical reactions is an
ecofriendly alternative to conventiongthemicalprocesses. Lipases show promising potential in
catalyzing reactions such as hydrolysis, esterification, interesterificati@nsesterification
acidolysis and alcoholysi¥he use of microbial lipases for the hydrolysis of natural oils such as
triglycende esters is a green alternative to conventional processes to produce higaddaidie
chemicals. However, biocatalysis using lipases in aqueous solutions is limited often by
instabilities, slow kinetics due to mass transfer limitations, and by challehgesnomic lipase
recycling.Hence, there is a need for enhancing lipestalyzed process using methods such as
immobilization or process intensification. In the present study, commnigreizhilable lipase
derived fromCandida rugosdas been recognideas promising biocataly$vr modification of
oils and fatsThe sourced commercial lipase from SigAldrich was solubilized using 0.1 M, 7.4

pH phosphate buffer saline and quantified spectroscopically using Bradford assay.
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Chapter 3 : Immobilization of lipase derived from Candida rugosa.
3.1. Separation conundrum.

Given the classicdWlichalis-Menten M-M) reaction kinetics, the removal of one or more
of the reaction products will drive the reaction forward to produce more p(edtiwreby,
increasing the maximum possible obtainable conversion, as well as increasing the reaction rate.
For the case of ligae-catalyzedriglyceridehydrolysis this involves either the removal fatty acids
or the glycerol cgproduct1]. Over the years, there have been several methods employed for such
types of separatiorig, 3]. However, it iscrucialthat the chosen methosl mot detrimental to any
of the products obtained or to the biocatalyst incorporated. Due to the sensitive characteristics of
enzymes and the nature of the fatty acids, the number of possible techniques for separation is often
limited. The following is a bef discussion of potentially useful methods for effective separations.

Firstly, the extraction of fatty acids from the bulk oil phase by super critical carbon dioxide
[4] and secondly, the use of membrane separation techniques for the recovery dirdipase
glycerol[5].

3.1.1. Using super critical fluids.

One of the advantages of using high temperature, high pressure processes for the hydrolysis
of triglycerides as mentioned in the first chapter, is that the products eluting are alref@]y hot
Therefore, onlya limited amount o&dditional energy is redped for distillation type processes for
separation. Whereagparation ofatty acids produced by a low temperature process such as lipase
catalyzechydrolysis, require a significant amount of energy to be added to obtain the same degree
of fractionation.For those fatty acids, however, which are expected to be commercially produced
by the natural enzyme route, conventional distillation would only serve to degraddahem

Modifications to these standard distillation columns, such as those used -pressure
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distillation, can be used successfully if controlled properly. Such equipment is often used in the
distillation of many natural products as in the removal of vitamins from fisi8pils
One relatively new technology, which uses supercritical flaigsh as ethylene, ethane,

sulfur hexafluoride, neagritical propane and carbon dioxide is gaining increased attention for
biochemical processd9, 10] These supercritical fluids are materials which are above their
critical point and have representedraque class of neagueous media for biocatalysis and bio
separation in ZLcentury. The advantages of using enzymes in supercritical fluids includes the
following [11]:

1 Synthesis reactions, in which water is a product, can be driven to completion.

1 Thesolubilities of hydrophobic substrates are increased relative to those in water.

1 The thermostability of biomolecules in supercritical fluids is greater than in water.

1 The solvent can be readily recycled.

1 Biochemical reactions and separations can be ategiinto a single step.

As mentioned above, reactions which produce water can be made to produce higher

equilibriumconversion by the removal of waté&though this may not be suitable for hydrolysis
In general, supercritical fluids offer several adegeis over conventional solvents as they have a
low viscosity and high diffusivity which leads to significant increases in the rates of mass transfer
[12]. Since the critical temperature of carbon dioxide is “&l.8roblems with the thermal
denaturation ashdecomposition of sensitive products and catalysts is avfil@d This means
that this method is particularly suited to the types of sensitive fatty acids which lipase catalyzed
hydrolysis can produce. Within the area of hydrolysis, supercritical mwalibgide has been used
successfully to extract fatty acids more selectively than triglycerides for the deacidification of olive

oil when using pressures of 280 MPa and temperatures of 360°C[14].
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3.1.2. Using membrane technology.

Membrane processeoffer a useful method for separating the aqueous components

composed of glycerol and lipag#5]. Table 3.1 gives a list of commonly used methods in

membrane separation technology, along with their applicftglnWith respect to hydrolysis, the

sweetwater phase passes through a membrane while the catalyst (lipase) is retained. Sweetwater

is then processed to recover glycg®l17]. Within industry certain productghich are extremely

small are inherently difficult to separate. Such materials irelfidely dispersed solids, low

molecular weight compounds and biological compounds. The processing of these materials has

gained an increased importance for the industry, particularly for the newer biotechnological

processes where product value is high.

Table3.1. Description of ommonly used membrane technology for separation processes.

Process

Driving force

Separation size

Materials separated

Microfiltration
Ultrafiltration

Reverse osmosis
Electrodialysis

Dialysis

Pressure gradient
Pressure gradient

Pressure gradient

Electric field gradient

Concentration
gradient

10— 1 mm

<0.] mm-5nm

<5 nm

<5 nm

<5nm

Small particles, large
colloids

Emulsions, colloids,
proteins

Dissolved salts, small
organics

Dissolved salts

Dissolved salts

Ultrafiltration is a widely used process for separation of protein using pressure gradient

[18]. The solutes retained or rejected by ultrafiltration membranes depends on the molecular
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weights of protein and the membrane size used. This particular type of filtration is fufeanc
for the recovery of lipasender conditions which minimize denaturat{@9]. A major drawback
of use of membrands the rapid decrease in flux, or flow per unit area, due to fo{#tg21]
This is defined as material which is rejected by the membrane and fails to be removed from its
proximity by the shear force the bulk flow imparf&ulants can also gain entry the internal
structure of the membrane leading to pore blockagkfoulntsat the surface can leaditereased
hydrodynamic sheahence fluidmembrane interface playan influential role.The extent of
membrane fouling depends on the nature of thelnane used and on the properties of the process
feed [22]. It is therefore important to choose the proper membrane for the type of separation
required. In the aspects of protein purificatioationic and anionic membranes can be
incorporated to reduce fbng effects [23].For biotechnologicahpplicationspre-treatment may
include prefiltration, ionic strength or pH adjustment or possibly pasteuriZahn

Gan et al., found that for lipase catalyzed hydrolysis, there was a significant drop in flux
when the aqueous phase recovered after a reaction was treated in the ultrafiltration ed@ddment
It was assumed that some of the fatty acids which leached into the aqueous phase were being
absorbed onto the membrane surface, which then became blockes$alted in a dramatic loss
of flux. It is therefore clear that it may be necessary tenead theaqueous phase containing the
lipase. This could be achieved by some sort of chemicatgaément or possibly by pifdtration
with a hydrophobic membne. However, it is expected that as newer membranes become available
that this may be unnecessary.
3.2. Immobilization of enzymes.

Currently, the best method of enzyme recovery and reuse is never to allow the enzyme to

enter the aqueous phaseimmobilizing the lipase on to a solid suppf@5]. Immobilization has
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been used by many researchand industriesis a tool to improve activity, selectivity, specificity,

resistance to inhibitorand product purificatiof26].

Immobilizationis the process ofhysically confining and localizing the enzyme onto a

solid support(carrier)which may provide a more stable physical environment for the enzyme,

resulting in improved recyclability, thermal and chemical stabiligducingconformational

changesSinceenzymes are proteins and they are soluble in water, it is difficult to separate them

once the reaction is over for reuse in batch prease3® overcome this difficulty, enzymes are

immobilized on the carrier materials or inside an insoluble matrix bgwsphysical or chemical

methodq27, 28]

T
T
T

T
1

Immobilization has the following distinct advantages
Expensiveenzymes can be reused

The enzyme density in@articularlocation can be increased
Continuous operations are possible

Chemical and mechanicstiablity of enzymes arenproved considerably
Producs obtainedare not contaminated widnzyme

Easy to incorporate process control techniques

Catalytic process route can be controlled more accurately

Allows development of mukénzyme reaction systems

Effluent disposal problems are considered reduced

In view of the above advantages, immobilized enzymes have become a potential source for

industrial useHowever, there are some disadvantages associated with using immobilized enzyme

systems in the form of

1 Lower enzyme activity compared to native enzymes in aqueous solutions.
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T
T

Additional cost for carriers/supports and immobilization process.
Lower reaction rates compared to native enzymes in aqueous solutions.
Subiject to fouling.

Disposal or recycling cosif spent or damaged supports (carriers).

3.3. Lipase immobilization.

Lipase mmobilization techniqueare divided intofive main groups as shown in tikégure

3.1[29, 30] The divisiors are mostly based on whether the enzymes ewvafinedin a limited

spacgentrapment and encapsulatian)oound tassupportmaterialor with each other (adsorption,

covalent bonding and crodisking) [27, 28, 31] Lipase immobilization has been the topic of

interestin the last decade for several researchers and industrial applications dueabilibeio

catalyze various reactions. Thdrave been over 5000 publicatierfand increasing) on lipase

immobilization using over 1000 different support materials irpte 10 years by utilizing various

immobilization techniquef32].
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Figure3.1. Variousmethods incorporated for immobilizatioh lipases

3.3.1. Entrapment (or Occlusion).

Entrapments one of thesimplest irreversiblephysical process anzymeimmobilization
[33]. The activdipaseis entrappedising a suppornatrix (usually gels, foams and beads are used)
that is insoluble in reaction media this method the support and enzyme does not interact with
one anothef34]. The support acts as a cage for lipdsdhle 3.2summarizes some of the notable
supports used for lipase immobilization using entrapment techfd®40]. Immobilization of
enzymes usintheentrapment method very simple and can be applied mostof theenzymes.

The advantages of this method undd, (1) enzymes aranot chemically modified and (2)
enzyme properties are not alteréthwever, here are certain disadvantagethe form ofenzyme
deactivation during the immobilization protocol and leakage during continuous application

dependhg upon the type of support used. There are aldiffusional limitationswhich cause
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reduced accessibility for the substraide porosity of the supportplays a vital role in this

techniqudg41].

Table3.2. Differentsuppors employed for lipase immobilization using entrapment mechanism.

: - Immobilization
Support Morphology Lipase used efficiency (%)
Carrageenan Particles Burkholderia cepacian 43
Pt vinl Nanofibers Candida antarctica B 75
alcohol)
Poly(vmyl Gel T hezvn(.nm'ces 945
alcohol) alginate lanuginosus
Calcium alginate Gel beads Candida rugosa 97
AGiivated Particles Candida rugosa 95
carbon :
Celite 545 Particles Candida antarctica B 94
Polyurethane Foam [he””(.) HEpees 94
lanuginosus

3.3.2. Ehcapsulation

In this method, the enzyme is trapped within a semipermeable membrane in the form of
microscopic hollow spheregl2]. The entrament method des not affect the activity of the
enzyme A further advantage of encapsulation is that each enzyme is in much closer contact with
the surrounding solution than are those entrapped in the interior d4g@gl$lowever, in some
instances, free radicals geneih during the polymerization procedure may cause some loss of
enzymatic activity. Also, since the encapsulated enzymes cannot escape because of their size, it
follows that a very large substrate will not be able to diffuse in to reach the enZymeshis
method of immobilization may not be suitable for proteolytic enzymes, or for macromolecular
substratesience there has not been many studies with regards to lipase immobilization using this

technique[41]. Even though the micro encapsulation methodasfree from some degree of
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leakage of enzyme, the best advantage of this method is that each enzyme is in much closer contact
with the substrate in the surrounding solution.
3.3.3. Covalent attachment.

In this method, the enzyme is attached to the saertacirreversible covalent bond
formation via certain functional groug25]. The enzyme functional groups most linked by
covalent bonds to a carrier (support) are fe®r b- amino groups, busulfhydryl, hydroxyl,
imidazole or free carboxyl groups majyso be involved44]. Figure 3.2 shows some of the
commonly used water insoluble support materials for covalent immobilization of eni/bhes
The ®valent bonding method provides more permanent linkage between the enzyme and the
support material. Covahe bonds can be formed under mild conditions, and the active site of
enzyme must remain free from covalent attachments. There is still some possibility for loss of

activity of the enzyme during bond formation mainly because of chemical reptgiion

Covalent attachment

l l

Synthetic materials Natural Iaterials
o l . Agarose
crylamide polymers
: : Cellulose
Maleic anhydride polymers
Dextran
Styrene polymers .
Polypeptides Glas
Starch

Figure3.2. Commonly employed water insoluble supports for covalent immobilization.
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In general, the conditions required for the covalent attachment of an enzyme to an insoluble
support are such that some loss of activity is inevitable. However, very little activity change often
takes place if a covalent attachment is brought about by snafachelation rather than by a
chemical reaction; a wide range of supports such as cellulose, glass and nylon, if treated with salts
of transition metals such as titanium, vanadium or iron chlorides, then washed and dried, can
chelate enzymes; strong miebaidges are formed between hydroxyl oxygen atoms of the carrier
and amino nitrogen atoms on the enzyig. Table 3.3summarizes important supports used for

lipase immobilization using covalent bond formation techn[¢0e 4854].

Table3.3. Different supports employed for lipase immobilization using covalent bond formation.

; Immobilization
Support Morphology Lipase used elficieney (%)
Sepiolite Particle Rhizopus oryzae 79
Polyurethane Foam Thermqny ces 83
lanuginosus
Cellulose Powder Candida rugosa 94
Chitosan-silica Nanocomposites Porcine pancreatic 94
Carbon Wasiohibe Vi hermgmyces 65
nanotubes lanuginosus
Glass beads Beads Candida rugosa 98
Oyl ghyoyl Beads Rhizomucor miehei 90
agarose
Dirvintyl sulforie Beads Candida antarctica B 100
agarose
Superparamagne . .
fic Fe,0, Particles Candida rugosa 100
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3.3.4. Crosdinking.

Immobilization by crosdinking molecules of enzyme is most brought about by the action
of glutaraldehydewh ose t wo al dehyde groups form Schifféd
[55]. Since several free amino groups are likely to be present on each enzyme molecule, a cross
linked network will be formed. This procedure was first used by Quiocho and R¢imaitb64,
to immobilize carboxypeptidase[B6]. Other reagents with two functional groups of relevance to
enzyme immobilization include derivatives of iszo benzidine, which act by means of diazo
coupling .

Although crosdinking between identicadnzyme molecules can result in immobilization
at high enzyme concentrations, it is not an ideal method since many molecules simply act as
supports for others. Hence, crdsiking is often performed in conjunction with other methods of
immobilization. It @n, for example be used to prevent the leakage of enzymes from a polymerized
gel or to trap the enzyme around-imemed polymer moleculgs7]. Also, bifunctional reagents
may be used, not only to link molecules of enzymes to each other, but alsathetmto an inert
support; thus, glutaraldehyde has often been used to attach enzymes to amino groups of carriers
such as aminoethyl cellulose or aminoalkylated porous gl§s8].

Formation of threelimensional networks as a result of intermolecularselioking is also
a feature of glutaraldehyde crdgskage, thus providing more secure bonds between enzyme and
support surface. The role of glutaraldehyde as a bifunctional-linéssy agent and its ability to
form stable intra and intesubunit covaént bonds are also seen as positive features of
glutaraldehyde behavior in this context. Formation of tuliegensional networks as a result of
intermolecular crosinking is also a feature of glutaraldehyde crtiskage, thus providing more

secure bondbetween enzyme and support surface. The role of glutaraldehyde as a bifunctional
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crosslinking agent and its ability to form stable intra and irgebunit covalent bonds are also
seen as positive features of glutaraldehyde behavior in this cfs@¢xAs with any other method
which involves the formation of covalent bonds by chemical reaction,-iné#sg is usually
performed under conditions which cause some loss of enzyme activity.

Historically, there hae been many studies involving crelasking for lipase catalyzed
reactions using glutaraldehyde and other reagdiatisle 34 summarizes some of the notable
studies on lipase immobilized using glutaraldehyde dinksg technique$32, 66G65]. Mbanjwa
et al., studied glutaraldehyde and ethylene diamine in a carrier free system to immobilize
Pseudomonas flurescefws the hydrolysis of mitrophenyl butyrate and showed 65% hydrolysis
activity retention and stable for six cycl¢g6]. Manan et al., studiedmmobilization of
Rhizomucor mieheion chitosan with Zethyl2[3-(dimethylamino)propyl] carbodiimide
hydrochloride as crosslinking agent for esterification reaction of eugenyl benzoate and achieved

higher conversion than aqueous lipase sol6dn 68]
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Table 3.4. Different studiesassociated withipase immobilization using glutaraldehyde cross
linking mechanism

Support Morphology Lipase used I;?tlinc ?:)l:lcl‘zif,l/oo)n
Collogen Fibers Candida rugosa 94
Alginate Microspheres Candida antarctica B 89
Chitosan Nanoparticles Candida rugosa 55.6
Support-free - Porcine pancreatic 40
Support-free - Candida rugosa 76
Octyl-silica-
amino- Particles Candida antarctica B 98
glutaraldehyde
Silica Particles Cangiiaaigasa 80.5
Polyolefin Particles Candida rugosa 65

3.3.5. Adsorption.

Among various tested methodshich use different enzymesupport interactions,
immobilization of lipase via physical adsorption tansolid carrier uppor} has appeared to be
simple, cheap, effective and sustainable. All other methods involve chemical or enzyme
modifications in order to increase bindidgisorption involves binding of enzymes to an insoluble
carrier or support (solids) by van der Waals forces of interaction, ionic interactions and hydrogen
bonding[69]. Other parameters to be considered include enzyme desorption fraupiherts,
formation of enzyme dimers on the support surface;pmmat or multipoint interaction of enzyme
with the support depending on the surface functional groups present, ease of support modification,
support surface area and porosity, ability togmnfin continuous operations, availability and cost

[70]. Table 3.5shows a comparative summary of all the enzyme immobilization techrj@fljes
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In 1916, Nelson and Griffin showed that invertase could be adsorbed onto activated
charcoal without any chaegn enzymatic activity, thus providing the first immobilized enzyme,
although they made no subsequent use §fl}. Since thenmany solid supports have been
accessed foenzymeimmobilization using adsorption techniques.

Lipaseshave a unique mechanim of action called interfacial activation [72, 73]. In
aqueousmedia, a large percentageof lipase moleculeshave their active centercoveredby a
polypeptidechainreferredto asalid, whichmayisolateit from thereactionrmedium(closedform).

In the presenceof a hydrophobicsurface,the enzymebecomesadsorbedon it, fixing a new
structure(so-calledopenform) wherethe active centeris fully exposedthusenablingthelipase
to catalyzethe substrate This idea has been exploited in the pastten yeas to selectively
immobilizemanylipaseson avarietyof hydrophobicsupportdy stabilizingtheir openforms[72,
74-76]. Physicochemical properties of the support including surface area, particle size, pore
structure and type of functional group present on the surface also play a vital role in lipase

immobilization[77].
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Table 3.5. Highlighting the advantages and disadvantagaessociated withvarious lipase
immobilization techniquemcorporated

Immobll.lzatlon Advantages Disadvantages

technique
» Simple and cheap
* High catalytic activity

: » No changes to the native Low stability
Physical ; .
) enzyme Possible loss of biomolecules
adsorption

Encapsulation and
entrapment

Cross-linking

Covalent bonding

» No need of reagents
» Expensive supports can be
reused multiple times

* Protection of biocatalyst

» Allows the transport of low
molecular weight compounds

* Enables continuous operation

 Facilitates enzyme separation
and simplified downstream
processing

» Allows controlled release of
product

Strong biocatalyst binding
Prevents leakage
Decreased desorption
Stability is increased

» Strong binding

+ Stability is drastically
increased

* Prevents elution of biocatalysts

» Flexibility in design of support
material and method

Desorption due to weak bonds

Limitations on mass transfer
Low enzyme loading

Active site is altered
Diffusion limitations
Loss of enzyme activity

Limited enzyme mobility
causes decreased enzyme
activity

Support materials are not
renewable

Expensive
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In general, spports for immobilizing lipase by adsorptiasing hydrophobic interaction
can be classified into twategories, inorganic and organic suppdrterganic supports are often
made hydrophobic using chemical reagents. Minerals, ceranticas, ssilica gelsand bentonite
are the most studied class of inorganic support due to their excellent dispeospm®logical
parameters and porous struct(ir®, 79] They are often modified using various polymers to
enhance immobilization. Metals such as g&d], titanium, zirconiun{81], and aluminunj82]
have also been studied for lipase immobilization. Apart from minerals and metals, activated carbon
as support has been extensively reported in the literi@Blelable 3.6represents notable studies
on lipase immobilization using adsorption techniqueriorganic support systeni34-96].

Various naturally occurring and synthetic polymers have been deployed as supports for
lipase immobilization. Gitosan obtained from chitin by deacetylation is a widely studied naturally
occurring polymer suppodemonstatedfor lipase immobilizatiorand used industrially under the
brand name Chitopedd7-101]. Apart from chitosan, agarose a polysaccharide polymer, is also
studied and used industrially for lipase immobilization marketed under the name Seprablese.

3.7 lists some of the notable studies on lipase immobilization using adsorption techniques for

various naturally occurring polymer suppdi82-107].

76|Page



Table 3.6. Various norganic supports deployed for lipase immobilizatissing adsorption

technique

Support

Lipase used

Catalyzed reaction

Silica nanoparticles
functionalized with octyl
trimethoxysilane

Composite bentonite

Silica modified with
organosilanes

Nanostructured tin dioxide
Mesoporous silica

Sol-gel based on
propyltrimethoxysilane

Mesoporous organosilica

Silica nanowires with
octadecyl groups

Hydrophobic magnetic
particles

Silica functionalized with
cyclodextrin

Steric acid modified silica
nanoparticles

Silica aerogels modified with
methyl group

Mesoporous tin dioxide

Silica coated with octyl groups

Magnetic mesoporous silica

Magnetic Fe;O, nanoparticles

Thermomyces
lanuginosus

Pancreatic lipase
Candida antarctica B
Candida rugosa

Mucor miehei

Candida rugosa

Candida antarctica B

Burkholderia
cepacian

Burkholderia
cepacian

Burkholderia
cepacian

Candida rugosa

Candida rugosa

Burkholderia
ambifaria

Pancreatic lipase

Burkholderia
cepacian

Alcaligenes sp

Synthesis of biodiesel

Hydrolysis of olive oil

Oxidation of cyclic ketones to
lactones

Synthesis of isoamyl acetate
Hydrolysis of 4-nitrophenyl
acetate

Synthesis of vitamin E succinate

Esterification of levulinic acid

Hydrolysis of 4-nitrophenyl
palmitate

Synthesis of biodiesel

Transesterification of palm kernel
oil with ethanol

Glycerolysis of olive oil
Hydrolysis of olive oil

Synthesis of cinnamyl acetate

Synthesis of fatty acid esters of D-
xylose

Transesterification resolution of
racemic aromatic secondary
alcohols

Kinetic resolution of (R,S)-2-(2-
chloro-1-hydroxyethyl)thiophene
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Table3.7. Various naturally occurring organic supports deployed for lipase immobilization using

adsorption technique.

Support

Lipase used

Catalyzed reaction

Chitosan functionalized
different alkyl chains

Hydoxypropyl methyl
cellulose

Octyl agarose

Silk fiber treated with
polydimethylsiloxane

Octyl agarose beads

Cellulose/lignin hydrogel
beads

Hydrophobic silk fibers

Candida antarctica B

Pseudomonas

fluorescens

Candida antarctica B

Candida sp.99-125

Thermomices
lanuginosus

Candida rugosa

Candida sp.99-125

Hydrolysis of fish oil

Synthesis of amino esters

Hydrolysis of R/S methyl
mandelate

Hydrolysis of olive oil

Hydrolysis of methyl mandelate

Hydrolysis of p-nitrophenyl
butyrate

Synthesis of tri-substituted
trimethylolpropane esters

In addition to natural supports, synthetic polymers form a large and varied group of enzyme

carriers with specific reference to immobilization of lipases because of their highly hydrophobic

nature [108, 109] Polypropylenge polystyrene, polyacrylamide, polyethylene and poly(N

methylolacrylamide) have all been identifi@ald used commercialbs suitable synthetic supports

for lipase immobilization for variousmall scale industriahpplications[110-112]. Table 3.8

represents important commercial synthétycirophobic supports used for lipase immobilization

with their respective applicatidin13-120].
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Table3.8. Various synthetic organic supports deployed for lipase immobilization using adsorption
technique.

Support Lipase used Catalyzed reaction
Low density : ; :
polyetiyleme Candida rugosa Hydrolysis of sunflower oil
Epoxy activated acrylic Oundidiaritaretivel Klnetlf: resolution of
beads racemic (R/S)-propranolol
Mesoporous Synthesis of lubricant ester,

Thermomyces lanuginosus

polymethacrylate n-octyl oleate

Production of bio lubricant

Polypropylene beads Candida rugosa bie o i

Poly(urea-urethane) Synthesis of geranyl oleate

Candida antarctica B

nanoparticles and geranyl propionate

. _ . Esterification of oleic acid
Polystyrene particles Candida antarctica B with ethanol
Macroporous acrylic Staphylococcus warneri Synthesis of ethyl butyrate

Porous styrene

% Candida antarctica B Hydrolysis of triacetin
divinylbenzene

Synthesis of n-3
Candida antarctica B polyunsaturated fatty acids-
rich triacylglycerols

Divinylbenzene acrylate
polymer

Synthesis of conjugated

Octadecyl methacylate Rhizomucor miehei Taileds acld

In recent years, the rapid development in material scieneerésulted in exploitation of
a range ofunctional groups such as epoxy, amide and aldepsmgpswhich are extensively used
for covalent binding of lipased 21, 122] Among themthe epoxy group was the most used
functional group of carriers. Some epoxy functionalized carseid commerciallysuch as
Immobead 150 Eupergit C and other selfmnade carriers with epoxy group (polymeric
microspheres, magnetic microspheres, sil@aoparticles)provide ideal matrices toenable

immobilization of enzymes since they allow multipoint binding between enzyme and EHi8&er

79|Page



125]. Another important commercially available immobilized lipase is Novozym 435 produced by
Novozymes. Novozym 43 (N435) makes use of Lewait VP OC 1600 resin composed of

poly(methyl methacrylate) crosslinked with divinylbenzene to immobilize lipase derived from
Candida antarcticaB using hydrophobic interactions. They are one among the most used
immobilized enzymen small scale industries for various applicatiorable 3.9represents some

of the industrial application of Novozym 435.

Novozym 435 is considered as the perfect immobilized lipase since it offers high activity,
broad pH stability and shows versatility ieactions catalyzd@3, 126] However, they are very
expensive when sourced and do not offer easy recyclability. The spent support materials are either
discarded or sent back to the company for regenerafiomyme leakage upon continuous
operations forlong periog of time has been reported. This was explained dudipase
immobilization mechanisnbeing adsorptionbased orhydrophobic interactian[127]. It also
demonstratedhibitory effects to large size substrates since the open lid conformat@andida
antarcticaB (CALB) is very narrow for substrates to enter and rdaatay be noted thatALB

by itself isavery expensive enzyme compared to some other enzymes in itEl@@ks
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Table 3.9. Industrial application of Novozym 435 Candida antarctica Bmmobilized onto
poly(methyl methacrylate) resins crosslinked with divinylbenzene

Reaction Substrate(s) Product(s)
Hydrolysis Chiral alcohols and esters Benzoxazole derivatives
Hydrolysis Trans-2-phenylcyclopropyl azolid Traqs-Z-phenylcyclopropyl 1,2.3-

and methyl azolide
Hydrolysis (R)-C5-lipidic dialkylnylcarbinols (S)-C5-lipidic dialkylnylcarbinols
Esterification Propionic acid and benzyl alcohol Benzyl propionate
5 ; Linoleic (LA), conjugated linoleic :
Esterification (CLAY, and pinelenfomeid (PLA) Triacylglycerol
Esterification Stearic acid and ethylene glycol Rilyylens elycoluenostsats
Esterification Stearic acid and cetostearyl alcohol ey (isteanis
: : 2-phenylpropionic acid and 1- :
Esterification s Octyl-2-phenylpropionate
Transe§terlthat10n- @il Trlacylglycerols with medium chain
acidolysis fatty acids
Transesterification-
" Ethyl acetoacetate and 2-
alcoholysis phnylethaol 2-phenylethyl acetoacetate
Aminolysis Calliiosasid anFi (Ro3)r0e Chiral caffeic acid amide
phenylethylamine
Aminolysis Methyl esters and amines N-acylethanol amines
Aminolysis Methyl esters and with propargyl Propargyl amides
amine
Glycerolysis Corn oil Diacylglycerol
Aminolysis Various bulky methyl esters and Chiral amines (1-phenylethylamine)

amines
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3.4. Specific aims

Considering the advantage of lipase and the quelhétng optimum supports for enzyme
immobilization, three commercially available methacrylaésed polymer resins (LifeTelh
ECR1030M, ECR8285, ECR8806M) were identified and quantified for their ability to act as
effective supports for lipase derived rinoCandida rugosaand their potential application in
triglyceride hydrolysis were studiefihesecommercialpolymer resindiave proven to havgood
mechanical integrity, high surface area due to their porosity, ability to perform in continuous
operation, lgh hydrophobicity, presence of surface functional graupsh enhances multipoint
attachments to prevent desorpti@ndare cheapand available in plentj26, 128] They also
exhibit chemical resilience to most substrates andffers easy multipoint immohilization.
Temperature, pH and ionic strength play a vital role during the immobilization. Immobilization
conditions determine the final output performance of the resins and the lipase. Previous study has
shown that lipase derived fro@andida rugosas highly active and soluble at low molarity
phosphate buffer solutions at temperatures close to room tempergtR8ds Hence, these
conditions will be utilized during the immobilization procedure.

The aim of this research was to immobilize lipasewderifrom Candida rugosaonto
recently developedpolymeric resins that are commercially availabéend which promote
hydrophobic interactions between enzyme and support, thus providing an optimal environment for
catalytic hydrolysisThe performance of thesins immobilized wittipasederived fromCandida
rugosawas analyzed and comparday performing vegetable oil hydrolysis in three identical
continuously stirred tank batch bioreactors. Therimal stability and recyclability of the
immobilizedlipasewere also evaluateth each caseProtein sizing was studied usiaglynamic

light scatteringtechnique The physiological properties of the reswere determinedusing,
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Fourier transform infrared spectroscopy {fR), Nz adsorptiordesorption isotherm (BET)
measurementaind scanning electron microsco§EM). Contact angle measurements on the
supports were made to study the hydrophobic and oleophilic nature of these resins. Furthermore,
the effect of presence of chemical modifier agents such as glutaraléeh3aminopropyl
triethoxysilane (APTES), and itaconic acid durthgimmobilizationstepwas also investigated.

3.5. Materials and methods.

3.5.1. Materials.

Mesoporous methacrylate polymer resins (supports) were donated by Lif¢tTECR
Enzyme Immobilization Resins (Puroftt€orporation, UK). The physical properties of the resins
supplied aresummarizedin Table 3.10 Aqueous lipase solutions were prepared and quantified
using the method described in Chapter 2. Mazotgetable oilused agurchased is the main
substrate oil usefdr hydrolysis Otherchemicals used without further modification includeidh
purity phosphate buffer saline (pH 7.4), glutaraldehyem@opropyl triethoxysilane (APTES),
and itaconic acid (SigmaAldrich, United States). Deionized water used was produced in a
WATER PRQRO water system (LabconB United Statesfomprised the aqueous phaséd
experiments were performadtriplicate and the results are reported as the mean of this value and
the standal deviation.

3.5.2. Protein sizing.

Dynamic light scattering (DLS) using a NanoBrook Omni (Brookhaven Instrument
Corporation, United States) particle sizer analyzer was used to measuesithecharacteristics
and the presence of agglomerates of Bpasaqueous solution. The instrument consisted of a
standard 35 mW red diode laser, nominally providing light at a wavelength of 640 nm. The

instrument was operated at a 90° scattering angle using 3 mL polystyrene ceryeippeed with
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temperature conttomodule. Prior to DLS measurements, the aqudpase solutions were

centrifugedat 8,000 RPMfor 4 hours at 1TC [130].

Table3.10. Properties of the three methacrylate polymer resupgplied byPurolite®Corporation
used in the study.

Product Name ECR1030M ECRS8285 ECR8806M
Functional
—— None Epoxy & butyl Octadecyl
Matrix Methacrylate Methacrylate Methacrylate

Appearance | White spherical beads | White spherical beads White spherical beads

Avg pore
diameter (A) B el P S
Particle size 300 — 710 250 — 1000 300 - 1000

range (1)

3.5.3. Lipase immobilization protocol.

Prior to immobilizationthe resinsweresievedusinga nestedcolumnof sievesto obtaina
uniform particlesizeto assuregeproducibility.Resinsretainedonthe510¢ ndiametersievewere
usedin the experimentsSince,the surface of theesins ishighly hydrophobic requiring that, the
surface be Awettedo prior to immobilization.
support particles in 5 ml of ethanol, at room temperature for 30 minutes. This procedure modified
the polymer surface and facilitate#shmobilization [111, 113] 10 mL of the aqueous lipase
solution were added to 1 g of polynresinsalong with 30 mL deionized water in a shake flask.

The contents were agitated for 20 hours at 20°C in an orbital shaker. Separkiauedfresins
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and aqueous lipaseasperformedoy vacuum filtration The percent protein loading onto the resins

was determined by analyzing the aqueous phase for lipase before and after the immobilization
procedure using thBradford protein quantification methotihe uptake of protein was calculated

by mass balance. The resins were then washed with deionized @@teiderable pressure was
applied during washing and filtration step to remove weakly bbpasegto avoid leachingand
untargeted proteirfsom the polymer surface. Measurements shotivatiup tac% of the proteins

were lost duringhe washing stepAfter washing, théoaded resins werdried in a vacuum oven
operated at 30°@r 24 hours

3.5.4. Polymeric support characterization.

Contact angle measurements, to study hydrophobiokaghilic nature of these resins
were carried out usinga goniometer/tensiometerl30-UL Model, Ramé-Hart Instrument
Corporation, United StatesPrior to measurement thiesinparticleswere pressed betwedéno
heated stainlessteel plates held at around 1800°C, in order tgproduceflat sheetof the
polymer. Approximately,7 uL dropof liquid (vegetable oil or deionized watevas metered onto
the surface of the polymesinga hypodermicThe ecific surfae areas (&) of eachresin was
measuredy theBrunauer, Emmett and Teller (BET) adsorption isotherg) {&thnique using an
ASAP 2020 (Micrometrics Instrument Corporation, United States) analyzer. Before measurement,
samples were degassed at 50°C fdrhburs under vacuum to remove loosely held adsorbed
species. The adsorption data were fitted to the BET model to obsairv&ues. Pore size
distribution were calculated using the desorption branches of thsottherms and fitted into
Barrett, Joyner rad Halenda (BJH) model. Fourier transform infrared -(RYT spectra were
obtained on these polymer resins using a Vertex 70 (Bruker, United States) infrared spectrometer.

The polymers were ground up afamedinto pellets for FTIR measurement$:T-IR spedra
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were collected between 4004000 cm® with a resolution of 4 crh averaging 64 scans. Surface
morphology of the polymeric resins was studied using Versa 3D dual beam (FEI Company, United
States) electron microscopy. The resins were sputter coatedjold prior to image processing
using a Q150T ES (Quorom, United Kingdom) sputter coater.

3.5.5. Lipasecatalyzedriglyceride hydrolysigrotocol.

The performanceof immobilized lipase wsmeasured based on the rate of release of free
fatty acid[131] from triglyceride hydrolysis, using vegetable oil as substrate. Previous studies
indicate that a 3:1 ratio of oil to water provided maximum convefdi®8]. Hence in the current
work, triglyceride hydrolysis was carried out by mixing oil, water and imrizaaillipasein a
30:10:1 ratio (weight basis), three250 mL continuously stirred tank batch reactors, equipped
with overhead stirrers (operated at 100 RPM), temperature and pH meters. Reactions were carried
out in triplicate. At periodic timetervals, @proximately0.5 g of the emulsion in the reactor was
taken out and solubilized in 20 mL of 50:50 v/v mixture of ethanol and acetonadditional
effect of adding the solvemtasto denaturdipaseand stop any further reaction from occurring
[132, 133] The mixture was titrated against, 0.05 M NaOH using an Excellence T5 (Mettler
Toledo, United States) auto titrator equipped with an end point titration progsamg
phenolphthalein atheacid-base indicator to measure the total FFA confEme. number of moles
of FFA produced is directly proportional to the amount of NaOH consummgase activity is
expressed in terms of percentagaversion of substrate oil usiag average molecular weight of
vegetable 0ilD900 g/mol (assumé@d134]. The uncertainty in thepercentconversion was
determined by assuming the uncertainty in the volume of titrant equals the standard deviation of

three repeat measurements and then propagating this uncertainty through the calculation of
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conversionThe equationgeading up to the calculation of percent conversion in detail along with
uncertainty calculation are shown in supplementary information.
3.5.6.Recycling studies

The retainedactivity after eachreaction cycle was determined bpnducing a short
hydrolysis reaction over 1 hour using lipase immobilized onto methachdsaed resindit the
end ofl-hourreactiontime, the polymer resins evefiltered using vacuum filtration fitted with
nylon mesh with an opening of 100 um. The resins were thehadasith deionized water for
three cycles (750 mL total volume) to remove residues sticking onto the polymers from hydrolysis
reaction. The resins were then dried overnight in a vacuum oven operated at 30°C after which they
wereused for the next reactiaycle This procedure was repeated for a total of five cycles.
3.5.7.Immobilization in the presence of chemical modifiers protocol

The final set of experiments was performed to determine the effect of the addition of
modifying agents during the immobilizan procedure, on the percent yield of FEAring the
immobilization protocol described above, 0.1 g of the modifying agent, glutaraldehyde, APTES or
itaconic acid were added 30 mL deionized water. Molar concentrations of the modifying agents
during theimmobilization protocol is 0.016 mol/L for glutaraldehyde, 0.015 mol/L for APTES
and 0.025 for itaconic acid. When the modifying agents were added to the deionized water, the pH
of the system substantially changed depending upon the agent that was aaddedit was
important to monitor the pH of the system during the immobilization protocol. The subsequent
performance of the lipase immobilized in the presence of a chemical modifier was determined in

the continuously stirred tank batch reactors as descplaviously in sectio.5.5
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3.6. Results and discussion.
3.6.1.Protein characterization.

Proteinvesicle &e plays a major role in enzyme immobilization siitcéetermines the
final performance of the biocatalyst, in terms of stability and activitgn immobilized onto the
polymer supports. Pore diameter of the supports is another parameter that plays a major role,
generally pore diamete&5 times greater than the size of the proteins is chosen to ensure
conformational mobility and eliminate dif§ion limitations taking place within the pores of the
support[128]. Lipase derived fron€andida rugosan aqueous solutiom highly purified form
should have a hydrodynamic diameter size in the range-80%0in the un-agglomeratedorm
[112, 135] Lipase when highly purified should also shibigher volumetric activity anchinimize
undesired side reactions catalyzed by contamin@wtghe other hand, highly, purified lipase can
be unstable and expensive to produ@ommercially available methacrylag-basedpolymers
should serve as an effective supgdort lipase immobilizatiorsince they havan average pore
diameter in the range of 2850 A as shown ifTable 3.10 However, esults of the DLS
experiments shown iRigure 2, show the averageesiclesize of theproteinin agueous solution
for 0.2 wt% lipase loadingp be approximatel27 nm and 69 nm foa 2 wt% lipase loading
observed in the senrpiurified form. DLSexperiments were also conducted at varying temperature

range (1040°C), and using deiaeed water, which yielded similar results.
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Figure3.3. Variation of poteinvesiclesizes as indicated by intensity measurements by dynamic
light scattering for lipase solutions at@ncentration of 0.2 wt%/v and 2.0 wt%/v.

Since it was observed thatesicle diameter increased as the protein concentration
increased in agueous solutieammobilizationcould be occurring mostly on the external surface
of the polymer supparprevening penetration into the interior pores of the suppld@§]. Figure
3.4 shows he resultsof percent protein loadingn the polymer as a function of protein
concentration in the external aqueous buffer solufiirs could be indicative of proteins not bgi
able to penetrate the surface of the polymer supports. It is also interesting to note that, all three

supports adsorbed almost same amount of proteins (£ 10% within error bars) which is promising
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for comparison studiedlable 3.11represents amount ofrgiein adsorbed by the resins with

respect to per gram of the support for various lipase loading.
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O Epoxy & butyl functionalized (ECR 8285)
40 T O No functionalization (ECR 1030M)

30 + t ; } t ; ; t t t
00 02 04 06 08 10 12 14 16 18 20 22
Lipase loading (%wt/v)

Figure 3.4. Experimental measurements of enzyme loading on each support as function of total
protein uptake: Comparison the thigalymersupport.
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Table 3.11. Variation of lipase uptake with total protein uptake for polymers ECR8806M,
ECR8285 and ECR1030M using 0.1 M, 7.4 pH phospbatier saline solution at 22°C.

Lipase loading
(Yowt/v)

0.25 0.50 0.75 1.00 1:25 1.50 2.00

No functionalization
(ECR1030M) 0.031 0.046 0.077 0.074 0.081 0.104 0.104
(mg of protein/g of support)

Epoxy & Butyl (ECR8285)
(mg of protein/g of support)

0.031 0.051 0.077 0.820 0.081 0.094 0.125

Octadecyl (ECR8806M)
(mg of protein/g of support)

0.030 0.054 0.077 0.083 0.086 0.101 0.109

All the measurements were done in triplicate and the error was less than 5% in each case

3.6.2.Polymeric support characterization: Before and after lipase immobilization

It wasimportant to characterize the polymeric supports in the dried form to assure the
presence of lipase after immobilizatidnpasecould desorb during the washing process since the
main mechanism of immobilization is via physical adsorptiarhydrophobic interactia{137].
Figure 3.5[A] shows FFIR specta for resinsfunctionalized with epoxy and butyl groupgster
lipaseimmobilizationand following the washing processpectraor the resins stilshowed an
intense peak at wavenumber of 1652.9 ‘fynindicating the presence e€ONH- (amide 1)
stretchingas seen m lyophilized lipase spe@ Figure 3.5 [B] shows FTIR specta for resins
functionalized with octadecyl groups which shows intense peak652.9 (crt) wavenumber
and at 1540.3 (cr) wavenumber due to amide | and amide Il stretcHaagilar results wre seen
for un-functionalized resinsThis suggests the existence of lipase on polynresmsatfter the

immobilization and washing processnce these peaks were absent in polymers which are not
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immobilized with lipaseand t he st r et athwitmrgsalts seanrireliteatare ®ri st e
various immobilization suppor{d38-140]. Full FT-IR specta can be seen iRigure S1of the
supplementary informatiof his proveghatthe lipase immobilized onto the polymer resins is not
easily desorbed\2 adsorption data ifable 3.12 show that, aftelipaseimmobilization and

washing, théBET surface area (ffiy) and pore volume (cify) decreass Close investigation of

the BET plos shows that most of the pores less thal &0 diameter disappeared or were filled

after lipase immobilization. Pore volume reduction appears to be less significant in the case of the
larger pores. It is possible that the smaller pores are more reliedywith salts while the larger

pores are more readily filled with seqmirified lipase BET experiments also show that average

pore sizeof the methacrylate resinsicreasedbut was not very significanafter lipase

immobilization This could be due texpansion of thporesafterimmobilization.
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[A] Epoxy and butyl functionalized methacrylate supports (ECR8285)
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[B] Octadecyl functionalized methacrylate supports (ECR8806M)
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Figure 3.5. FT-IR spectrashowing comparsons oflyophilized lipase dry polymer resinsand
polymerresinsat 0.25%wt/v aqueous lipase loading.
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Table3.12. BET surface aremeasurements, pore volumes, and average pore size measurements
at 0 wt%l/v lipase loading and 1.0 wt%/v lipase loadingofaymers ECR8806M, ECR8285, and
ECR1030M.

: g BET surface area Pore Avg Pore Size
Lipase loading
(Sgr1) volume
(A)
Yowt/
(owem) (m/g) (emlg)

Methacrylate resins with no functional groups (ECR1030M)
0 133.6+0.4 0.55 179
1 92.8+0.3 0.42 195

Methacrylate resins with epoxy & butyl functional groups (ECR8285)
0 194.5+1.0 0.62 128
1 145.8+0.6 0.53 145
Methacrylate resins with octadecyl functional groups (ECR8806M)
0 113.9+0.4 0.50 178
1 84.8+0.3 0.42 198

We estimate the uncertainty on the pore volume at 2% of the reported value based on 6 repeat
measurements of a certified standard

3.6.3.Performance of lipase upon immobilization on methacrylate polymer supports

Lipase immobilizedonto methacrylatdased resinsising 0.25%wt/v ofaqueoudipase
loading were chosen to assess the initial comparative performaRegher, aqueou$ipase
solutiors were prepared by adjusting witlphosphate buffer salinégo provide equivalen
concentrations gfrotein adsorbed on the polymeric suppasisigthe Bradford assayrigure 3.6
clearly shows faster reaction rates for lipase when immobilized onto polymer supports compared
to freelipase in aqueous soluti@bservedit room temperature (~22°Cjpase mmobilizedonto

resinswith no functionalization reached a maximum of 36 petgeeld of FFA, functionalized
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with epoxy and butyl groups reached a maximum of 53 peygelatof FFA andfunctionalized
with octadecyl groups reached a maximum of 64 pengetd of FFA around 8éhour time point
and achieved steady statelds over tine Observation with lipase in free solution showaed
maximum of 27 percentield of FFA with achievement of steady state yields of FFA atGbe
hour time point. Overall, better performance was noted for lipase when immobilized on

methacrylate resins fictionalized with octadecyl groap
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Figure 3.6. Hydrolytic performance of 0.25 %wt/v of aqueous lipase immobilized onto
methacrylatebased polymer resins conducted at 22°C: Rate of free fatty pomliction,
comparing free lipase in solution, and for immobilized lipase on each of the polymers ECR8806M,
ECR8285, and ECR1030M.
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The poor performance dipase in free solutionis explained in terms of enzyme
deactivation upon physicatirring, oil droplets size, temperature and pH of the sysgamerally,
lipase fromCandida rugosdias an optimum temperature 0f88°C and an optimum pH otg,
according to the literatuf@13, 141143]. Since, the reaction was carried out at roonptature
andwith FFA forming as the products, the pH of the systemedtmbelower with the intrinsic
activity tendng to decrease because of the pH gradient formed inside the reaettthin the
supporti.e not alllipaseare at their optimum pH cditions because of FFA formatidifhis
phenomenon also holds trirethe case oimmobilized supportsystem)128]. The rats at which
FFA and glycerobreformed also depends on the stirring rate which determines the oil droplet
size, since lipase frof@andida rugosas more active at the eivater interfacg144]. However,
excessive stirring or stirring over a long period of time will denaturenkgme in aqueous media
[145]. Thesdactorscontribute to the low performancoeticed in the casaf lipasein free solution.
Another factor that majorly influences enzyme activity is the immobilizationTpl reactivity of
the protein groups with the support depends on the pH, and that way the orientation of the enzyme
molecules on the support may be altdogachanging the immobilization p[L46]. However, all
theimmobilizationswas carried out at pH.4. Hence, it will be interesting to study the effect of
change of immobilization pH. But it is beyond the scope of this stlildys, underlining the
potential advantage ofmmobilization Better performancefollowing immobilization on
methacrylate supportmay be potentiallyexplained in terms of hydrophobicity, oleophilicity,
presence oburfacefunctional groups and enzyme desorption. Comparing the performance of
different methacrylatbasedmmobilizedresins lipase immobilized onteesinswith no surfae
functional groupsshowed thelowest yields of FFA. This may bedue to thelack of more

hydrophobic interaction between the enzyme and the supploytsignificant enzyme desorption
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Supports with functional groups on their surface tend to be more habigpwhich causes more
hydrophobic interaction between the support and the enzyme during the immobilization protocol
[147]. Hence, itwasimportant to measure the extent of hydrophobicity of these suppatike
3.13shows the apparent contact angle meamens for the methacrylatbasedpolymer resins
Octadecyfunctionalzedresins showethe highest contact angle when measured with deionized
water whichconfirms hgh hydrophobity. The contact angle experimental images are shown in
Figure 3.7. It is therefore possible thatluring the immobilization stepgreaterhydrophobic
interaction between thdipase and the supporioccurs. This would promotenore open
conformations whehpase ismmobilizedwith enhanceadnterfacial activationThisin turn could
explain higheyields ofFFA achievedvhencomparedvith thesupporswith no functional group
present Further, there could be anchoring of enzymhas tostrong bond formation between the
functional groups present on the surface of the supmortithe enzymes, thereby increasing
activity and stability. For example, epoxy groups on the surface of methacrylate supports can react
with amino or thiol groups associated with lipase and form strong hwitldshe support This

may thercause conformanal changes to the enzyme thereby enhancing its statditgrmation

of multipoint covalent bondinfL.23, 124] However, it is unclear how the octadecyl groups on the
surface of the polymer resirenhanesthe activity and stability other thadpy increasing the

hydrophobic interactions.
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Table 3.13. Contact angle measurements for methacntasedpolymer resinsconducted at
22°C: Comparison of contact angle values for each polymer in contactiywtlater and (ii)
vegetable oil

Water Vegetable oil
Functionalization
©) )
No functionalization
(ECR1030M) 81+2 13:2:2
Epoxy & butyl groups
+ +
(ECR8285) aoee to==gl
Octadecyl groups
+ +
(ECR8806M) i sl

From the contact angle experiments showmable 3.13 in the presence of vegetable oil
it may be noted that theethacrylatebasedoolymerresinsare highly oleophilic. This shows that
lipaseis likely to besurroundedy large concentratigof oil when immobilized comparedith
thelipasein aqueous solutiorThis @uld explainthefaster reaction rates observed in the case of
immobilized suppogwith enhanced oilvater partitioning at the interfagg#aying a significant
role. During the 100-hour reaction timgseeFigure 3.6), significant polymer decompaosition or
breakage due to physical stirrings was not observed. Hence, the mechanical infetrése
supports is exceptional. From literature, it can also be notedyiilds of FFA can also be
increasedoy addition of wateat midway during the reactionwhich will shift the equilibrium
conversion132]. Another possible explanation for lowEFA vyields could be lipase desorbing
inside the reactor during the reaction. Hence, a set of hydrolysis experiments was conducted using
immobilized lipase but stopping the experiment at 10 hours. The supports were filtered and

removed from the system. Thgdrolysis was then continued for another 24 hours using just the
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filtered emulsion to check for any changes in percent yield of FFA. The experiments with supports
having no functional groups on the surface (ECR1030M) showed a 16 percent increase in FFA
yield which is indicative of enzyme desorption. Methacrylate supports functionalized with
octadecyl groups and epoxy and butyl groups showed less than 2 percent increase in yield FFA

which could be indicative that enzymes are not desorbing during the ysidna@action.

(a) Epoxy & butyl functionalized methacrylate supports

Deionized water Vegetable oil

I

(b) Octadecyl functionalized methacrylate supports

Deionized water Vegetable oil

L. —

Figure 3.7. Apparent contact angle measuremeimegmges for methacrylatepolymer resins
measured with sample liquid volume of 7 [\e@ al or deionized water) at room temperature
(~23°C)

3.6.4.Thermal stability
Thermal stability fotthelipase immobilized ontthe methacrylateesirs wasdetermined
by conducting aseries ofbatch hydrolysis reactien operated for one houat different
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temperaturef therange 20° 95°C. Theresults are shown iRigure 3.8 with activity reflected

in percentyield of FFA The optimum temperature for lipase derived fréandida rugosavhen
immobilized onto methacrylate resins appears to close to 60°C. This suggest®incitezsnal
stability, possibly explained byhanges in physical and chemical properties of the enzypoe
immobilization.For all threesupports, the activity decreased considerably above 60°C which may
be accounted by a combination fastéor exampleenzyme denaturatn at higher temperatures

or due toprotein foldingcausing irregular enzyme structure formations on the surface of the

polymer[148]. Some portion of the enzymes may still be acting agxmmangef149].
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Figure 3.8. Hydrolytic performance of 0.25 %wt/v of aqueous lipase immobilized onto
methacrylatebased polymer resins conducted at different temperatures in the rangie 207 C:
Rate of fatty acid production, compng the performance of immobilized lipase on each of the
polymers ECR8806M, ECR8285, and ECR1030M
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3.6.5. Recycling

One of the properties that is significantly improved whpaseis immobilized is the
ability to be recycled and used in continuousctes [27]. The recycling experiments were
conducted at® C where the highest yields of FFA were observed during the initial runs as shown
in Figure 3.9. Thepercentaggield of FFA(an indicator ofactivity) followed a belshaped trend

with maximumpercent yield of FFAeen at the end of third hydrolysis cycle.
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Figure 3.9. Hydrolytic performance of 0.25 %wt/v of aqueous lipase immobilized onto
methacrylatebased polymer resins conducted aftés dycles of reaction, separation, washing,
and recycling : Rate of fatty acid production at 55°C, comparing the performance of immobilized
lipase on each of the polymers ECR8806M, ECR8285, and ECR1030M.

101|Page



This was not consistent with the results seen in literatuhgéch in most case shothat
activity decreasewith the number of cyclgd50]. The bell-shaped trendbserved hereould be
explained by the oleophilic nature of the polymer supports, as eviddnycedntact angle
measurements (see Tal@d3. A possible explanatiois the presence of residual tyigerides
andFFAsinsidethe pores of the polymer after the wasihich continue to diffuse owycle by
cycle since the wash solvent used is walidris may explain th@apparentfaster reaction rates
observedn cycles 1 to 3. Thiexplanationwas furthersupportedby observed increases in the
weight of thepolymer resins (on a dry basis) after eaghlrolysiscycle shown inFigure 3.1Q
After the third hydrolysis cycle the activity decreased after each subsequent hydrolysis cycle,
reflecting trends reported in the literatuiée decrease iobservedactivity could be because of
combined effects of denaturationdadesorption.

Stable mechanical integrity of the polymer support after repeated use is also an important
consideration. Scanning electron microscopy (SEM) was used to investigate changes in surface
morphology and to look for evidence of damage in thensesSince these supports are highly
oleophilic, there still may be substantial residues from the hydrolysis reaction inside the pores of
the resins even after washing with deionized water. Hence, the resins were washed multiple cycles
using acetone as wasolvent and dried overnight before SEM examination. Examination revealed
no evidence of significant breakage, cracking or swelling of supports. However, closer inspection
of the surface of the resins indicated slight changes in morphology but thessotveoasidered
to be significant. This was observed in all the methacrdased resin supports. The changes in
surface morphology of octadecyl functionalized methacrylate resin supports are shogurén

3.11(a) initial dry surface morphology an{td) surface morphology after immobilization, washing
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process and at the end ot¥cle hydrolysis reaction. This suggest that the supports are amenable

to recycling and can be used in different types of bioreactors and adverse conditions .

vV  Octadecyl functionalized (ECR 8806M)
O Epoxy & butyl functionalized (ECR 8285)
O No functionalization (ECR 1030M)

200
150 4
k=
<
. v
S 100 T
2]
=
S
50 +
3 2 °
e}
0 o : : : i
0 1 2 3 4 5 6

Cycle

Figure 3.10. Percentweight gain noted after washing as a functionhgtirolysis cyclefor

methacrylate polymer resins
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Figure3.11. Scanning electromicroscopy images showing the details of the surface morphology
of octadecyl ECR8806N functionalized methacrylate polymer resiifa) new polymer(b)
polymerafter immobilization, washing process and at the end of 5 batches of hydrolysis reaction
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3.6.6 Effect of presence of chemical modifying agemtsring immobilization protocol.

Hydrolysis reactions were conducted using lipase immobilized on the functionalized
methacrylate resins in the presence of chemical modifying agents. Glutaraldehyd& and
Aminopropy)triethoxysilane APTES are chosen because they are among the many modifying
agents studied in literatufg51, 152] Itaconic acid was recently identified to be anconomer in
methacrylate resins and was also examifi&®, 154] Figure 3.12 & 3.13 shows hydrolytic
performance of 0.2%wt/v of lipasewhenimmobilizedonto epoxy and butyl functionalized and

octadecyl functionalized methacrylate resins in the presence of various modifying agents.

30
@® No modifiers
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Figure 3.12. Hydrolytic performance 0f0.25 %wt/v of aqueous lipase immobilized onto
methacrylatédbased polymer resins at 55°C: Rate of fatty acid production, comparing the
performance oimmobilizedlipase on the unmodified polymer ECR8285M, with pody treated
respectively with glutaraldehyde,-é8nino-propyl) triethoxysilane, and itaconic acid.
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Figure 3.13. Hydrolytic performance 0f0.25 %wt/v of aqueous lipase immobilized onto
methacrylatédbased polymer resins at 55°C: Rate of fatty acid production, comparing the
performance of immobilized lipase on the unmodified polymer ECR8806M, with polymer treated
respectively with glutaraldehyde,-&8nincpropyl) triethoxysilane, and itaconic acid.

Immobilization of lipase conducted in the presence of glutaraldehyde and APTES onto the
functionalized methacrylate resins in presence of deionized water resulted in poorer reaction
performance compared with reaction using the supports that were immobilized bsémee of
the modifiers. Possible explanations of diminished lipase activity in the case of APTES or
glutaraldehyde presence during the immobilization protocol could be due to conformational
changes causing substrate inaccessibility, changes in overabbitization mixture pH, or

enzyme inhibition due to the presence of chemical modifiers. 0.1 g of APTES or glutaraldehyde

in 30 mL deionized water recorded a pH of 10.5 and 8. Hence, the pH of the overall immobilization
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