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ABSTRACT
Charuni A. Amarasekara: Electrokinetic Separation of Nucleic Acids in Thermoplastic
Nanochannels
(Under the direction of Prof. Steven A. Soper)

Nucleic acid analysis and separation have recently become an interesting area of research
due to their applicability in precision medicine. In precision medicine disease diagnosis, treatment
and prevention are tailored to an individual’s genetic makeup. Therefore, there is a huge demand
to develop new nucleic acid separation methods that can be utilized in clinical environments. When
developing separation methods for clinical applications, it is necessary to consider the growing
need for reduced reagent consumption, high throughput analysis, reduced analysis time, sensitive
detection and separating nucleic acids in highly complex samples with low analyte concentrations.
These factors have limited the use of conventional electrophoretic and chromatographic methods
in clinical settings. Therefore, bioanalytical separations have an ever-increasing need for new

methods for nucleic acid separations.

Development of nucleic acid separation methods for clinical applications are trending
toward miniaturization due to low sample and reagent volume consumption, ability to perform
high throughput parallel analysis, and unique separation modalities observed at molecular length
scales. With the advances in the design and fabrication of nanofluidic devices during the last
decade, there have been numerous reports on nucleic acid separations in nanoscale. Nanofluidics
offer unique separation modalities that are not observed in microscale due to increased surface
interactions such as electrostatic, van de Waals interactions, hydrogen bonding and electric double

layer overlap effects. However, the majority of these methods utilize glass-based nanofluidic



devices which are not suitable for the use of point of care applications because of sophisticated,

time consuming, high-cost fabrication methods of these devices.

In this study, we report the use of thermoplastic nanochannels (110 nm x 110 nm depth and
width, respectively) as an alternative for glass nanochannel devices for the free solution
electrokinetic separation of deoxynucleotide monophosphates (dNMPs), ribonucleotide
monophosphates (rNMPs) and short single stranded DNA. Thermoplastic nanofluidic devices with
mixed scale micro and nanofluidic networks were fabricated using a simple, high resolution
nanoimprinting lithography method and the structures were enclosed via thermal fusion bonding
to a cover plate. We were able to separate ss-DNA in these thermoplastic nanochannels without
any additives to the buffer and we found that the separation mechanism is electrochromatographic.
In the separation of rNMPs and dNMPs we found that the separation is majorly electrophoretic
but, with some impact on the separation by surface interactions of these analytes with nanochannel

walls.
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Figure 2.1. Reaction scheme showing the conjugation of ATTO 532 to adenosine monophosphate,
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Figure 2.3. (A) Optical set-up of the fluorescence imaging system. The Gaussian beam from the
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intensity in the field-of-view and complete back-filling of the objective (OBJ). The beam was
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Figure 2.4. Depiction of how the nanochannel electrokinetics and data analysis were performed.
The top panel shows a fluorescently labeled dNMP being electrokinetically transported through a
nanochannel with the yellow boxes indicating Position (Pos) 1 and 2. The bottom left panel shows
the fluorescence intensity profile of one injection event at POS 1 and 2. The bottom right panel
shows the first derivative of the intensity profile to determine the time required for each dNMP to
migrate from Pos 1 to Pos 2.

Figure 2.5. Apparent mobility versus field strength for ATTO 532 injected into a nanochannel that
was 110 x 110 nm (width and depth; L = 100 um) that were fabricated in PMMA and possessed a
COC cover plate. The nanochannel electrokinetic used two different carrier electrolytes consisting
of; a) 44.5 mM TB with a pH 8.3 (A¢ = 1.25 nm); and b) 0.45 mM TB pH 8.3 (A¢ = 12.5 nm). Errors
bars show * standard deviations for the apparent mobilities.

Figure 2.6. a) Apparent mobility versus the electric field strength for ATTO 532 conjugated to
dCMP, dGMP, dTMP and dAMP injected into a nanochannel that was 110 x 110 nm (width and
depth; L = 100 um) and used PMMA as the substrate with a COC cover plate. The electrokinetic
used a buffer of 44.5 mM TB at pH 8.3 (Ag = 1.25 nm). b) Histograms of the apparent mobility for
the dye-labeled ANMPs using a field strength of 342 V/cm in a 100 pum total length nanochannel.
Histograms were fit to a Gaussian function with of the apparent mobility histogram (each bin
represents 2x10°° cm?/Vs apparent mobility units). The error bars represent the standard deviations
in the measurements.

Figure 2.7 Microscale electrophoresis of dAMP, dCMP, dTMP and dGMP at varying pH values.
The electrophoresis was performed using the following conditions. Carrier electrolyte was 1 mM
MgCl2in 89 mM TB. The applied voltage was 20 kV (310 V/cm). The separations were performed
in a silica capillary that possessed an ID = 50 um, total length = 64.5 cm, effective length = 56 cm,
pressure injection at 90 mbar* s, with UV detection at 254 nm. In this case, the nucleotides were
not labeled with ATTO 532

Figure 2.8. Histogram of apparent mobilities for the dye-labeled dNMPs at field strength of 342
V/ecm in a 100 um long nanochannel. The nanochannel electrokinetic conditions are the same as
in Figure 2.7 but using a carrier electrolyte of pH = 10.3. Gaussian functions were fit to the
histograms as discussed in Figure 2b.

Figure 2.9. Relative apparent mobility of the ATTO 532-labeled dNMPs with respect to carrier
electrolyte pH values. Apparent mobilities have been normalized to the highest observed apparent
mobility for pH 8.3, 9.3 and 10.3. (Note. data lines are connected only for ease of interpretation).
The error bars represent the standard deviations in the measurements.

Figure 2.10. a) Apparent mobility versus the electric field strength for ATTO 532 conjugated to
dCMP, dGMP, dTMP, and dAMP. The nanochannel electrokinetic conditions are the same as
shown in Figure 2 except that the carrier electrolyte concentration was 0.45 mM TB pH 8.3 (Ag =
12.5 nm). b) Histogram of apparent mobility for the dye labeled dNMPs with a field strength of
342 V/cm in a 100 um long nanochannel. The error bars represent the standard deviations in the
measurements.
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Figure 3.1. A) An image of the T-chip used for the microscale electrophoresis. The chip was made
via hot embossing into PMMA. B) Schematic diagram of the in-house built microchip
electrophoresis laser-induced fluorescence detector that utilized a 20 mW 532 nm excitation laser
with edge filter. The detector contained a 560 nm long pass filter, 532 nm dichroic filter and SPCM-
AQR single photon counting module within the optical train. A 100X high numerical aperture (NA
= 1.3) microscope objective was used to focus the laser beam onto the microchannel and collect
the fluorescence.

Figure 3.2. SEM images of the Si master, resin stamp, and imprinted device. A) An SEM of the
Si master at 500X magnification. B) Enlarged area of the entrance funnel formed in the Si master.
C) UV-imprinted nanochannel device to form the resin stamp with PUA. D) Enlarged nanochannel
area in the resin stamp. E) Nanochannels thermally imprinted into PMMA substrate. F) Enlarged
area of nanochannel imprinted into PMMA

Figure 3.3: The optical setup of the fluorescence imaging system. The Gaussian beam from the
laser (Nd:YAG; Aex = 532 nm; P =0.01-5W; 2.2 mm beam diameter) was expanded 10x using a
Keplerian beam expander and the wings were knocked out with an iris that ensured uniform laser
intensity in the field-of view and complete backfilling of the objective (OBJ). The beam was
focused into the back of a 100x oil immersion objective

Figure 3.4. Representation of how the nanochannel electrochromatography and data analysis were
performed. A) A of picture a fluorescently labeled ss-DNA migrating through a thermoplastic
nanochannel. The yellow boxes indicate Positions (Pos) 1 and 2. B) The fluorescence intensity
profile of one injection event was enlarged at Pos1 and 2.

Figure 3.5. A) Image of a PMMA/COC nanochannel device (100 nm x 100 nm x 107 um in depth,
width, and length, respectively). B) Experimental setup for nanoelectrochromatography
experiment where anode (red) is at the sample input reservoir and the cathode at the waste
reservoir. C) Schematic of a nanochannel when an external electric field was applied.
Electroosmotic flow (Meor) was from anode to cathode while the electrophoretic mobility (Uep) of
negatively charged dye-labeled ssDNA was toward the anode. In addition to pep and peot, the
sSDNA can interact with wall of the channel giving rise to pleft

Figure 3.6.A) Schematic diagram of experimental set up used for the microscale electrophoresis,
where a T shaped microchip is used. A sample plug was electrokinetically introduced into the
separation channel by applying a potential across the S and SW reservoirs. A photon avalanche
detector was used to capture the fluorescence signal at the detection point. B) Electropherogram
obtained for the free solution microchip (PMMA) electrophoresis of sSDNAs with microchannel
dimensions of 50 um x 100 um (depth and width respectively) and 5.0 cm in length. The applied
voltage for the electrophoresis was 5 kV (1000 V/cm) with a 45 mM TBE buffer (pH 8.3) used as
the background electrolyte. The of ssDNAs (5 uM) were injected electrokinetically into the
separation channel.

Figure 3.7. Characterization of surface roughness by AFM for IM-PMMA and NIM-PMMA
surfaces before and after O> plasma activation. Shown are AFM images of: A) IM-PMMA; B)
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NIM-PMMA; C) Oz plasma treated IM-PMMA; and D) O, plasma treated NIM PMMA.. Plasma

activation was done at 50 mW for 1 min, which is similar to conditions used during bonding of
nanochannel devices.”® These images were taken by scanning an area of 3 pm x 3 um. E)
Comparison of the measured root mean square (RMS) roughness of both PMMA types before and
after Oz plasma activation. F) The measured EOF for NIM-PMMA and IM-PMMA nanochannel
devices as well as the zeta potential following O> plasma activation (EOF measured at pH = 8.3).

Figure 3.8. A) Effective mobility of oligonucleotides vs. the field strength in NIM-PMMA
(substrate) — COC 8007 (cover plate) nanochannels (100 nm depth x100 nm width and 104 pm
length). B) Effective mobility of oligonucleotides vs. the field strength in IM-PMMA (substrate)-
COC8007 (cover plate) nanochannels (100 nm depth x100 nm width and 104 nm length) C)
semilog plot of effective mobility vs length of oligonucleotides in NIM-PMMA and IM-PMMA.

Figure 3.9 A) Histogram of effective migration time of Oligo 35, Oligo 50 and Oligo 70 at a field
strength of 280 V/cm that were separated in NIM-PMMA-COC8007 device. B) Histogram of
effective migration time of Oligo 35, Oligo 50 and Oligo 70 at a field strength of 280 V/cm that
were separated in IM-PMMA-COC 8007 device. Histograms were fitted in to a Gaussian
distribution and each bin represent 0.05 s for n=100 events. C) Calculated separation resolution
between the 3 ssDNA.

Figure 3.10 A) Histogram of migration time for ssSDNAs at an effective column length of 30 um
through a 100 nm x 100 nm NIM-PMMA nanochannel at a field strength of 280 V/cm. Histograms
were fit to a Gaussian and each histogram represents 100 events. B) Comparison of peak resolution
at an effective column length of 60 um and 30 um. C) Calculated theoretical plates for sSDNAs at
effective column lengths of 30 um and 60 pm. N = 5.54 (tm/Wwos)? was used to calculate the

number of theoretical plates and N 109 to obtained theoretical plates in units of m
column length (cm)

Figure 4.1. A) Schematic illustration of the device assembly using the Nanonex2500. B)
Temperature-pressure process profile showing the seven stages for the imprinting and bonding
cycle. An imprinting cycle is 10 min (5 min imprinting time) and bonding cycle is 25 min (15 min
bonding time).

Figure 4.2. A) An SEM image of nanochannel replicated onto polyurethane (PUA) resin. B) An
SEM image of nanochannel imprinted into COC5010 substrate. C) An SPM image of the
nanochannel imprinted in to COC5010 and the depth was measured as 110 nm by SPM.

Figure 4.3. A schematic diagram of microscale electrophoresis set up with the T-shaped microchip
fabricated in PMMA having the dimensions of 100 um in width and 50 um depth. The length of
the separation channel is 5 cm.

Figure 4.4. (A) Optical set-up of the fluorescence imaging system. The Gaussian beam from the
laser (Nd:YAG; Xex = 532 nm; P = 0.01-5 W; 2.2 mm beam diameter) was expanded 10x using a
Keplerian beam expander and the wings were knocked out with an iris that ensured uniform laser
intensity in the field-of view and complete back-filling of the objective (OBJ). The beam was
focused into the back of a 100x oil immersion objective
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Figure 4.5. A) The bond strength calculated for thermally bonded COC/COC devices and NIM-
PMMA/COC devices. Bonding of COC/COC devices was done without plasma treatment and
NIM-PMMA/COC was done by treating both substrate and coverplate under 50 mW O3 plasma
for 1 min Standard deviation is given for n=5 measurements. B) pH stability of NIM-PMMA/COC
devices with time. C) pH stability of COC/COC devices with time. All fluorescence images were
adjusted to the same intensity scale.

Figure 4.6. A) Water contact angle of COC 5010 surface measured at different UV/O3z exposure
times at 22 mW/cm?. The data points named as with cover plate were obtained by keeping a cover
plate on top of the substrate and then exposing it with UV/Os. After exposure, the contact angle of
the underlying substrate was measured. B) EOF mobility of COC/COC nanochannel devices. The
dimensions of the nanochannels were 110 nm x 110 nm depth and width respectively ( length —
107 um). Substrate is COC5010 and sealed with COC8007 coverplate. The activation was done
though the coverplate side. Error bars represent the standard deviation of contact angle and EOF
for n=5.

Figure 4.7. A) The electropherogram for the separation of rNMPs by microscale electrophoresis
in PMMA microchannels having dimensions of 50 um x 100 um (depth and width, respectively)
with 5 cm separation length. B) Calculated apparent mobilities of rINMPs using equation (4.5). C)
Resolutions (R) calculated for adjacent peak pairs using the electropherogram shown in (A). R=
1.18(tm2-tm2)/ (Wos+Wo5) Where tm1 and tm2 are migration times and w1 and w corresponds to the
peak widths at the base of the peaks.

Figure 4.8 A) Apparent mobility vs electric field strength of rNMPs in 110 nm x 110 nm
nanochannels fabricated in NIM-PMMA/COC nanochannels using 1X NE buffer 3 at pH 7.9 as
carrier electrolyte. B) Schematic diagram of rNMPs with attached dye and the pKa of the
nucleobases. C) Histogram of apparent mobilities of rINMPs at 280 V/cm in 110 x 100 nm NIM-
PMMA/COC nanochannel devices using 1X NE buffer 3 at pH 7.9 as the carrier electrolyte. The
histograms were fit in to gaussian function and each bin represent 2 x 10° cm?/Vs. C) The
resolution of peaks was calculated using R= 1.18 (Au/wos + Wos) where wos correspond to the
full width at half maximum of the gaussian peaks. D) Identification accuracies of rNMPs
calculated from

Figure 4.9.A) Apparent mobility vs electric field strength of rNMPs in 110 nm x 110 nm
nanochannels fabricated in COC/COC nanochannels using 1X NE buffer 3 at pH 7.9 as the
background carrier electrolyte B) Histogram am of apparent mobilities of rNMPs at 934 V/cm in
110 x 100 nm COC/COC nanochannel devices using 1X NE buffer 3 at pH 7.9 as the carrier
electrolyte. The histograms were fit into gaussian function and each bin represent 2 x 10® cm?/Vs.
C The resolution of peaks was calculated using R = 1.18 (Au/wo.s + Wo 5) where wo s correspond to
the full width at half maximum of the gaussian peaks. D) Identification accuracies of rNMPs
calculated from Gaussian peak overlap. Identification accuracy was calculated as mentioned in
Figure 4.8.

Figure 4.10. A) Histogram of apparent mobilities of rNMPs at 934 V/cm in 110 x 100 nm
COC/COC nanochannel devices using 1X NE buffer 3 at pH 10.3 as the carrier electrolyte. The
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histograms were fit to Gaussian functions and each bin represents 2 x 10° cm?/Vs. B) The
resolution of peaks at pH 10.3 was calculated using R = 1.18 (Ap/wos + Wos), where wos
correspond to the full width at half maximum of the Gaussian peaks. C) Identification accuracies
of rNMPs calculated from Gaussian peak overlap. Identification accuracy = area of non-
overlapped/total peak area at pH 10.3.

Figure 5.1. A) A schematic diagram of X-ToF. B) An enlarged area of X-ToF with the fluidic
network. C) Expanded region of the bioreactor where enzyme digestion of RNA occurs. D)
Expanded RNA enriching area of the X-ToF.

Figure 5.2.A) Tapestation traces showing the digestion of 60 mer RNA molecule by XRN-1
tethered to microfluidic solid phase bioreactor. Lanes: (1) Size markers; 60mer in absence of
XRN-1(2 ) and presence (3) of XRN-1; 60mer containing a °mA residue in absence of (4) and
presence (5) of XRN-1. B) Immobilization of XRN-1 using direct EDC/NHS coupling to a surface.
C)Tapestation traces of the FLuc IVT in the absent of (left) and presence of (right) XRN-1.

Figure 5.3. A) An SEM image of the footprint of X-ToF fabricated in Si using photolithography

and FIB milling. B) An enlarged area of the bioreactor in Si master where the XRN-1 will be
immobilized in X-ToF sensor.
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Chapter 1. Nanofluidic Devices for Biomolecule Separation



1.1 Introduction

Precision medicine combines disease diagnosis, treatment, and prevention tailored to a
patients’ individual variability of genes, environment, and lifestyle.! Unlike the one-size-fits-all
concept of medicine, in precision medicine drug selection, treatment protocols, and prevention
plans will minimize harmful side effects and ensure outcomes that are more successful for a
particular patient’s molecular makeup of their disease. In precision medicine, most patients are
classified by specific molecular biomarkers such as proteins, nucleic acids, and metabolites.? 3
Therefore, bioanalytical chemistry has become a major contributor to precision medicine for the
development of analytical techniques tailored for medical diagnostics and therapeutics that seek

to discover the unique molecular composition of a patient’s disease.™ %4

In particular, analytical separations can be viewed as a general method to determine the results
of molecular biological reactions that generate products (i.e., biomolecules) dependent on the
composition of one’s disease. Conventional electrophoresis and chromatography are used for
qualitative and quantitative analyses of these biomolecules. Chromatographic methods can
separate molecules, but typically require large input sample volumes. Electrophoresis uses a
smaller sample volume, but typically analyzes only charged molecules, and in many cases, requires
sieving matrices to do the separation, for example in the case of DNAs. Thus, the implementation
of precision approaches to determine the molecular composition of a patient’s disease will require
novel, rapid, robust, and cost-effective techniques that can detect and identify even a few
molecules secured from a given biomarker in small volume samples with high throughput and/or

multiplexing capabilities (see Figure 1.1).
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Figure 1.1. An overview of the major components comprising the precision medicine concept (reproduced
from Roda et al. Analytical and Bioanalytical Chemistry 2018).

Miniaturization of analytical separations has potential benefits for clinical applications.
These benefits are: (i) low sample and reagent volume requirements; (ii) the ability to perform
parallel analyses with high throughput; (iii) separations at molecular length scales that provide
unique separation modalities; and (iv) the ability to integrate the separation with lab-on-a-chip
(LOC) components that can perform sample preparation. Miniaturization and LOC devices could
be ideal platforms for point-of-care testing, as these tests can be done in resource-limited settings
without the need of highly qualified personnel.*®

In the past decades, there have been impressive developments in the field of microfluidics for

diagnostic applications and several concepts have been commercialized as well.> 7 Although



microfluidics has been useful in several applications, the story of nanofluidics is quite different
due to the unique nanoscale phenomena arising from nano-confinement.

Unique separation modalities are observed in nanofluidics due to phenomena that occur only
on the nanometer scale, including increased surface area-to-volume ratio, EDL overlap, surface
charge dominating flow, and effects of surface roughness.® Therefore, nanofluidics has garnered a
significant amount of attention in the field of biomolecule separations including electrokinetic and
chromatographic separations.® 1

Nanofluidics involves flow in channels with dimensions ranging from 1 nm to 1000 nm
including classical (1-100 nm) and extended nanoscale (10 — 1000 nm) separations.t! With the
development of new technologies for both inspection and creation of nanostructures, such as
atomic force microscopy (AFM), scanning tunneling microscopy (STM), electron beam
lithography, and ion beam milling that can permit the patterning of sub-100 nm structures. In
addition, nanomachining techniques such as nanoimprint lithography and soft lithography provide
the ability to replicate nanometer structures into a variety of materials. With the advent of these
techniques, new insights into the applications of nanofluidics in a variety of fields including
bioengineering, medicine, and chemistry have been realized.!> Furthermore, a significant
development in molecular dynamic simulations have become a useful tool for the elucidation of
the ion transport, separation behavior of analytes, and surface effects within nanochannels.*® 14

A unique feature of nanofluidics is that the relevant length scale is comparable with the range
of surface and interfacial forces in fluids, such as van der Waals forces, and electrostatic and steric
interactions. When a fluidic channel’s dimensions approach the classical nanoscale regime,
changes in the dominating forces together with the transport dynamics deviate from typical micro-

and macroscale descriptions. ¢ In addition, due to increased surface area-to-volume ratio in
4



nanochannels, surface charge governed transport becomes apparent.® Wall adsorption and
desorption of molecules is another important aspect in nanofluidics that arises. These adsorption
and desorption events can be reversible or irreversible depending on the magnitude of the
interaction energy and are utilized by many chromatographic separations developed in nanoscale
fluidic channels. 1% 1

Herein we summarize the state-of-the-art technologies for biomolecule separations in the
nanoscale. Unique transport phenomena in nanofluidics related to biomolecular separations will
be discussed as well as the different devices used and their fabrication discussed. The detection
methods widely used in biomolecular separations will also be presented. Finally, the application
of nanofluidics for biomolecule separations with the emphasis on nano-electrophoresis and nano-

chromatography will be discussed in this chapter as well.

1.2 Unique phenomena affecting separations in nanofluidic devices

Nanofluidics is the study of fluid behavior inside or around objects of which at least one
dimension (depth/width or length) is < 100 nm. In many cases, the nanometer relevant length scale
can be extended to fall in the range if 10 — 1000 nm known as extended nanofluidics.*® Unique
physical phenomena not observed in the micro- and macroscale can dominate in the nanoscale,
opening up an innovative territory of research and applications. The illustrative phenomena and
effects that have been revealed include nonlinear transport such as concentration polarization, ion
current rectification, and altered liquid properties. These are mostly stemming from ultrahigh
surface area-to-volume ratio, surface charge, electroosmotic flow and EDL overlap (see Figure
1.2). Herein the relevant parameters and unique nanoscale phenomena that influence

nanoseparations are discussed.
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Figure 1.2. A representation of materials and nanometric object at the same length scales as nanofluidics,
where unique transport phenomena and effects occur. (reproduced from Xu,Y. Advanced Materials 2018 )

1.2.1 Electric double layer (EDL) and zeta potential (&)

Almost every surface is electrically charged when in contact with an electrolyte. This charge

is gained through either dissociation or association of ions covalently bound to the surface or

6



through non-covalent adsorption of ions. lons in solution with the opposite charge compared to
the surface charge (counter-ions) are attracted to the surface while ions with similar charges
compared to surface charge (co-ions) are repelled from the surface. When this attraction combined
with Brownian diffusion of ions occurs, this will result in two layers of ions next to the surface. A
fixed layer of ions is called the Stern layer and a mobile layer of ions is called the diffuse layer.
These two layers together are called the electrical double layer, EDL. lons in the Stern layer are
tightly bound to the surface. Therefore, can think of these ions as a part of the surface itself, but
this layer does not completely shield off the surface charge. Hence, more ions from the solution
get attracted to shield this surface charge, but these ions do not get bound tightly. Instead, these
ions move freely due to Brownian motion creating a layer of mobile ions known as the diffuse

layer (see Figure 1.3) *°
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Figure 1.3. A schematic of the Gouy-Chapman-Stern model of the EDL, where a strongly bound cation
layer is known as the Stern layer, while loosely bound cation layer with mobile ions is known as the diffuse
layer. The potential at the shear plane is named the zeta potential (£) (reproduced from Pennathur et al.
Nanotechnology: understanding the small systems, CRC press, 2014).



The thickness of EDL, which is known as the Debye length, can be described by equation 1.1;

Ay = (“‘L)m (1.1)

n
e? Zi=1 ZiNeo i

where ¢ is the electric permittivity of the liquid, kg is the Boltzmann constant, T is the absolute
temperature, e is the charge of an electron, Z; is the charge of ions, and n; is the number density of
ions.?’ The interface between the Stern layer and the diffuse layer is known as the shear plane. The
electric potential at the shear plane is the C-potential, which measures the electric charge developed
on a solid surface in contact with an aqueous solution. Further, it is a property that depends on the
ion concentration, ion valency, size of the ion, pH, and temperature of the solution. As a result,
each solid-liquid interface has its unique zeta potential. Mathematical expression of the C-potential

is given by equation 1.2;21:22
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where o5 is the surface charge and k is the Boltzmann constant. Sze et al. reported that the (-potential
for surfaces in KCl and LaCls aqueous solutions varied between -88 to -66 mV and -110 to -68 mV for
glass and PDMS surfaces, respectively, independent of the channel size and driving voltage. Uba et
al.??reported the ¢-potential for PMMA nanochannels and nanoslits modified with NH and O, plasma,

which were 38 mV and -59 mV, respectively.



The ratio of the channel height (h) and thickness of EDL (\q) can be used to describe the state
of electroneutrality of the bulk solution within a nanochannel/slit. When h/Ap >>1, the solution
towards the center of the channel becomes electrically neutral and has an equal number of co-ions
and counter-ions within the channel with a neutral electric potential. The flow profile becomes
classically observed as plug-like flow. However, for h/Ap ~ 1 there is an overlap of EDL leading
to the loss of electroneutrality with excess counter-ions. In this case, the flow profile becomes

parabolic in shape and is known as Poiseuille-like flow (see Figure 1.4).23

Electric potential lonic
concentration
A
©e ¢ 0600006 90 0 o [kn C E
e e
h o ° ® o © g
@ Y
5o e e e e 2
e © 9 @ & @ & & & © & o
B ] O ESSSeeSeeysesye——— D
® & o O ® ® | Ap F
© ® o
® e © ® a
®
(&) @ ® ®

h - channel height
Ap. Thickness of electric double layer

Figure 1.4. Schematic diagram of overlapped and non-overlapped EDL in a nanochannel. A) When the
Debye length is much smaller than critical channel dimensions, the solution towards the center of the
channel becomes neutral. B) When there is an overlapping EDL, the solution becomes charged. C) Electric
potential decays rapidly closer to the channel wall, and in the center, it becomes neutral in non-overlapped
EDL conditions. D) In an overlapping EDL, the electric potential at the center of the channel does not
become neutral and is influenced by surface charge. E) The concentration of anions (red) and cations (blue)
in a non-overlapping EDL scenario is equal to the bulk concentration. F) In an overlapping EDL scenario,
the concentration of cations (counterions) becomes much higher than the anion concentration (co-ions)
(Reproduced from Napoli et al. Lab on a Chip 2010).



For conditions when there is plug flow, two ions with the same electrophoretic mobility but
with different charges move at the same speed.?’ However, when the EDL is thick compared to
the channel dimensions, there is a non-uniform distribution of ions along the channel due to
repulsions from the walls. This combined with the parabolic flow make ions move at different
velocities depending on their charge. For parabolic flow, the centerline has a higher velocity than
near the channel wall, and therefore the more negatively charged ions are repelled from the wall
and move more towards the middle of the channel and thus, possess a higher velocity. However,
less negatively charged ions or more positively charged ions move closer to the channel wall and,
thus, have a lower velocity through the channel. This can lead to novel separation modalities that

can only be achieved in the nanoscale (see Figure 1.5).20:24 25
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Figure 1.5. Diagram representing the transverse electromigration effects observed with overlapped EDL.
In this case, faster moving +1 ions separate from slower moving +2 ions (reproduced from Pennathur et al.
Nanotechnology understanding small systems, CRC press 2014).
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1.2.2 Electroosmotic flow (EOF)

Studies on EOF have been reported as early as the 18" century, where Reuss first discovered
that flow in capillaries could be induced by clay particles in water under an external electric field.?
Wiedmann reported fundamental theories of electrokinetics from his studies after a couple of
decades to support the findings by Reuss.?’ Since then, several theories have evolved for the EOF,
which has become a fundamental aspect in electrokinetic separations. Scientists such as Helmholtz
(1879), and Smoluchowickz (1903) derived the electrical double layer theory, which occurs under
electrokinetic transport phenomena.?® 2° When the channel wall is negatively charged, negatively
charged ions (co-ions) in solution are attracted to the anode while positively charged ions (counter
ions) are attracted to the cathode. The movement of the excess counter ions results in a viscous
drag of the surrounding liquid creating a bulk flow in the presence of an external electric field,

which creates the EOF (Figure 1.6).

11
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Figure 1.6: A Schematic diagram of EOF in a channel with a negatively charged channel wall. (Reproduced
from Pennathur,et al. Nanotechnology understanding small systems, CRC press 2014)

When the EDL is thin or when the EOF occurs in a large channel, the EOF has a flat flow
profile while in the case of hydrodynamic flow, the flow profile is parabolic (Figure 1.7A, B).*°
The advantage of a flat EOF flow profile is that molecules in the channel experience the same
velocity regardless of their radial position in the channel, which has been reported to result in high-

efficiency electrokinetic separations due to significant reductions in Taylor dispersion.3!-3

electroosmotic flow profile hydrodynamic flow profile

anode (+)
cathode (-)

Figure 1.7 A) Electrokinetically driven plug-like flow profile, and B) pressure driven parabolic flow profile
in a negatively charged channel (reproduced from https.//chem.libretexts.org).
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The EOF velocity can be described by equation (1.3), where ¢ is the dielectric constant of the
buffer, C is the zeta potential, E is the applied electric field, and n is the viscosity of the buffer.
The EOF is given by equation (1.4) and depends solely on buffer characteristics such as the

dielectric constant, viscosity, pH, and concentration, but is independent of the applied electric

field.*

Veof_ - 8§E/47Z'77 (13)

Leof. = &1 47t (1.4)

Several studies have reported the EOF of nanochannels optically by monitoring the transport time
of zwitterionic dyes like Rhodamine B?>3* and the current monitoring method.?? 33" In the
current monitoring method an electrlyte solution is replaced with another solution of the same
electrolyte with slightly higher (~5% higher) ionic concentration. During the replacement of this
diffrence concetration electrolyte from the other generates a change in the current. The time taken

for this change is taken to obtain EOF velocty.®

Jacobson et al.3* measured the EOF of in nanochannels as small as 98 nm in depth by using the
travel time of Rhodamine B, which is a neutral dye molecule and thus, travels at a rate determined
by the magnitude of the EOF. The EOF in glass nanochannels was compared to the EOF in
microchannels. They observed a 35% decrease in the EOF associated with nanochannels compared
to microchannels with decreasing concentration of the carrier electrolyte. They claimed that EDL
overlap occurred in nanochannels compared to microchannels and that was responsible for the

decrease in the EOF.



Uba et al.?2 measured the EOF for O, and NH, modified PMMA nanochannels using the
current monitoring method. The values obtained for O2 modified and NH, modified PMMA
nanochannels were 1.02 + 0.02 x10™* cm?/Vs and -0.75 +0.02 x10* cm?/Vs, respectively. They stated
that these values were lower than the EOF values obtained for the PMMA microfluidic channel
(02 modified = 4.43 + 0.58 x 10 cm? Vs and NH, modified = -1.34 + 0.21 x 10 cm?/Vs,
respectively). The authors suggest that the low EOF observed in PMMA nanofluidic devices is

due to low C.

Peng et al.*” investigated the EOF of single PDMS nanochannels having depths ranging from
20 nm to 250 nm and compared those values to a 5 um deep channel. They investigated the effects
of channel dimensions, the concentration of carrier electrolyte, and the electric field strength for
the EOF using the current monitoring method. According to their observations, when the EDL was
thin (0.01 M KCI, EDL ~3nm), the EOF does not vary with channel dimensions. The d/Ap for this
electrolyte concertation ranged from 10-80. (channel dimensions ranged from 32 nm -240 nm).In
contrast, at low electrolyte concentrations (0.001 M KCI, EDL ~10 nm), they observed a decrease
in the EOF for nanochannels with depths smaller than 100 nm where EDL overlap occurred (d//Ap
for ranged from 3-10 for channel dimension of 30 nm -104 nm ).When the electrolyte concentration
decreased, the thickness of EDL increases. Therefore, the overlap of the EDL can occur depending
on the nanochannel dimensions. Here they observed that for a very small nanochannel, decreasing
the electrolyte concentration led to a decrease in the EOF due to EDL overlap (for nanochannels

smaller than 89 nm).
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1.2.3 Surface roughness effects

Surface roughness is ubiquitous in many nanofluidic and microfluidic devices, which can
occur either during fabrication or due to adhesion of molecules to the surface. As channel
dimensions decrease, the surface area-to-volume ratio increases (For 100 um cube surface area-
to-volume ratio is 6 x10* while for 100 nm cube it is 6 x10"). Therefore, compared to microscale
channels strong fluid-wall interactions are observed in nanochannels, and the effect of surface
roughness to the fluid flow is expected to be significant.®®-*0 In general, surface activation steps
not only modify the surface chemically, but also induce sub-nanometer and nanometer roughness
to the surface, changing the surface morphology.

Molecular dynamic (MD) studies have discovered that surface roughness has a considerable
influence on the EOF and surface wettability depending on the magnitude of the roughness height
(hr).** There is significant distortion in the EOF velocity profile and ion distribution when the
roughness amplitude and thickness of the EDL are of the same magnitude; the effect becomes
insignificant when the thickness of the EDL is much larger than the roughness.>® According to
Zhang et al.,* the fluid flow experiences high resistance on rough surfaces causing molecules to
stick onto the surface of the nanochannel, requiring more time to escape from rough regions. In
addition, their simulations showed a decrease in £ and EOF with increasing roughness amplitude,
which is similar to other MD simulations.®*** Furthermore, the surface roughness can strongly
influence the resolution of electrokinetic separations performed in nanochannels. Surface
roughness can induce dielectrophoretic trapping and fluid recirculation within the channel leading

to field-dependent mobilities and higher variances in mobilities.?244-*6 However, roughness effects
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on separations are more prominent at lower electric field strengths than higher electric field

strengths. 44

1.3 Fabrication of nanofluidic devices

Fabrication of nanochannels is a critical component in the utilization of nanofluidic devices
for a variety of areas, including analytical separations. Besides, the mode of fabrication can
determine the performance of the nanofluidic device for analytical separation. For example, if the
fabrication method generated rough walls in the nanofluidic channels, it could reduce the
separation resolutions as these rough surfaces tend to create dielectrophoretic trappings and cause
molecules to stick to the wall while they move through the channels. Therefore, nanofabrication
methods have evolved significantly during the last decade. Several review papers have extensively
discussed various techniques that can be utilized to fabricate nanochannel devices.!t 47 48
However, the choice of fabrication method is determined by the desired nanostructure dimensions

and the substrate of choice such as inorganic, elastomeric, or thermoplastic.!

In general, nanofabrication methods are divided into two major categories according to the
process involved in creating nanostructures, “top-down” and “bottom-up” methods. In the top-
down approach various lithography methods are used to pattern nanoscale structures where it
includes serial and parallel techniques for patterning features typically in two-dimensions (2D)
over lengths scales that are larger in 4 orders of magnitude than an individual structure,*® In this
method, nanofabrication tools that are controlled by external experiment parameters are used to
create nanostructures.*> 0 In contrast, the bottom-up approaches use molecular or atomic

components built up into more complex nanoscale assemblies or directed self-assemblies based on
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complex mechanisms and technologies.>! In this method, atoms and smaller molecules are used as
the building blocks for the fabrication of multilevel nanostructures. Herein we focus on
summarizing the top-down approaches that are widely used in nanofluidic device fabrication.
These methods include conventional lithographic methods, high energy beam processing methods,

and nanoimprint lithography methods.>?
1.3.1 Conventional lithography methods

Conventional photolithography involves the use of light to generate a pattern in a photoresist
spun over a Si wafer with a mask used to define the pattern on Si (see Figure 1.8A) and followed
by reactive ion etching to etch the exposed substrate following resist development from the sample
to form the desired nanochannels. After nanochannels are shaped on Si, sealing of the device is
done using glass cover plates. In these methods the lateral dimension is limited by the diffraction
limit of UV light used in photolithography. The minimum feature size (Im) generated can be
calculated by the equation given below (equation 1.5)°? where ki is a constant that depends on the
optics, photo resists and process latitude, A is the wavelength of the UV light and NA is the
numerical aperture of the lens used. For a wavelength of 400 nm, k; of 0.4 and NA of 0.6 the

minimum feature size calculated is 266 nm.

A
b = ky— (1.5)
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Figure 1.8. Schematic diagrams representing an overview of nanofabrication methods. A) Main steps
involving in photolithography: a) photoresist coated substrate is exposed to UV light; b) the removal of
exposed photoresist by immerging into developer. B) Steps used in focused ion beam milling by Ga* ions.
C) An illustration of electron beam lithography where an electron beam is focused onto a resist film to
create a pattern by exposing dot-by-dot. D) An illustration of nanoimprinting lithography (left) and UV
nanoimprinting lithography (right) (Reproduced from Pimpin et al. Engineering Journal, 2012).
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Therefore, this method is widely used in fabricating planer nanochannels that have only one-
dimension in the nanoscale, which is the depth of the channel and is determined by the dose and
rate of reactive ion etching. Most of the pioneering research work on biomolecule separations are
done in nanofluidic channels fabricated by these methods.*® %3¢ Conventional photolithography
followed by reactive ion etching has some advantages, such as ease of fabrication, and good
reproducibility. A disadvantage of this method is that the nanoscale fabrication is only in the depth

direction.

1.3.2 High energy beam processing lithography methods

High energy beam processing is another top-down approach where the nanofluidic structures
are obtained through direct writing on the substrate by electron, proton, or focused ion beams.
Electron beam lithography (EBL) and focused ion beam milling (FIB) are prominently used for
nanofluidic structure fabrication among the high energy beam processing methods. In EBL,
nanopatterns are initially defined in a thin layer of electron beam (e-beam) reactive resist using a
beam of focused electrons. This focused e-beam interacts with the resist and modify the resist’s
property to make it soluble/insoluble during a subsequent development step. The very first e-beam
reactive resist is known as PMMA, which was developed in the 1960s.>” Then, these patterns are
transferred to the underlying substrate by wet or reactive ion etching, which is carried out following

resist development. Nanostructures as small as 10 nm have been fabricated using EBL.*

FIB has become an attractive method for fabrication of nanostructures and uses a focused beam
of high energy Gallium (Ga) ions to sputter atoms from the substrate. By optimizing the beam

current and utilizing thick conductive sacrificial metal layers, this method has been able to
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fabricate sub-5 nm structures.>® The overview of these two processes are given in Figure 1.8B and

1.8C.

Over the years, several research groups have utilized EBL followed by dry etching or FIB to
develop nanofluidic structures in inorganic substrates, such as glass and fused silica for
biomolecule separations, analysis and the evaluation of transport properties though nanofluidic
channels have been reported.3®: %% 61 Although these high energy beam process methods can produce
high quality nanofluidic channels even below 10 nm, these methods rely on sophisticated
equipment to make each device via a direct write method. In addition, processing can only be done
in a serial manner, which results in high manufacturing cost and low production rates. Thus, these

methods are not the best to mass produce nanofluidic devices.

1.3.3 Nanoimprint lithography (NIL)

Nanoimprint lithography is a high-resolution parallel patterning method, which has mainly
been targeted towards applications requiring high throughput production of nanoscale devices.®*
63 In NIL, a hard mold with the desired nanostructures is used to imprint the structures into a
polymer film using a thermal process. Polymers are heated above their glass transition temperature
to enable material flow, allowing the filling of the mold structures. Then, its temperature is lowered
to solidify the replicated patterns, and finally, the mold is removed carefully. The mold with the
nanostructures is first manufactured by conventional photolithography, EBL, or FIB. The use of a
hard mold for the fabrication retains the nanofluidic features with minimum deformation. Although
NIL has made significant progress, there are a few limitations that need to be resolved.

Heating/cooling cycles and high pressures applied during thermal NIL cause stress and wear on
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the hard molds. The viscosity of the imprinted material is also an issue that limits the minimum
feature size and feature density. However, to overcome these issues, introduction of low viscosity
UV-curable resins can be used as a compliant layer, which enhances the fluidity of the imprinted
material. This process is known as UV-NIL (Figure 1.8D).% Most of the thermoplastic and

elastomeric (PDMS) nanofluidic devices are fabricated by modifying the principles of NIL.%>

1.4 Detection methods for biomolecule separations in nanofluidic devices

Decreasing the dimensions of devices to the nanoscale results in ultra-small amounts of analytes
that must be detected and demands high sensitivity detection. When channel dimensions are
decreased, the number of analytes present in the confined volume decreases proportionately, and
most of them can even approach the single molecule level. The probability (Pv) of molecule(s)

occupying the probe volume can be calculated using equation 1.6;

P, =CNxP (1.6)

where C is the molecular concentration (mol L), Na is Avogadro’s number, and P is the probe
volume size (L).%® As given by equation 1.6, decreasing probe volume size decreases the
probability of a molecule occupying the probe volume. For an example, the volume of a 100 nm
cube is 1 aL. When the concentration of an analyte is 1 pM, the number of analyte molecules in

the cube is 0.6 molecules.

The other considerations are that the nanochannel dimensions are nearly equal or shorter than
the wavelength of visible light, and path lengths are decreased. Therefore, conventional absorbance

methods and optical methods using geometrical optics including reflection and refraction optics
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cannot be used for the detection in nanochannel dimensions.® % Among the various detection
methods that have been used for nanochannel detection, laser-induced fluorescence (LIF), thermal
lens spectrometry (TLS), and resistive pulse sensing are widely used in nanofluidic studies.'® A

summary and diagram of some of these detection methods are shown in Figure 1.9.

Laser-induced fluorescence (LIF) is widely used because fluorophores can be excited and
detected selectively with low limits-of-detection, even at the single-molecule level. In addition,
when the detection volume is decreased the sensitivity of fluorescence is enhanced significantly
due to reduced background signals generated by impurities and Rayleigh and Raman scattering.®
For the majority of separation experiments, wide-field epifluorescence systems are used (see
Figure 1.9A).2% % 71 However, for high resolution single-molecule experiments in the nanoscale,
LIF-confocal microscopy is often used to detect signals from analytes in a particular focal volume.
This single molecule method is widely used in the analysis of DNA molecules in nanochannels.”?

Resistive pulse sensing (RPS) is another method that is widely used in nanofluidics (see Figure
1.9B). When an analyte enters a three-dimensional nano-constriction known as a nanopore, the
analyte displaces a sufficient fraction of electrolyte ions and results in a measurable change in the
pore resistance, which corresponds to a change in current. Nanopore RPS is widely used for single
molecule detection, particularly in third generation nanopore-based DNA sequencing.”® There
have also been numerous electrokinetic separations performed that utilized in-plane, solid-state

nanopores for virus capsid separations or nucleotide separations.®® 74

Thermal lens spectrometry (TLS) is another sensitive method that has been developed as an
analytical tool for microfluidic applications to detect non-fluorescent analytes.” However,

conventional TLS cannot be applied directly to nanoscale experiments as the principle is based on
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refraction of light. Shimzu et al.”® modified conventional TLS and developed a new TLS detector
known as a differential interference contrast thermal lens microscope (DIC-TLM). DIC-TLM
exploits a local change in the refractive index of a solution and isused to detect the concentration
of non-fluorescent analytes in nanochannels (500 nm in depth and 5 um in width) with a 250 aL
detection volume (see Figure 1.9C). Non-labeled bovine serum albumin (BSA) were detected by

this method in extended nanochannels.”’
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Figure 1.9. A schematic diagram representing the detection methods used in nanoscale separation studies.
A) Laser induced wide field fluorescence imaging system equipped with a CCD (reproduced from
Pennathur et al. Analytical Chemistry 2007). B) Resistive pulse sensing of analytes migrating through a
nanopore (reproduced from Menard et al. ACS Nano 2012). C) Components in differential interference
contrast thermal lens microscope (reproduced from Shimizu et al. Analytical Chemistry, 2010).
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1.5 Biomolecule separations in nanofluidic devices

Nanofluidic devices can offer unique separations due to nanoscale phenomena. For example,
microscale separations of DNA make use of either a gel or a solution of hydrophilic polymers to
serve as a separation medium.”® ”® In contrast, gel-free separations of DNA can be achieved in
nanofluidic devices.® These gel-free separations can significantly reduce the cost and time for
separation making these methods applicable for clinical applications. In addition, due to the
increased surface area-to-volume ratio, several chromatographic methods are feasible when using
nanofluidic devices when open tubular columns are used. The advantages of nanoscale
chromatography are high efficiency, fast separation, and the use of extremely small sample
volumes, femtoliter (fL) or attoliter (aL) scale.?® In this section, the electrokinetic separation of
biomolecules and nanoscale chromatographic methods utilized for biomolecule separations are

reviewed.

1.5.1 Electrokinetic (EK) separations of biomolecules in nanofluidic devices

Recent review articles have presented an overview on the theories and experimental studies
for electrokinetic (EK) separations in nanochannels.® 2* 8 Compared to microscale electrophoretic
separations, separations in nanoscale requires a different perspective for studying the separation
phenomena as the separation can be altered by EDL effects and surface effects (surface
interactions, surface roughness).® As stated, the effects of EDL become prominent in nanochannels
due to EDL overlap, which can create a parabolic flow profile. EDL overlap can induce non-
uniform electric fields and result in ionic concentration gradients due to the equilibrium between

electromigration and diffusion of ions. This transverse concentration gradient not only depends on
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the EDL thickness but also depends on surface charge density, valence number of ions, and
temperature.?* 2> Another factor that affects EK motion of molecules in nanochannels is channel
dimension. In nanoslits, Taylor dispersion of neutral molecules across the channel width cannot
be neglected compared to that across the channel depth as molecules tend to spend a long time
across the channel widths.8 However for charged molecules in nanochannels, the equilibrium
between electromigration of molecules and diffusion affect their dispersion as molecular diffusion

can be constrained by the non-uniform electric field within the EDL.

The first efforts on EK separations in nanoscale focused primarily on DNA separations because
DNA separations have numerous applications in biotechnology, such as sequencing for mutation
detection, forensics, biometric fingerprinting, and identification of pathogens. Therefore,
developing methods that can separate and quantify DNA depending on their length is vital to
biotechnology and precision medicine. In addition to DNA separations, there are a few studies on
protein and amino acid separations as well. In the next section, several efforts on the EK separation

of biomolecules in nanofluidic devices are discussed.

One of the first EK DNA separations reported in nanoscale involved using an entropic trap
fabricated by shaping a microchannel with an alternating sequence of shallow (75-100 nm) and
deep (300 nm) wells. The shallow regions were designed to have depths smaller than the radius of
gyration of DNA. When DNA molecules were electrokinetically driven through the microchannel,
they got trapped temporarily at the entrance of the shallow wells.® Surprisingly, longer molecules
had higher escape rates from the traps as they have a larger surface area in contact with the
boundary of the nano-region, thereby increasing their probability of entry.* 8 The separation

efficiency in nanochannels using entropic trap arrays was higher at higher field strengths. 5*
25



Fu et al.>® further developed the entropic trapping using a device geometry with symmetric
wells (Figure 1.10A, B) that addressed the problem of separating small DNA molecules. In their
study, they were able to separate five different lengths of DNA in ~10 min over a 5 mm long
channel (see Figure 1.10 D). The basic device geometry used in their previous study was integrated
into a two-dimensional nanofluidic filter array, which allowed for different separation mechanisms
other than entropic trappings, such as Ogston and electrostatic sieving.8* Furthermore, this device

was able to separate biomolecules over a broad range of sizes in a continuous flow format.
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Figure 1.10. A) The layout of the nanofilter array chip with four buffer access reservoirs( anode, cathode,
sample and waste), a 1 cm separation channel and a T-shaped injector. B) A schematic diagram of the
cross section of the separation channel in nanofilter array chip consists of thin (ds) and thick (dd) regions
with equal lengths C) Scanning electron microscopy images of the thin regions in nanofilter array chip with
different depths. D) Electropherograms for the separation of double stranded DNA with different lengths.
1)50bp; 2) 150 bp; 3) 300 bp; 4) 500bp; 5)766 bp at different electric field strengths. E) Electropherograms
for the separation of SDS-protein complexes. 1) cholera toxin subunit B; 2)lectin phytomagglutinin-L; 3)
low density human lipoproteins at different field strengths.(Reproduced from Fu et al. Journal of Applied
Physics letters 2005)

Cross et al.®® showed the free solution separation of DNA traveling through nanoslits with
depths of 19 and 70 nm. The device used in the experiment consisted of two microfluidic channels,
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coupled to nanoslits (Figure 1.11). Fluorescence measurements revealed length-dependent
separation of DNA strands (2000 — 10000 bp) that were electrokinetically driven though the
nanoslits. When channel dimensions were on the same order as the size of the molecules migrating
through the channel, steric interactions influenced the separation. They suggested that surface
interactions with channel walls due to confinement led to length-dependent mobility of DNA in

free solution.
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Figure 1.11. A) A schematic diagram of the nanoslit device used for the separation and the length of the
separation channel is 3-4 cm. B) A schematic of the cross sectional transition of DNA from its three
dimensional relaxed state to squished state when forced into nanochannel in two dimensions where the
molecule becomes a pancake like entity composed of sub-blobs of DNA with a diameter equal to channel
height. C) Electropherograms showing the separation of mixture of DNA molecules in 19 nm deep
separation channel. (Reproduced from Cross et al. Journal of Applied Physics, 2007)

Pennathur et al.”® were able to achieve free solution separation of DNAs in nanometer sized
channels. A mixture of fluorescently labeled double stranded DNAs with sizes of 10, 25, 50, and

28



100 bp, fluorescein, and fluorescein-12-UTP were separated in fused silica nanoslits having
different depths (40, 100, and 1560 nm). In their study, they investigated the effect of carrier
electrolyte concentration on the separation by varying sodium borate buffer concentrations, which
ranged from 1 — 100 mM with the best separation resolution obtained at 10 mM buffer
concentration. The authors observed a length dependent migration order, which was influenced by
the thickness of the EDL. The thickness (Ap), Ap/h, and I/h parameters were varied to explore the
optimal conditions for the separation. At 10 mM (Ap/h =3%) the elution order was Fluorescein
(FL), UTP, and 10, 25, 50 and 100 bp oligonucleotides as a result of their mobility order; prL <
LuTP < piobp < M2sbp < Usobp < Mioobp. The authors observed the same order for the 5 mM (Ap/h =4%)
case too. Even though the elution order was the same, poor separation resolution was observed for
20 mM and 100 mM carrier electrolyte concentrations. At low buffer concetration,1 mM sodium
borate (AD/h = 0.10), the order of elution was changed compared to high ionic strengths, which
was FL, UTP and 100, 50, 10, and 25 bp oligonucleotides. At low ionic strength, the effects of ion
density, and EDL coupling compete with each other to determine the net axial migration rate.
Hence, transverse electromigration in the axial and transverse directions and steric-wall

interactions play a role in determining the EK resolution.(see Figure 1.12 A and B)
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Figure 1.12. A) Schematic of nanochannel electrophoresis of rod-like oligonucleotides. Important length
scales are the depth of the channel (2h), the length of the dsDNA (1), and the Debye length (AD). B)
Measured electropherograms for electrokinetic separations of fluorescein, UTP, and a 10-100 bp
oligonucleotide ladder in a 100 nm deep channel. Electropherograms are shown for separations in five
different concentrations of sodium borate. tr is the residence time of fluorescein in each experiment
(reproduced from Pennathur et al. Analytical Chemistry 2007).

In 2009, Huber et al.8 performed free solution DNA hybridization and separation of single
stranded and double stranded DNA in a 200 nm deep nanoslit. As depicted in Figure 1.13A, the
device consisted of a 5-ports variation on the common cross-injection chip. Instead of a single
sample port there were two sample ports (A and B) as supply channels that were intersecting at a
mixing T. The primary oligonucleotide probe with a sequence of 5 TCTCCTTGCTCTCTTCTC3'
was labeled with Alexa Flour 488 and an LIF fluorescence microscope system with EMCCD
camera was used for detection. The solutions were electrokinetically driven through the initial T
for mixing and hybridization was allowed to occur upon mixing and continued as the sample
passed through the channel into the injection region. A small sample plug was driven to the
separation via the EOF. As seen in Figure 1.13B, there was a clear separation of single stranded
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DNA and double stranded DNA in free solution in these nanoslit devices. According to their
results, the single stranded unhybridized oligonucleotide migrated faster than the hybridized
double stranded DNA. Moreover, they performed a kinetic study on the hybridization of DNA
over time and observed the depletion of the single stranded peak in the electropherogram while

obtaining the hybridized double stranded DNA peak.
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Figure 1.13. A) The schematic illustrates the 5-port device layout, including sample wells (A and B), mixing
tee, offset tee injector, and separation channel. B) Electropherogram of the separation of single stranded DNA
(left) and electropherogram of single stranded DNA plus the double stranded DNA(right) after hybridization step
(reproduced from Huber et al. Lab on a Chip 2009).

Sun et al.®” observed a velocity difference between methylated and non-methylated DNA in
quartz glass nanochannels with dimensions of 300 x 300 nm (depth and width, respectively). They

used A-DNA and T4-DNA methylated and non-methylated labeled with YOYO-1 dye. As depicted
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in the fluorescence images in Figure 1.14A and B, there was a clear distinction in translocation
velocity of methylated and non-methylated T4-DNA and A-DNA. They observed that methylated
DNA migrated faster than unmethylated DNA. They suggested that the coefficient of friction of
methylated DNA was lower than that of non-methylated DNA, allowing methylated DNA to

transit the nanochannel faster than non-methylated DNA.
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Figure 1.14. The velocity measurement of methylated and non-methylated DNA translocated inside the
nanochannel. Arrows show the translocation distance of DNA in 0.03 s. A) Fluorescence images of
translocation of methylated and non-methylated T4 DNA inside the nanochannel. Scale bars are 10 um. B)
translocation of methylated and non-methylated A DNA. Scale bars are 10 um. C, D )Histogram of
translocation velocities of methylated and non-methylated T4 DNA molecules and A DNA respectively for
n-200.
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Jia et al.” showed separation of deoxynucleotide monophosphates (dNMPSs) using a thermoplastic
nanofluidic device consisting of two in-plane pores connected with a 500 nm nanochannel
fabricated in polyethylene glycol diacrylate (PEGDA) using nanoimprinting lithography (Figure
1.15A) The dNMPs were electrokinetically driven through the nanofluidic device. Translocation
of dNMPs through the first nanopore generated a current blockade signal from one pore and then
electrokinetically migrated through the nanochannel and entered the other in-plane pore generating
another current blockade signal. The time difference between these two signals were taken as the
flight time of each dNMP, with each dNMP having a unique flight time. Differences in the flight
time of these dNMPs were investigated by varying the carrier electrolyte pH, and the length of the
nanochannel. The authors observed better differences in the flight times at pH 10. However, the
migration order remained the same at pH 8.3 and 10, which was dTMP< dCMP <dAMP <dGMP.
At this pH, they claimed the average identification efficiency of the dANMPs was 55%. When the
nanochannel length was increased from 500 nm to 1 um, they observed an increase in the average

identification accuracy, which was found to be 75%.
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Figure 1.15. A) a) Schematic diagram of the dual pore device with a 500 nm length flight tube. b)
SEM image of a fabricated dual nanopore device in a Si master. c) Image of a fabricated dual pore
device in PEGDA. B) Histogram of the time-of-flight for the dNMPs at pH 8.3 in 1 M KCI and
0.5X Tris borate EDTA buffer (TBE). C) Histogram of the time-of-flight for the dNMPs at pH 10
in1 M KCl and 0.5 X TBE.

Even though a majority of separations in the nanoscale are on DNA separations, there are a

few efforts on protein separations. Fu et al.>® were able to separate a mixture of three SDS protein
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complexes based on their molecular weights in a nanofluidic device possessing channels, which
were 60 nm in the shallow area and 300 nm in the deep region (Figure 1.10E). Interestingly, the
smaller proteins migrated faster, which is opposite to what was previously demonstrated in DNA
separation experiments. The resulting separation occurred at a length scale of 570 xm and a time
of 30 s. Schoch et al.®8 showed the separation of proteins by utilizing diffusion characteristics of
charged molecules in a Si-based nanofluidic device having 50 nm nanochannels. When pH of the
solution was changed, the charge of the protein was changed to be either negative or positive (pH
< pl — positive net charge; pH > pl — negative net charge), which is known as the Donnan effect.
Using this approach, the authors managed to separate three lectin proteins by varying the pH from
6 to 11; the lectins had the same molecular weight, but different pl values. Electrostatic interactions
became significant with increasing surface charges in the nanochannel, thus providing a

mechanism for separation based on different diffusion coefficient values.

Kuo et al.®° proposed a different separation device where vertically stacked microchannels
were connected by nano-porous membranes (Figure 1.16A). These membranes were arrays of
nanochannels where the transport properties depended on the surface change density that could be
controlled by applying an external voltage. Under normal operation, separation on the main
microchannel followed standard electrophoresis principles. The gating voltage could then be timed
to allow the transport of a specific analyte through the membrane and to the collection channel.
By applying this principle, the authors showed the separation of a mixture of amino acids (Figure

1.16B).
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Figure 1.16. A) Schematic diagram of the crossed microfluidic channels separated by a nanometer diameter
capillary array interconnect. B) Separation and selective collection of arginine and glutamate amino acids
derivatized with FITC. The electropherogram demonstrated the appearance of three bands without
collection (a); collection of glutamate band (b); collection of first arginine band (c); collection of second
arginine band (d).

1.5.2 Chromatographic separations of biomolecules in nanofluidic devices

In the nanoscale as a consequence of higher surface-area-to-volume ratios, interfacial forces
such as surface tension become dominant over the forces resulting from pressure, inertia and
viscosity in microscale. As a result, fluid transport in the nanoscale becomes difficult via pressure

driven flow, but easier to utilize EK transport. Conlisk et al*® in 2005, studied about the pressure
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drop and appalied voltage as a function of the channel height. According to their study, as the
height of a nanochannel decreased from 80 nm to 10 nm, at a flow rate of 1 uL/min, the pressure
drop in the nanochannel increased from 0.006 atm to 3 atm (~50,000%), while the voltage drop
increased by ~560% from 0.05 V to 0.33 V. At this low flow rate, such a high pressure drop creates
practical challenges to utilize pressure driven flows in nanofluidic channels compared to
electrokinetic driven flows. Therefore, EOF driven separations are common in the nanoscale.
However, there are a few studies involving pressure driven nanoscale chromatographic
separations.

Many of the nano-chromatographic separations utilize open nanochannels with coated walls
to avoid the limitations that exist from packed columns.® Utilizing open channels has an advantage
over packed columns by eliminating the need for a packing material and the process of packing the
column. In the absence of a packing material, Eddie diffusion, which reduces the separation
efficiency, can be avoided."®2 Tsukahara et al.*® developed a pressure driven fluidic control method
that can be utilized by nanofluidic systems. They used an air pressure-based fluidic control system
and was able to control the flow in a 100 nm channel on a chip within a pressure range of 0.003 —
0.4 MPa, a flow rate of 0.16 — 21.2 pL/min and the residence time of solutions in nanochannel ranged
from 24 — 32.4 ms.

Efforts in nano-chromatographic separations were carried out using a bare nano-capillary with
a radius of 500 nm and 46 cm in length for the separation of short oligonucleotides ranging between
5 — 20 bp, long DNA molecules ranging from 0.5 — 10 kbp, and DNAs of 75 bp — 20 kbp, all of
which were fluorescently labeled.** The authors utilized a three valve system for pressure injection
as seen in Figure 1.17A. They were able to obtain baseline separation for DNA in free solution and

the separation was affected using nano-capillary chromatography. In a fused silica nano-capillary
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with a negatively charged surface, cations were enriched near the wall while anions were
concentrated towards the center of the nano-capillary due to electrostatic attractions and repulsion
between the ions and charged surface. When the pressure driven flow was introduced to the capillary,
the solution at the center flowed faster than the solution closer to the channel wall as the pressure
driven flow was generating a parabolic flow profile. Therefore, more negatively charged large DNASs
eluted earlier than smaller ones (Figure 1.17B). Moreover, they studied the effect of buffer
concentration, capillary radius, and elution pressure on the separation. When the channel radius was
increased from 500 nm to 800 nm and then to 1000 nm, they observed poorer separation resolution

with larger column radius. Optimal separations were obtained at 50 uM buffer concentration;

however, when buffer concentration was high (>100 uM) separation resolution decreased.
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Figure 1.17. A) Schematic diagram of the experimental setup for performing pressure-driven nano-capillary
chromatography. B) Separation results of 5kb — 10 kb DNAs in a nano-capillary with a radius of 500 nm and
a total length of 46 cm. The separation traces represent the background TRIS EDTA concentrations of 50 p
M(1), 100 uM (2), 10 mM (3), 100 mM (4) and 500 mM (5) (reproduced from Wang et al. Analytical

Chemistry, 2008).
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Kitamori el al.®® introduced a novel chromatographic separation method named femto-liquid
chromatography (flc), for the separation of negatively charged dye molecules including fluorescein
(-2 charge) and sulforhodamine B (-1 charge) using pressure driven flow. They were able to separate
these molecules within 30 s and fluorescein, with a higher negative charge, eluting later than
sulforhodamine B, which has less negative charge. They claimed that the EDL thickness in the
nanochannel had a significant effect on the velocity of the analyte migrating through the
nanochannel. The authors demonstrated that the velocity difference of analytes depended on the ratio
of the channel dimensions to the thickness of the EDL (Ap). When the ratio was too large (large

channel size and small Ap) or too small (small channel size and large Ap), the charged solutes

spread throughout the channel or localized to the channel center due to electrostatic forces resulting

in no difference in their velocities.

Modifying the above method, Smirinova et al.?* % developed a reverse-phase chromatographic
method for the separation of amino acids in extended nanospace. A fluidic chip consisted of
nanochannels fabricated in quartz by EBL and plasma etching. The walls of the nanochannels were
modified with a C18 monolayer to obtain the stationary phase. Dimensions of their fluidic channel
were 800 nm x 200 nm width and depth with a 2 mm length. Additionally, a longer channel had a
length of 10 mm and a depth and width of 470 nm x 2,000 nm, respectively. Figure 1.18A shows an
image of the fluidic device they used. LIF was used to detect the signal of fluorescently-labeled

amino acids (serine, alanine, proline, and valine). They were successful in separating a 30 aL-labeled

amino acid mixture with a high number of theoretical plates, N (2 — 4 x103 plates) and a short

separation time (20 s) by using a nanochannel that had been extended to 10 mm in length. The
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longer nanochannel showed better separation efficiency compared to the shorter one under the

same amount of applied pressure (Figure 1.18B).
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Figure 1.18. A) An Image of the microchip and the schematic diagram of the design of the
extended nanochannels with 2.2 mm in length. B) Chromatograms of the separation of
fluorescently labeled amino acids by extended nano-chromatography top -separation of valine,
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leucine and phenylalanine; bottom-serine, alanine and proline (reproduced from Smirnov et al.
Journal of Chromatography A, 2015)

1.6 Overall dissertation outline

A summary of the chapters in this dissertation is presented below.

1.6.1 Chapter 2. Electrokinetic transport behavior of deoxynucleotide monophosphates

(dNMPs)through thermoplastic nanochannels.

In this chapter, we report the EK separation of dNMPs through thermoplastic nanochannels.
Mixed scale hybrid thermoplastic nanofluidic device was fabricated in PMMA substrate sealed
with COC cover plate after oxygen plasma treatment of both substrate and cover plate. In free
solution, we were able to separate these four dNMPs with identification accuracies higher than
99.9 % at pH 10.3. The separation resolution was sensitive to background electrolyte pH and ionic
strength of background electrolyte. Field dependent apparent mobilities were observed at lower
electric field strengths leading to intermittent motions caused by surface heterogeneity, surface

roughness effects.

This chapter is based on following manuscript.

O'Neil, C.; Amarasekara, C. A.; Weerakoon-Ratnayake, K. M.; Gross, B.; Jia, Z.;
Singh, V.; Park, S.; Soper, S. A., Electrokinetic transport properties of deoxynucleotide
monophosphates (dANMPs) through thermoplastic nanochannels. Analytica Chimica Acta
2018, 1027, 67-75.
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1.6.2 Chapter 3. Open tubular nanoelectrochromatographic separation of single stranded

DNA in thermoplastic nanochannels.

Herein we report the free solution separation of single stranded DNA oligonucleotides in
thermoplastic nanochannel devices. Mixed scale nanofluidic devices were fabricated using thermal
nanoimprinting lithography in PMMA substrates and sealed with COC coverplate. We
investigated the effect of surface roughness for the EOF for different PMMA materials. In addition,
we explored the use of different materials for the nanofluidic channels and their influence on the
separation. We observed length based separation of these ss-DNA oligonucleotides in these
nanochannels, where the separation resolution was influenced by the length of nanochannel and
the type of material. We introduced the separation mechanism we observe here as
nanoelectrochromatography. In agreement with the molecular dynamic studies, the EOF mobility

changed with the surface roughness.

1.6.3 Chapter 4. Electrokinetic Separation of Ribonucleotide Monophosphates (rNMPs) in

Thermoplastic Nanochannels.

In this chapter, we report the free solution separation of ribonucleotide
monophosphates(rNMPs) in thermoplastic nanochannel under optimal working conditions of
exoribonuclease 1 enzyme(XRN-1). Mixed scale nanofluidic devices were fabricated using
thermal nanoimprinting lithography in NIM-PMMA (non-impact modified PMMA) substrates and
sealed with COC 8007 coverplate. Besides PMMA nanodevices we fabricated monolithic
COC/COC nanofluidic devices(COC5010 as the substrate and COC8007 as the coverplate). The

COC/COC devices were UV/O3 treated after thermal bonding. Therefore, we investigated the
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magnitude of EOF with UV/Oz dose. We compared the nanoscale separation with free solution
microchip electrophoresis. Furthermore, separation is compared in monolithic COC/COC devices
and NIM- PMMA/COC devices. Moreover, the effect of pH on the separation is investigated.
According to our observations, the separation of rNMPs occurs primarily through electrophoresis
in COC/COC devices and NIM-PMMA/COC devices. However, surface interactions also partially

contribute for the separation in both of these materials.

1.6.4 Chapter 5. Ongoing developments and Future directions

In this chapter, we present a proposed sequencing scheme involving the use of dual nanopores for
sequencing based on the flight times (ToF) of the enzymatically digested nucleotide
monophosphates by solid phase bioreactor. These mononucleotides are electrokinetically
introduced into a separation nanochannel with two in-plane nanopores. We also describe ongoing
work involving the development of the solid phase bioreactor consist of exoribonuclease-1 (XRN-
1) tethered to thermoplastic pillars and are developing the fabrication scheme of integrated
RNA/DNA sequencing platform that will be utilized for the proof of concept of the proposed

method.
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Chapter2. Electrokinetic Transport Properties of Deoxynucleotide Monophosphates

(dNMPs) through Thermoplastic Nanochannels

This chapter is based on the following manuscript

O'Neil, C.; Amarasekara, C. A.; Weerakoon-Ratnayake, K. M.; Gross, B.; Jia, Z.; Singh,
V.; Park, S.; Soper, S. A., Electrokinetic transport properties of deoxynucleotide
monophosphates (ANMPs) through thermoplastic nanochannels. Analytica Chimica Acta
2018, 1027, 67-75.
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2.1 Introduction

Electrokinetic transport of molecules in nanochannels is influenced by several physical
parameters unique to the nanoscale such as electric double layer (EDL) overlap and the high
surface-to-volume ratio of nanochannels. In particular, surface mediated effects can affect the
electrokinetic transport properties of charged molecules through nanochannels that is not
observable in microchannels, such as surface roughness. Also, partial overlap in the EDL can occur

in nanochannels. The EDL thickness (Aq), is defined by;

1= E0o&rRT 21

where R is the gas constant, g is the dielectric constant of the medium, Fis the Faraday

constant, T is the temperature, and c is the concentration of the electrolyte solution °. As Ag
approaches the channel dimensions, EDL overlap can occur, which introduces a parabolic flow
profile rather than the classically observed plug-like flow typically seen in microscale channels
creating interesting transport properties “®. For example, it has been shown that double stranded
DNA (dsDNA) fragments have different mobilities in nanochannels in the absence of a sieving
medium when the channel dimensions are on the order of Aq . By comparison, dsDNA has the

same mobility irrespective of their size in microscale channels.

The increased surface area-to-volume ratio in nanoscale channels allows for solute/wall
interactions that can influence electrokinetic transport as well. Potential interactions of solutes with

walls include intermittent motion, which can cause mobilities that are electric field strength
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dependent, and is produced by surface roughness "°. These intermittent motions can be induced
by dielectrophoretic trapping generated by surface roughness on the nanoscale producing an
inhomogeneous electrical field. Additional wall effects include molecular retardation, friction, and
relaxation forces . Viscous retardation forces depend on the solute’s radius and Debye length and
arise from solute interactions with a non-conducting boundary *°. Frictional forces are those arising
from drag between the direction of bulk fluid flow and the channel wall. The relaxation effects, or
EDL distortions, arise from a greater charge density behind the solute compared to the front as the

ions comprising the EDL “lag” as the solute is transported through the nanochannel %12,

Another phenomenon that can be observed in nanochannels is adsorption/desorption events
between the solute and wall, which can be more prevalent in nanochannels compared to
microchannels due to scaling effects (i.e., smaller diffusional distances in the case of
nanochannels). Electrostatic, van der Waals, and hydration interactions between molecules and
channel walls contributes to the interactions of molecules with channel walls that will affect the
transport properties of the molecules. Depending on the magnitude of the interaction, adsorption
events can be classified as reversible or irreversible. In a computational study by Moldovan and
coworkers, the adsorption/desorption behavior of deoxynucleotide monophosphates (dNMPs)

traveling through polymer nanochannels was found to depend on the hydrophobicity of the ANMPs

13-15

The  electrokinetic ~ transport ~ of  silver  nanoparticles  (AgNPs)  through
poly(methylmethacrylate), PMMA, nanoslits (only one dimension in the nanoscale) was shown
recently 7. The authors were able to demonstrate size-dependent mobilities of AgNPs in buffer

only, which was not possible using microscale columns. Optimal differences in the mobilities were
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observed for 60 and 100 nm AgNPs at high electric field strengths, where no intermittent motion
was evident. O’Neil et al. showed differences in the electromigration of 20 nm polystyrene (PS)
beads traveling through PMMA nanoslits at varying electric field strengths 8. At low electric field
strengths (200 V/cm), the PS beads showed intermittent transport properties resulting in field-
dependent apparent mobilities and high dispersion in the mobilities, a result of this intermittent
motion. Further, the standard deviations in the mobilities in general were found to be higher at
lower electric field strengths due to flow recirculation that resulted from non-uniform surface
charges when using thermoplastic nanochannels 8. In both cases, the apparent mobilities were
found to be electric field dependent until a “critical” field strength was reached at which point, the

apparent mobilities were electric field independent as classically seen in microchannels.

Due to the unique transport properties offered by nanochannels, we sought to explore the
electrokinetic transport behavior of dANMPs through polymer nanochannels. To undertake this, we
used fluorescence tracking of the dNMPs by labeling the dNMPs with a common reporter such
that the transport properties could be associated with differences in the chemical properties of the
dNMPs only. The ability to efficiently identify dNMPs for applications such as single-molecule

sequencing (SMS).

One approach for SMS is nanopore sequencing, which uses naturally occurring pores such as
a-hemolysin . For nanopore sequencing, an intact DNA molecule is electrically transported
through the pore and produces a characteristic modulation of ionic current through which the
nucleotides can be identified 1. However, base calling accuracy is ~80% for several reasons,

including the fact that 10-15 nucleotides are resident within the nanopore at any one time 821,
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An alternative approach for SMS involves disassembling an intact DNA molecule into its
discrete monomer units (i.e., mononucleotides or dANMPSs) using an exonuclease immobilized at
the inlet of the nanopore, which addresses the issue of multiple nucleotide occupancy within a
single pore 2. A challenge with this approach is that each nucleotide is still identified using the

amplitude of a current blockage event only and thus, generates high error rates.

To address these issues, we are developing an innovative SMS strategy that enzymatically
cleaves DNAs using a surface-immobilized processive exonuclease to generate the dNMPs 232°,
The released dNMPs are electrokinetically transported through a nanochannel and identification
of the nucleobases is carried out using the unique apparent mobility (i.e., mobility matching) of
each dNMP electrokinetically traveling through a nanochannel. Thus, a thorough understanding
of the electrokinetic properties of ANMPs through nanochannels along with parameters that affect
separation resolution between the dNMP apparent mobilities, which is correlated to the base call
accuracy, will be required to realize this SMS approach. We investigated various experimental
parameters that may differentially affect the electrokinetic transport properties of the dNMPs, such
as electrolyte pH and Ap values as well as the electric field strength to optimize the ability to
identify dNMPs based on their apparent mobilities. To thoroughly understand the electrokinetic
properties of the dNMPs, fluorescence detection was used by labeling each ANMP with the same
fluorescence reporter (ATTO 532) and thus, any differences in the mobilities resulted from the

dNMP.
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2.2 Materials and Method

2.2.1 Reagents and materials.

Silicon <100> (Si) wafers were purchased from University Wafers (Boston, MA).
Poly(methylmethacrylate), PMMA, substrates and cover plates were purchased from Good Fellow
(Berwyn, PA) and cyclic olefin copolymer (COC 8007 and 6017) was purchased from TOPAS
Advanced Polymers (Florence, KY). An anti-adhesion monolayer of (Tridecafluoro-1,1,2,2—
tetrahydrooctyl) Tricholorosilane (T-Silane) was purchased from Gelest, Inc. (Morrisville, PA).
Tripropylene glycol diacrylate (TPGA), trimethylolpropane triacrylate (TMPA), Irgacure 651
(photo-initiator), 1-ethyl-3-[dimethylaminopropyl] carbodimide hydrochloride (EDC), thymidine
5’-monophophate disodium salt, 5-methylcytosine monophosphate disodium salt, cytidine 5°-
monophosphate disodium salt, adenosine 5’- monophosphate disodium salt and guanosine 5’-
monophosphate disodium salt, triethylammonium acetate (TEAA), (4-(2-hydroxyethyl)-1-
piperazineethanesulfonic acid, 2-amino-2-methyl-1-propanol (AMP), and methanol (MeOH) were
purchased from Sigma-Aldrich (St. Louis, MO). Tris-borate buffer and sodium hydroxide (NaOH)
was obtained from Fisher Scientific (Houston, TX). ATTO 532 dye was purchased from Atto-Tec
(Siegen, Germany). All required dilutions were performed using 18 MQ/cm MilliQ water
(Millipore technologies) and all measurements were performed at 25 °C unless specified

otherwise.
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2.2.2  Fluorescent labeling of dNMPs.

Since fluorescence is used as the detection method, it is necessary to label the dNMPs with a
fluorescent dye reporter. This was done through a modification of method described by Cornelius
et al. ImM dNMP solutions, 300 mM EDC and 100mM ATTO532 were prepared in 100mM
HEPES ((4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid) buffer at pH 6.5 100 puL of each
dNMPs were mixed with 100 puL of EDC and 100 pL of ATTO532 dye. These reaction mixtures
were allowed to react overnight in dark while shaking at 37°C. Then separation of dye labeled
dNMPs and free dye was done by HPLC purification. Jasco HPLC with Jasco FP-2020
fluorescence detection system was used with a ODS Hypersil RP18 prep column (10 mm ID, 150
mm length and particle size 5 um). Gradient separation was done using 0-35% acetonitrile (1%
per min) in 0.1 M triethylammonium acetate (TEAA), pH 7 at a flow rate of 5 mL/min. Collected
fractions were then concentrated using and Eppendorf concentrator 5301 at 30°C with vacuum for
24 h. Finally, the concentrated samples were confirmed with ESI-MS by NanoMate Quattro ii

mass spectrometer. All samples were stored at -20°C until required for use.

Atto-532

Figure 2.1: Reaction scheme showing the conjugation of ATTO 532 to adenosine monophosphate, dAMP.
100 pL of each ANMP (1 mM in 100 mM HEPES pH 6.5) was mixed with 100 uL EDC (300 mM in 100
mM HEPES) and 100 pL of ATTO 532 (25 mM in 100 mM HEPES) and reacted overnight while shaking
at 37°C.
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2.2.3 Fabrication of nanochannel devices

Fabrication of thermoplastic nanochannel devices were done according to a method described
by our group. Initially patterning of the two access mirochannels (55 um wide, 12 pum deep, 1.5
were done cm long) through standard photolithography followed by wet etching with 45% KOH.
Then 110 nm x100 nm (depath and with respectively) nanochannels were milled by focused ion
beam (FIB) milling. (Helios NanoLab 600 dual beam instrument-FEI, Hillsboro, OR)). Then anti
adhesion monolayer of (Tridecafluoro-1,1,2,2-Tetrahydroocty) Tricholrosilane was applied on to
the Si master with nanochannels. After that resin stamp was made using UV-curable polymeric
blend consist of 68 wt% TPGA (tripropylene glycol diacrylate) as the base, 28% TMPA(Trimethyl
propane diacrylate) as crosslinking agent and Irgacure 651 as the photoinitiator. This UV curable
resin was then sandwiched between COC6017 plate and Si master and UV cured by exposing to
365 nm UV lamp (10 J/m?) for 7 minutes in ultraviolet crosslinker (UVP, LLC, Upland, CA). Next
the cured resin stamp was demolded carefully from Si master and thermal imprinting was done via
nanoimprinting lithography (NIL) at a pressure of 2888 kN/m? for 120 s into 1.5 mm thick PMMA
sheet. During the process of imprinting the temperature of top and bottom plates of Hex03, thermal
imprinter was maintained at 95 °C. Once temperature reached to this set temperature, the set
pressure was applied and maintained during the entire process of imprinting until the system was
cooled down to 45 °C. Then sealing of the devices were done by using 100pum thick COC8007
coverplate. Before sealing, both coverplate and imprinted device were exposed to oxygen plasma
at a 50 mW for 1 minute to generate highest possible carboxylic acid groups and sealed with same

NIL imprinter by applying a pressure of 977 kN/m? at 70 °C for 900 s as explained by Uba et al.
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SEM images of the Si master, resin stamp, and imprinted thermoplastic device can be seen in

Figure 2.2.

Full Device

2.5x Zoom

5x Zoom

Si Master Resin Stamp Imprinted Device

Figure 2.2: SEM images showing the Si master (left panels), resin stamp (middle panels) and imprinted
PMA device (right panel) used for the nanochannel electrophoresis experiments.

2.2.4 Imaging system for nanoelectrokinetic separation experiment

All fluorescence imaging was performed using an Axiovert 35 inverted microscope (Carl Zeiss
AG, Oberkochen, Germany) equipped with a 100x oil immersion objective (NA 1.3). A Gaussian
laser beam (Nd:YAG; Aex = 532 nm; P = 0.01-5 W; 2.2 mm beam diameter) was expanded with a
10X Keplerian beam expander to completely back-fill the objective and the wings were knocked
out with an iris to ensure uniform laser intensity in the microscope’s field-of-view. The beam was

focused using a lens into the back of a microscope objective to allow irradiation of the entire field-
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of-view and passed through a 532 nm laser line filter and dichroic filter. The emission signal was
collected by the objective, passed through a dichroic filter, spectrally selected using longpass and
bandpass filters, and imaged onto an iXon3 897 EMCCD camera (Andor Technology Ltd., Belfast,

United Kingdom) (see Figure 2.3)
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Figure 2.3: A) Optical set-up of the fluorescence imaging system. The Gaussian beam from the laser
(Nd:YAG; Aex =532 nm; P = 0.01-5 W; 2.2 mm beam diameter) was expanded 10x using a Keplerian beam
expander and the wings were knocked out with an iris that ensured uniform laser intensity in the field-of-
view and complete back-filling of the objective (OBJ). The beam was focused into the back of a 100x oil
immersion objective lens (OBJ) using lens (L3) after passing through a 532 nm laser line filter (F1) and
reflected by a dichroic filter (DF). A collimated laser beam impinged upon the polymer nanofluidic device.
The fluorescence signal was collected by the same objective, passed through the DF and spectrally selected
using a longpass filter (F2). A mirror was used to steer the fluorescence signal onto the EMCCD after
passing through a bandpass filter (F3) and focused using a lens (L4) 8. B) Photograph of the laser excitation
system shown in A). C) Photograph of the nanofluidic chip sitting atop the microscope objective and
illuminated with the 532 nm laser.
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2.2.5 Nanochannel electrokinetic transport properties of ATTO 532-labeled dNMPs

Assembled nanochannel devices were activated using 21.85 mW/cm? UV/Oj3 through a 100
um COC cover plate for 15 min. After activation, chips were primed using 50 % MeOH for 5 min.
The MeOH was evacuated from the nanofluidic device and it was then filled with 50 mM Tris-
Borate (TB) buffer at the desired pH and allowed to equilibrate for 10 min. ATTO 532-labeled
dNMPs samples (200 nM) were prepared in the carrier electrolyte and introduction of the sample
was done by removing the priming carrier electrolyte from the reservoir on chip and filled with
the dNMP solution. The carrier electrolyte was then removed from the opposite reservoir to allow
for pressure injection of dye-labeled dNMP solution into the access microchannels. Once the
access microchannels were filled, all reservoirs were filled with equal volumes of the carrier
electrolyte. Electrodes were placed in opposite access reservoirs to allow a drive voltage to drop
across the nanochannels. A square wave voltage (Vpp) was applied using an ATTEN ATF20B
function waveform generator for a period of 5 s to allow for injection of the dye-labeled dNMPs
into the nanochannel. Events were recorded for 5,000 frames allowing multiple events to be

analyzed.

2.2.5 Nanochannel electrokinetic separation data analysis

Fiji (a version of Imagel) software?® was used to analyze the nanochannel electrokinetic
separation data. Videos of events were imported into Fiji and 1 um? “detection windows” were
placed at the entrance and exit of the nanochannel. In the Fiji software, these detection windows
recorded the fluorescence intensity over time. This data was exported into Origin 8.5 and the first

derivative was taken of each data set to produce two peaks indicating the time at both the entrance
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and exit of the nanochannel. The time between peak 1 and peak 2 was assigned a At value for each
dNMP and the apparent mobility of the dye and dye-labeled dNMPs could be determined from At,

the applied voltage (V) and the distance between the input point and output points of the column.

(see Figure 2.4)
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Figure 2.4. Depiction of how the nanochannel electrokinetics and data analysis were performed. The top
panel shows a fluorescently labeled dNMP being electrokinetically transported through a nanochannel with
the yellow boxes indicating Position (Pos) 1 and 2. The bottom left panel shows the fluorescence intensity
profile of one injection event at POS 1 and 2. The bottom right panel shows the first derivative of the
intensity profile to determine the time required for each dNMP to migrate from Pos 1 to Pos 2.

2.3 Results and discussion

Theory and experimental studies for the electrokinetic transport of charged molecules through
nanoslits has appeared in recent reviews 2”28, For ion transport with d/ip ratios (d = channel
width/depth) ranging from 1-10, anomalous transport behavior has been observed, such as charge-

dependent ion speeds due to transverse electromigration resulting from solute/wall electrostatic
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effects # ¢ 2230 pennathur and Santiago determined that electrokinetic transport in nanoslits made
from glass was dependent on ion valence,  (zeta potential), ion mobility, and Ap * ©. For example,
Garcia et al. illustrated the electrokinetic transport of the fluorescent dyes Alexa 488 (negatively
charged) and rhodamine B (neutral) in Si nanoslits of various depths ranging from 35 to 200 nm 3.
The apparent mobilities of the dyes were dependent on their charge and extent of interaction(s)

with channel walls.

Here, we explored the use of nanochannels (2 dimensions in the nanometer domain),
specifically thermoplastic nanochannels, as opposed to nanoslits (only 1 dimension within the
nanometer domain) on the electrokinetic transport properties of fluorescently labeled dNMPs. We
also investigated how the carrier electrolyte composition would affect the transport properties of
the four naturally occurring nucleotide monophosphates, dGMP, dAMP, dCMP, and dTMP, and
the methylated cytosine (mdCMP) residue. The monophosphate form of these molecules was
selected because these are generated upon cleavage of DNAs by A-exonuclease, which is the focus

of our SMS approach 2% 24,

2.3.1 Nanochannel electrokinetic transport behavior of ATTO 532 dye.

To initiate this study, fluorescence tracking of the ATTO 532 dye was undertaken. Because we
intended to use ATTO 532 as a reporter for tracking the electrokinetic motion of the dNMPs
through the polymer nanochannels, we sought to understand the mobility of this dye alone.
Nanochannel electrokinetic experiments of the dye at varying electrolyte concentrations were
performed, because changing the carrier electrolyte concentration modulates the EDL thickness

and can introduce different EOF profiles under certain conditions. With a carrier electrolyte
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concentration of 44.5 mM, Aq¢ was 1.25 nm and at an electrolyte concentration of 0.45 mM, A4 Was
12.5 nm (see Equation (2.1)). To determine the extent of EDL overlap, xa was used as an

operational metric, where a is the channel radius and « is the inverse of Aq;

8mne?
eKT

where n is the bulk ion concentration 3!, e is the elementary charge of an electron, € is the
dielectric constant, K is Boltzmann’s constant and T is temperature. If ka >> 1, there is negligible
EDL overlap and thus, the EOF profile should be classically plug-like; however, for cases where
ka = 1, significant EDL overlap occurs and the EOF profile is predicted to resemble Poiseuille-
like flow °. For a buffer concentration of 44.5 mM and Ag of 1.25 nm with the nanochannels
possessing a width and height of ~110 nm (a = 55 nm), the xa value was ~44 indicating primarily
plug-like flow. For a buffer concentration of 0.45 mM and Aq = 12.5 nm, the ka value was 4.4

indicating partial EDL overlap and thus, more parabolic-like flow (see Equations (2.1) and (2.2)).

As can be seen in Figure 2.5, for both carrier electrolyte concentrations a field-dependent
apparent mobility of the dye was observed until a “critical” electric field strength was reached,
where the apparent mobility became field independent. Microscale electrokinetics would predict
that the mobility of the solute be independent of field strength (e.g. we assumed that the EOF is
constant for each electrolyte concentration) and thus, changes in the apparent mobility, which is
the sum of the EOF and the electrophoretic mobility of the dye, are due to changes in the
electrophoretic mobility of the dye 2. The field strength dependency of the apparent mobility has
been reported for the electrokinetic transport of molecules in nanochannels and arises from
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intermittent motion "°. We also note that the thermoplastic nanochannels we are using have non-
uniform surface charges generating solute recirculation due to inhomogeneous charge distribution

of the channel walls, which is also electric field strength dependent .

At a “critical” electric field strength, the apparent mobility becomes independent of the applied
electric field strength. As seen in Figure 1, this critical field strength was dependent on the
electrolyte concentration. For a carrier electrolyte concentration of 44.5 mM, the critical field
strength for the ATTO 532 dye was 479 V/cm, while for an electrolyte concentration of 0.45 mM,
the critical field strength was 273 VV/cm. Above these critical electric field strength values, the
apparent mobility of ATTO 532 was ~5.0 x 10° cm?/V s for both electrolyte concentrations. Thus,
as the electric field is increased, the effects of intermittent motion and recirculation become less,
resulting in an increase in the electrophoretic mobility of the dye and as seen in Figure 1, a decrease
in the apparent mobility. Above the critical field strength, the effects of intermittent motion and
recirculation become inconsequential to the apparent mobility and a field independent mobility is

observed.

As we have seen in our previous work on nanoscale electrokinetics ", when intermittent
motion and recirculation occur, the standard deviations in the measured mobilities are large,
consistent with the data displayed in Figures 2.5 a and b. At higher electric field strengths, the

standard deviations in the measured apparent mobilities becomes smaller.
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Figure 2.5: Apparent mobility versus field strength for ATTO 532 injected into a nanochannel that was
110 x 110 nm (width and depth; L = 100 um) that were fabricated in PMMA and possessed a COC cover
plate. The nanochannel electrokinetic used two different carrier electrolytes consisting of; a) 44.5 mM TB
with a pH 8.3 (A = 1.25 nm); and b) 0.45 mM TB pH 8.3 (A« = 12.5 nm). Errors bars show * standard
deviations for the apparent mobilities.

2.3.2 Nanochannel electrokinetics of the ATTO 532-labeled dNMPs.

Because the same dye reporter was covalently attached to each of the dNMPs, differences in
the apparent mobilities of the dNMPs were assumed to arise from the identity of the nucleobase.
This was necessary to study, because in our SMS approach, we will be identifying the dNMPs
from their characteristic apparent mobility in a label-free approach. Labeling is not be possible
post-cleavage due to reaction time limitations and building full complements of DNA strands using
modified nucleotides is problematic as well. The charge of the dNMPs is based on the phosphate
group, the ATTO 532 dye label, and the nucleobase. Deprotonation of the phosphate group
(contributes -1 net charge) occurred at all pH values investigated (pH 8.3 — 10.3) as well as the
sulfonate groups of the dye label (contributes -2 charge) and as such, all of the dNMPs are

negatively charged. Changes in the net charge of the dNMPs over the pH range investigated is
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primarily due to the nucleobase, which can affect their apparent mobility **. Guanine and thymine
have a pKa of 9.3 and 10.4, respectively, and therefore these ANMPs can change over the pH range

investigated (Table 2.1) 2,

Table 2.1: The net charges of dANMPs at pH 8.3 and pH 10.3

Nucleotide Net charge at pH 8.3

dAMP -3 -3
dGMP -3 -4
dCMP -3 -3
dTMP 3 4

Figure 2.6a shows the apparent mobility versus electric field strength for the four ANMPs using
a 110 x 110 nm nanochannel with a carrier electrolyte consisting of 44.5 mM TB at pH 8.3. At pH
8.3, all ATTO 532-labeled dNMPs have a net charge of -3; the ATTO-532 dye contributes a -2
charge for all ANMPs and the phosphate is -1 (Table 2.1) with all nucleobases not carrying a charge
at this pH. The apparent mobility is a sum of the EOF (Ueor) and the electrophoretic mobility of the
dNMP (ep). In this case, the electrophoretic mobility of the dye/dNMP conjugate is opposite in

direction to the EOF and an increase in [ep results in a decrease in the apparent mobility.

We observed a smaller apparent mobility of the dye-labeled dNMPs compared to the free dye
due to the increased negative charge of the conjugates compared to the free dye arising from the
additional negative charge of the phosphate group. From Figure 2a, there were differences in the
apparent mobilities of the 4 dNMPs in spite of the fact that they all carried the same net charge at

this pH. Moreover, all of the nucleotides showed an apparent mobility that was dependent on the
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electric field. Because the EOF mobility does not change as a function of the electric field strength
7.8 changes in the apparent mobility were assumed to arise from differences in the apparent
mobility of the dNMPs at different field strengths due to intermittent motion and/or recirculation

as was seen for the free dye.

Figure 2.6 b shows histograms of the apparent mobility for the ATTO 532-labeled dNMPs at
342 V/cm, which was selected because it provided optimal separation resolution between the
dNMPs. The resolution for these dNMPs was determined from the Gaussian fits to the histograms.
Table 2.2 shows the separation resolutions between dNMP Gaussian fit pairs at pH 8.3 using 44.5
mM TB buffer. The apparent mobility order, JAAMP < dTMP < dGMP < dCMP was in close
agreement with the hydrophobicity order of the dNMPs (dGMP < dCMP < dAMP < dTMP) 2434,
The hydrophobic nature of dAMP and dTMP likely generates more solute/wall interactions and
will thus show a lower apparent mobility, while the less hydrophobic dGMP and dCMP will have
larger apparent mobilities. This suggests that the apparent mobility order using these conditions
(pH 8.3, Ad = 1.25 nm), may not only depend on the differences in charges and/or sizes of the
dNMPs, but also on the extent of solute/wall interactions; the walls of these devices consist of
PMMA/COC carrying a partial negative charge resulting from O plasma activation, which also
generates nanoscale surface roughness giving rise to intermittent motion. As we have shown,
specific surface areas lack charges following activation creating unmodified polymer with a low

surface energy that can promote hydrophobic/hydrophobic interactions as well as recirculation &,

Taylor dispersion resulting from Joule heating can contribute to variances in the apparent
mobilities of the dNTPs. This variance shows a strong dependency on column radius (R®) and

results in the optimum field strength for microscale experiments to be only a few hundred V/cm
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82,3536 However, nanochannels with their reduced channel dimensions allows for the use of much
higher electric field strengths without observing deleterious effects arising from Joule heating. The
consequence of this is also reduced variances due to longitudinal diffusion *-%, Variances in the
observed apparent mobilities (see Figure 2.6) for thermoplastic nanochannels can also arise from
non-uniform distribution of surface charged groups following Oz plasma activation giving rise to
recirculation 8; control of the dose used for activation can lead to an optimal surface charge density
with higher charge densities correlated to lower surface charge heterogeneity and thus, lower

variances in the apparent mobility.

Furthermore, utilizing COMSOL simulations to reconstruct fluid flow profiles in nanochannels
with a heterogeneous distribution of point charges, the simulations indicated that there were
regions of fluid recirculation leading to both positive and negative velocities. The results indicated
that when the electric field strength was high (=300 V/cm), intermittent motion as well as
recirculation were significantly reduced, which was observed when the apparent mobility became
independent of the electric field strength, Figure 2.6A 8. Also, in general the variances in the
apparent mobilities became less when the mobilities became independent of field strength due to

minimal contributions of intermittent motion and recirculation on the solute’s mobility.
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Figure 2.6: a) Apparent mobility versus the electric field strength for ATTO 532 conjugated to dCMP,
dGMP, dTMP and dAMP injected into a nanochannel that was 110 x 110 nm (width and depth; L = 100
pum) and used PMMA as the substrate with a COC cover plate. The electrokinetic used a buffer of 44.5 mM
TB at pH 8.3 (Aa = 1.25 nm). b) Histograms of the apparent mobility for the dye-labeled dNMPs using a
field strength of 342 V/cm in a 100 pum total length nanochannel. Histograms were fit to a Gaussian function
with of the apparent mobility histogram (each bin represents 2x10° cm?/Vs apparent mobility units). The
error bars represent the standard deviations in the measurements.

We calculated the separation resolution between the ATTO 532-dNMPs at a field strength of
342 V/cm and pH = 8.3 TB (44.5 mM), the result of which are summarized in Table 2.2. For these
conditions, we noted the separation resolution ranged from 0.73 — 2.13. These were determined
from the average mobility values and the standard deviations in the Gaussian fits (Figure 2.6 b) to

the histograms of apparent mobilities for the dNMPs.
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Table 2.2 Separation resolution between ATTO 532-dNMP pairs at pH 8.3 and 44.5 mM TB
(taken from Figure 2b) were calculated using R = Ap/wavg where Ap is the difference in the average
apparent mobility (determined from the centroid of the Gaussian fit to each histogram) for each
peak pair and wayg is the average full width of the two peaks, which is related to the standard
deviation of the Gaussian.

Resolution dAMP dTMP dGMP dCMP

dAMP = 0.97 2.13 1.47
dTMP 0.97 - 0.85 0.98
dGMP 2.13 0.85 = 0.73
dCMP 1.47 0.98 0.73 -

2.3.3 Effect of pH on the nanochannel electrokinetics of ATTO 532-labeled dNMPs.

As a matter of comparison between microscale electrophoresis of the ANMPs and the nanoscale
electrokinetics in terms of pH effects, we carried out microscale separations of the dNMPs using
a capillary (id = 50 um; effective length = 56 cm). We explored the free solution electrophoretic
of the dNMPs in a buffer consisting of 89 mM TB at different pH values as seen in Figure 2.7. The
dNMPs migrated from anode to cathode in spite of their anionic nature at all pH values due to the
high electroosmotic flow, EOF (EOF = 7.2 x 10%; pH 9.3). Regardless of the pH, co-migration of
dAMP and dCMP was seen most likely due to the lack of a pH-sensitive group on the nucleobases.
At pH = 9.3, dGMP showed the highest electrophoretic mobility and thus, migrated the slowest
(i.e., dGMP had the lowest apparent mobility). At this pH, guanine’s electrophoretic mobility was

-3.72 x 10 cm?/V*s while thymine had an electrophoretic mobility of -3.22 x 10 cm?/Vs. When
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the pH was changed to 12, well above the pKa for both dTMP and dGMP, the electrophoretic
mobility increased for both molecules. Guanine’s electrophoretic mobility at pH = 12 was -4.55 x
10 cm?/V*s and thymine’s was -4.35 x 10 cm?/V*s, most likely due to further deprotonation of

the nucleobases at this high pH value.
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Figure 2.7 Microscale electrophoresis of dAAMP, dCMP, dTMP and dGMP at varying pH values. The
electrophoresis was performed using the following conditions: Carrier electrolyte was 1 mM MgCl; in 89
mM TB. The applied voltage was 20 kV (310 V/cm). The separations were performed in a silica capillary
that possessed an ID = 50 um, total length = 64.5 cm, effective length = 56 cm, pressure injection at 90
mbar* s, with UV detection at 254 nm. In this case, the nucleotides were not labeled with ATTO 532.

Figure 2.8 shows histograms of the apparent mobilities for the ATTO 532-dNMPs within a
nanochannel (44.5 mM TB) at pH 10.3 and a field strength of 342 VV/cm. In Figure 4 a summary
of the pH-dependent mobility of the ATTO 532-dNMPs is shown. Over the pH range investigated
(pH 8.3 — 10.3), the EOF remains constant due to the low pKa (~5) of the surface-confined
carboxylic acids ® *#4! and thus, the observed changes in the apparent mobilities arise from

differences in the electrophoretic mobilities of the ATTO 532-dNMPs conjugates. In addition, the
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reporter fluorescent dye (ATTO 532) does not change its charge state within the investigated pH
range indicating that the change in apparent mobility is associated with the chemical properties of
the nucleobases. The increase in the pH could have a two-fold effect on the apparent mobilities of
the dNMPs: 1) Changing the negative charge state of the dNMP nucleobase due to the presence of
weak acid/base groups; and/or 2) altering potential solute/wall interactions due primarily to

changes in the charge states of the nucleobase.

All nucleotides, except for dGMP, showed a larger apparent mobility at pH 9.3 and 10.3
compared to pH 8.3 when using a 44.5 mM carrier electrolyte concentration. The different apparent
mobility order compared to pH 8.3 arose from differences in the electrophoretic mobility of dGMP
as a result of pH changes. The mobility for dGMP decreased with an increased pH from 8.3 t0 10.3
resulting from an increase in the net negative charge of dGMP from -3 (pH 8.3) to -4 (pH 10.3;
see Table 2.1). Additionally, we show a histogram of the apparent mobilities for mdCMP (Figure
2.8), which showed a larger apparent mobility compared to the other nucleotides. Fitting of a
Gaussian function to the histogram in this case was poorer (R?> >0.94) compared to the non-
methylated dNMPs (R? > 0.999), which may have been due to different adducts present in the
methylated cytosine sample. In spite of this observation, the large differences in the apparent
mobility of the mdCMP compared to the other dNMPs suggests that mobility matching could be
used as an identification approach for detecting epigenetic modifications in genomic DNA without

requiring bisulfite conversion.
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Figure 2.8: Histogram of apparent mobilities for the dye-labeled dNMPs at field strength of 342 V/cm in
a 100 pm long nanochannel. The nanochannel electrokinetic conditions are the same as in Figure 2.7 but
using a carrier electrolyte of pH = 10.3. Gaussian functions were fit to the histograms as discussed in Figure
2.7h.

Figure 2.9 shows the relative apparent mobilities of the nucleotides as a function of pH. At
lower pH values, larger differences in the apparent mobilities were observed. However, at higher
pH values, we observed an increase in the overall separation resolution between the nucleobases
(see Table 2). The poorer overall resolution observed at lower pH values was a result of the higher
standard deviations seen in the measured apparent mobilities for all of the dNMPs as compared to
the higher pH values (see Figure 4). One trend that emerged from this data is that dCMP was not

very sensitive to pH changes while the other three nucleotides were.
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Figure 2.9. Relative apparent mobility of the ATTO 532-labeled dNMPs with respect to carrier electrolyte
pH values. Apparent mobilities have been normalized to the highest observed apparent mobility for pH 8.3,
9.3 and 10.3. (Note: data lines are connected only for ease of interpretation). The error bars represent the
standard deviations in the measurements.

Another important metric for the utilization of mobility matching for the identification of
mononucleotides is the identification or base call accuracy, which is related to the separation
resolution between the nucleotides. We define the “identification accuracy” as the amount of
overlap of two adjacent Gaussian fits to the histograms of the ATTO 532-dNMPs’ apparent
mobilities. With a pH value of 10.3 and a field strength of 342 V/ecm (g = 1.25 nm), the separation
resolution between the dNMPs ranged from 0.80 — 4.84 (Table 2.3). A resolution of 0.5 has a
classification accuracy of 68%, which is based on the degree of overlap in the Gaussian fits. A

resolution of 1.0 has a classification accuracy of 96%. Table 2.4 shows the calculated identification
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accuracies for the nucleotides at pH 10.3. As can be seen from this data, the base call accuracy is
>95% in all cases, except for the dTMP/dCMP pair, which was determined to be 87%. There are
a number of experimental conditions that can be altered to potentially improve the base call
accuracy, such as using higher electric field strengths, increasing the channel length or removing

the dye reporter.

Table 2.3. Resolution between ATTO 532-dNMPs pairs at pH 10.3 and 44.5 mM TB (taken from
Figure 2.8) and calculated as in Table 2.2

Resolution dAMP dTMP dGMP
dAMP - 0.97 2.13 1.47
dTMP 0.97 - 0.85 0.98
dGMP 2.13 0.85 - 0.73
dCMP 1.47 0.98 0.73 -

Table 2.4. Identification accuracy for all ATTO 532-dNMPs at pH 10.3 and were calculated using
the peak overlap between Gaussian fits to the histogram of apparent mobilities at pH 10.3

Identification dAMP dTMP dGMP dCMP
Accuracy
dAMP - >99.9 % >99.9 % 97.0 %
dTMP >99.9 % - >99.9 % 87.0 %
dGMP >99.9 % >99.9 % - >99.9 %
dCMP 97.0% 87.0% >99.9 % -




2.3.4 Effect of EDL overlap on the nanochannel electrokinetics of ATTO 532-labeled

dNMPs.

In the region of EDL overlap, the flow profile becomes more parabolic . Due to high surface-
to-volume ratios on the nanoscale, electrostatic forces induced by a charged wall can place charged
particles within a particular flow streamline allowing for mobility differences of molecules that
may show no difference on the microscale; this has been called Transverse electromigration, TEM
4244 EDL overlap may also prevent the injection of co-ions into the nanochannel due to
concentration polarization °. To observe how EDL thickness affected the electrokinetic transport
properties of the dye-labeled dNMPs, studies on the transport of the ATTO 532-dNMPs with a
carrier electrolyte concentration of 0.45 mM TB (pH 8.3) under varying electric field strengths
was undertaken (Figure 2.10). We did not observe concentration polarization of the dye-labeled
nucleotides at any EDL thickness evaluated herein. The overall magnitude of the apparent mobility
was higher for the dNMPs when compared to the case of the 44.5 mM carrier electrolyte, which
possessed a thinner EDL. dCMP did show a field strength dependence on its apparent mobility

while the other ANMPs did not; the cause for this is currently being investigated.
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Figure 2.10: a) Apparent mobility versus the electric field strength for ATTO 532 conjugated to dCMP,
dGMP, dTMP, and dAMP. The nanochannel electrokinetic conditions are the same as shown in Figure 2
except that the carrier electrolyte concentration was 0.45 mM TB pH 8.3 (Aq = 12.5 nm). b) Histogram of
apparent mobility for the dye labeled dNMPs with a field strength of 342 V/cm in a 100 um long nanochannel.
The error bars represent the standard deviations in the measurements.

Furthermore, a decrease in separation resolution of the mononucleotides was observed with
the thicker EDL (0.45 mM TB) as compared to the carrier electrolyte consisting of 44.5 mM and
a more compressed EDL. As seen in Figure 5, the separation resolution dropped to as low as 0.25
with the highest being 2.33 (Table 2.5). In addition, increases in the standard deviation in the

Gaussian fits to the apparent mobility histograms was also observed.
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Table 2.5. Resolution of ATTO 532-dNMPs pairs at pH 8.3 and 0.45 mM TBE (from Figure
2.10B) and were calculated the same procedure as described in Table 2.1

Resolution dAMP dTMP dGMP dCMP
dAMP = 2.33 0.25 0.51
dTMP 2.33 - 1.64 0.75
dGMP 0.25 1.64 = 0.29
dCMP 0.51 0.75 0.29 -

2.4 Conclusions

In all cases and consistent with our previous papers dealing with nanoslit electrokinetics of
charged particles, higher electric field strengths provided lower standard deviations in the apparent
mobilities (see Figure 1) " 8 This was due to the prevalence of intermittent motion and
recirculation at low electric field strengths, both of which can cause higher variances in the
apparent mobilities. The effects of intermittent motion and recirculation could be minimized when

employing higher electric field strengths.

We determined that electrokinetic transport of the dNMPs was sensitive to the pH and ion
concentration of the carrier electrolyte. Separation resolutions ranging from 0.73- 2.13 were
achieved at pH = 8.3 and at a pH = 10.3; resolutions to 4.84 were observed. While higher pH
values may further improve mobility-based identification, it was not possible to carry out these
experiments at pH values >10.3 due to delamination of the nanofluidic device cover plate from the

substrate.
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Furthermore, it was determined that buffer concentrations that affect the degree of EDL
overlap can affect separation resolution as well. For example, decreased resolution of the dNMPs
was observed for cases where the EDL was significantly overlapped compared to the case with a
lower degree of EDL overlap. For cases where there is partial EDL overlap, more parabolic flow
would be expected that can, under the action of TEM, improve resolution. However, we did not
observe for our studies most likely due to the fact that the devices used herein were hybrid devices
(PMMA-to-COC) that have different surface chemistries and thus, would have different EOF
values °. For hybrid-type devices, the flow profile can be distorted, which may cause higher
variances in the apparent mobilities compared to monolithic devices (e.g., COC-to-COC),

especially with thicker EDLs *°.

In these studies, we utilized dye-labeled dNMPs to allow for tracking of the molecules during their
transport through the nanoscale channel. However, in our envisioned single-molecule sequencing
approach, labeling of the mononucleotides either before or after exonuclease digestion would be
problematic “6. Therefore, single-molecule detection of the dNMPs using a non-labeling approach
would be preferable to allow for identification of single nucleotides following exonuclease
cleavage using mobility matching. We are currently developing such a strategy that employs in-
plane pores poised at the input and output ends of a nanochannel column and are fabricated via
nanoimprinting in polymers 4. While this detection format is desirable for our proposed single-
molecule sequencing strategy, it cannot track the transport properties of the dNMPs through the
nanochannel. Thus, the use of dye-labeled dNMPs and fluorescence tacking provided a viable
approach to carefully understand the transport properties of the dNMPs to guide optimization of

experimental conditions and nanochannel geometry for optimal identification of the dNMPs
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Chapter 3: Open-tubular Nanoelectrochromatography: (OT-NEC) Gel-free Separation

of Single Stranded DNAs in Thermoplastic Nanochannels
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3.1 Introduction

Nucleic acid separations continue to represent an important area in research, forensic, and
clinical laboratories because many applications in each laboratory setting requires identification
of molecular biological reaction products using a separation step whether it be chromatographic
and/or electrophoretic. For example, much emphasis has been placed on precision medicine

(https://mwww.whitehouse.gov/precision-medicine), where diagnosis, treatment, and prevention are

tailored to an individual’s genetic makeup of their disease.® DNA biomarkers that can be used as
diagnostic and prognostic indicators of disease include, but are not restricted to, single nucleotide
polymorphisms (SNP),deletions, insertions and other sequence variations and in forensics to find
short tandem repeats (STR). STRs are used in forensic applications for human identification where

the assay typically incorporating a PCR step followed by capillary gel electrophoresis.?

Single-stranded DNAs (ssDNA) can be the product of the biological reaction, such the ligase
detection reaction (LDR), which can detect known point mutations with high sensitivity, even at
the single molecule level.® Thus, an increased demand to analyze and separate sSSDNA with high
resolution in clinical settings is becoming very important.*® For example, in LDRs the sequence
content of the primers serve to define the particular SNP (biomarker) to be queried with changes
in the lengths of the primers used to allow for multiplexing (i.e., analyzing multiple mutations

simultaneously), with the resultant products sorted via electrophoresis.’*

The growing need for higher throughput, and separations with higher efficiency that result in
better resolving power to increase the multiplexing capacity of the assay are still needed. The
workhorse for sorting sSDNAs continues to be capillary gel electrophoresis and much work over

the last 20 years have focused on developing new surface coatings for capillary columns to
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suppress the electroosmotic flow (EOF) and gel formulations that can be used to
electrophoretically sort DNA fragments;(REF) due to the free draining behavior of DNA, they
comigrate in free solution irrespective of size.(REF) Unfortunately, the need for column coatings
and gels can limit the utility of current gel-based electrophoretic methods, especially in clinical

settings.°

Development of DNA separation methods for clinical applications are trending toward
miniaturization and methods that can support point-of-care testing.!* With advances in design and
fabrication of microfluidic “lab-on-a-chip” (LOC) devices over the last two decades, there have
been numerous reports on microscale electrophoretic separations of DNA.*2 However, the majority
of these methods still utilize a gel-based matrix for the separation due to the length independent
mobility of DNA for both double stranded and single stranded forms in free solution.® 4
Employing automated chip-based gel electrophoresis systems for DNA separations still remains
challenging due to the limitations imposed by the requirement of gel loading and replacement in
microchip electrophoresis as well as wall-coatings to suppress the EOF.>*8 Due to the high EOF
in glass devices induced by the high surface charge density, wall-coatings are required such as
linear polyacrylamides that are covalently anchored to the wall of the microchannel or dynamic
coatings.® 20 If the separation could be performed in free solution, challenges associated with the

need for gel matrices would be eliminated.

End-labeled free solution electrophoresis is a technique where ssDNA and dsDNA separations
are performed in free solution by attaching to the DNA a large uncharged molecule known as a
drag tag. Limited resolution for long DNA fragments and the requirement of DNA modification

by the drag tag are disadvantages of this method.?!-2*
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On the other hand, nanofluidic-based separations have garnered attention due to nanoscale
phenomena, such as electric double layer effects and transverse electromigration leading to unique
separation modalities.?>? In addition, advantages of nanofluidic separations include low sample
and reagent consumption, ultrafast separations, and ease of integration to LOC devices to allow
for sample pre-processing before the separation. The increased surface area-to-volume ratio in
nanofluidic channels also allows for solute/wall interactions that can influence the electrokinetic
transport of analytes through nanochannels. Field-dependent mobilities are observed as well due
to intermittent motion of solutes through nanochannels when surface roughness is comparable to
the critical dimension of the nanochannel.?® Moreover, adsorption/desorption events between
analytes and the column wall can be prominent in nanochannels compared to microchannels due
to scaling effects. Kitamori et al.?° utilized these adsorption/desorption effects in nanochannels to
demonstrate open tubular chromatographic separations, which he coined as extended
nanochromatography.®® They performed a wide range of chromatographic separations by using
pressure driven flow in glass nanofluidic devices with channel dimensions of 100 nm in depth, 100
nm in width and 4 cm in length. Reverse phase chromatographic separation of amino acids was
performed by chemically modifying the nanochannel surface with a C18 stationary phase. 3!
Moreover, in a recent review on nanoscale electrophoresis by Santiago et al.,> *3 he reported the
effects of wall interactions, which can be more dominate compared to electrophoretic effects,
indicating that separations in nanoscale columns can be considered to be more chromatographic in

nature than electrophoretic.

Moldovan et al.3* 3 performed a computational molecular dynamics study and revealed that

adsorption/desorption behavior of deoxynucleotide monophosphates (ANMPs) determined the
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migration rate of these molecules when driven electrokinetically through thermoplastic nanoslits

with the rate of migration determined by the molecular-dependent hydrophobicity of the dNMPs.

Recent publications of DNA separations have demonstrated unique nanoscale phenomena for
free solution electrokinetic length-based separations of double-stranded (ds) DNA in glass and
silicon nanofluidic devices. Cross et al.* showed that the length dependent mobility of DNA
strands (2 kb-10 kb) electrically driven through slit-like nanochannels (19 nm and 70 nm depths).
They claimed that surface interactions with channel walls and confinement played an essential role
leading to the length-dependent separation. Peterson et al.*® showed that oligonucleotides could
be separated via nanochannel electrophoresis and proposed steric effects alone contributed to the
residence time distribution of 100-1000 base pair (bp) oligonucleotides. Pennathur et al.®” showed
the free solution electrokinetic separations of dsDNAs in simple cross and double T glass
nanofluidic channels (40 nm, 100 nm, and 1560 nm depths), where they investigated ionic strength
and channel dimension effects on the separation of dsDNA from 10 bp — 100 bp in length. They
suggested that separation efficiency was dependent on the finite electrical double layer (EDL)
thickness with respect to the slit dimensions. The corresponding contour lengths, 3.4 — 34 nm, of
the dsDNA fragments were smaller than both the persistence length and channel heights. The
molecules were end-labeled with fluorescein or contained fluorescein-12-dUTP. According to
their observations, the migration times of dSDNA depended on the ratio of the EDL thickness to
channel half depth and the ratio of the length of the molecule to channel half depth. The best
separation for these fragments were achieved in 100 nm nanochannels using sodium borate buffers

at 1 mM to 10 mM; ratio of the channel critical dimension/thickness of EDL (d/A4) was 33.
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Unfortunately, in terms of clinical applications, utilization of glass-based nanofluidic devices
is challenged by the fact that they require sophisticated device fabrication techniques that are time
consuming and high in cost, which can impede the use of nanochannel electrophoresis requiring
disposable devices as would be the case in clinical or forensic applications. Recently,
thermoplastics have become a viable substrate for nanofluidics due to their biocompatibility,
optical properties comparable to glass, and their ability to be manufactured in large scale at low-
cost using replication techniques, such as nanoimprint lithography (NIL).?8 3840 Another benefit
of thermoplastics for nanofluidics is their diverse surface chemistries, which are determined by the
monomers comprising the polymer chains. For example, poly(methylmethacrylate), PMMA,
possesses methyl esters. In addition, a diverse range of surface activation methods can be used to
generate surface functional groups that can alter the surface chemistry of the polymer, for example
changing its wettability and altering the EOF.** UV/Os3 or O, plasma activation are methods that
have been reported to generate oxygen-containing species for many plastics, such as carbonyls
(aldehydes, ketones, carboxylic acids) and alcohols through free radical photo-initiated

oxidation.*% 43

There have been a limited number of studies on nanoscale separations using thermoplastic
nanofluidic devices.* ** Weerakoon-Ratnayake et al.*® showed the electrokinetic transport of silver
nanoparticles (AgNPs) using PMMA nanoslits (only one dimension in the nanoscale). The authors
were able to demonstrate size-dependent mobilities of AgNPs in free solution, which was not
possible using microscale columns. Differences in the mobilities were observed for 60 nm and 100
nm AgNPs at high electric field strengths, where no intermittent motion was observed. Most

recently, O’Neil et al.** showed the separation of dNMPs in free solution using thermoplastic
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nanochannel devices fabricated in PMMA substrates with COC (cyclic olefin copolymer) cover
plates. High electric field strengths provided better separations. In addition, the mobility order of
the dNMPs was closely related to the hydrophobicity of each dANMP. However, the separation was

dominated by electrophoresis compared to chromatographic mechanisms.

The majority of nanoscale separations noted above were performed on double stranded DNAsS
(dsDNA) utilizing glass-based nanofluidic devices. Compared with dsDNA, ssDNA is highly
flexible, thermodynamically less stable and more hydrophobic.*®#” Published literature discussing
the flexibility of sSDNA reveals a large range of persistence lengths spanning from 1— 6 nm under
a variety of conditions.*®° The base-to-base spacing is 0.43 nm compared to 0.34 nm for dsDNA.
ssDNA is also amphophilic, where the nucleobases are hydrophobic, and the phosphodiester
backbone is hydrophilic. Hydrogen bonding, hydrophobic interactions, and van der Waals
interactions are the largest contributors to DNA-surface interactions.>! Due to the high flexibility
of ssDNA, they have the ability to expose either nucleobases or the phosphodiester backbone
depending on the nature of the surface the molecule is in contact with.>? Therefore, in nanoconfined
environments where surface interactions are prominent these molecules can behave differently

compared dsDNA.

In this work, we report the use of thermoplastic nanochannels (100 nm x 100 nm in depth and
width, respectively) fabricated in PMMA for the free-solution electrokinetically driven separation
of ssDNAs. The motivation for utilizing nanoscale electrophoresis of sSSDNAs is to accommodate
a nanosensor we are developing that seeks to identify low abundant point mutations using LDR.
The ligated products are ssSDNAs with lengths <150 bases. The nanosensor performs a solid-phase

LDR and then, utilizes nanoscale electrokinetics to size-separate the LDR products specifically for
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multiplexing (identify multiple point mutations in a single assay). Therefore, it is essential to
optimize the separation of ssDNAs through the use of thermoplastic nanochannels with the
identification efficiency dependent on the resolution between a series of sSDNA fragments.
However, the results secured herein will be useful in a variety of other applications as well, which
require the analysis of gel-free separations of both ds- and ssDNA fragments, especially when

multiplexing is necessary.

To track the motion of ssDNA fragments labeled with ATTO 532 through the polymer
nanochannels (PMMA-COC hybrid devices), laser-induced epifluorescence microscopy was used.
The thermoplastic devices were fabricated by nanoimprint lithography, NIL. We found that we
could separate oligonucleotides in free solution with an effective migration time that was inversely
related to the length of the oligonucleotide indicating that the separation was affected by
solute/wall interactions. Unique to these separations is that no monolayer coating of the polymer
substrate was required and also, the channel critical dimension was much larger than the double
layer thickness. Therefore, we define our separation as open tubular nanoelectrochromatography
(OT-NEC). We will present results on the use of different electrochromatographic parameters and
their effect on the resolution of the separation including electric field strength, effective column

length, and type of PMMA.

3.2 Materials and Methods

3.2.1 Reagent and Materials
Silicon {100) (Si) wafers were purchased from University Wafers (Boston, MA). Impact

modified (IM) and non-impact modified (NIM) PMMA substrates were purchased from ePlastics

(San Diego, CA) and Good Fellow (Berwyn, PA), respectively. Cyclic olefin copolymer (COC
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8007) was purchased from TOPAS Advanced Polymers (Florence, KY). COC 6015 was purchased
from Knightsbridge Plastics, Inc. (Fremont, CA). UV curable polyurethane (PUA) resin was
purchased from Chansung Sheet Co. Ltd. (Chuncheognam-do, Korea) ATTO 532 end labeled
ssDNA with three different lengths (Oligo35, Oligo50, Oligo70) were purchased from Integrated
DNA technologies (San Jose, CA) (see supporting information for sequences). 10X Ultra-pure
trisborate EDTA buffer (TBE) and molecular biology grade water was purchased from Thermo

Scientific (Waltham, MA).

3.2.2 Fabrication of microchannel devices

T-shaped (50 um depth x 100 um width and 5 cm long) microfluidic devices were hot
embossed using a hot embossing machine (Wabash P3H-15-CLX, IN, USA) into PMMA. The
upper platen was kept at 155°C and lower platen was kept at 80°C with 1250 psi pressure applied
for 3 min. Embossed devices were diced using a bandsaw and reservoirs were mechanically drilled.
Then, the devices were cleaned with 5% Micro-90, IPA, and nanopure water. Following embossing
and hole drilling, the substrates were UV/Og3 treated for 16 min at 22 mW/cm? and sealed with a
150 pum thick PMMA sheet by using thermal fusion bonding at 105°C for 1 h. Microchannel
dimensions were measured before and after bonding using a rapid laser-scanning confocal

microscope (VK-X250, Keyence, IL, USA).

3.2.3 Free solution separation of oligonucleotides by microchip electrophoresis

The microfluidic device was primed with 50% methanol/water mixture for 5 min. Then it was
filled with TBE buffer at pH 8.3. Separation was carried out using a normal mode with the injection
end set as the anode, and the detection end as the cathode. Injection was initiated by applying a

positive voltage to the sample reservoir and grounding the sample waste reservoir for the amount
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of time required to completely fill the cross channel. The remaining reservoirs were floating during
injection. After injection, a positive voltage was applied to the electrophoresis buffer reservoir and
the electrophoresis waste reservoir was grounded. Detection was done 4.0 cm from injection cross
using a home-built laser-induced fluorescence detector equipped with a single photon counting

module.
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Figure 3.1: A) An image of the T-chip used for the microscale electrophoresis. The chip was made via
hot embossing into PMMA. B) Schematic diagram of the in-house built microchip electrophoresis laser-
induced fluorescence detector that utilized a 20 mW 532 nm excitation laser with edge filter. The detector
contained a 560 nm long pass filter, 532 nm dichroic filter and SPCM-AQR single photon counting module
within the optical train. A 100X high numerical aperture (NA = 1.3) microscope objective was used to focus
the laser beam onto the microchannel and collect the fluorescence.

The laser-induced fluorescence (LIF) detector illustrated in Figure 3.1 was configured in
an epillumination format having a 532 nm, 20 mW excitation laser (LaserGlow Technologies,
Toronto, Ontario, Canada), XF 3085 edge filter (Horiba Scientific, Middlesex, UK), 560 nm long

pass filter (Omega Optical, Brattleboro, VT), a 532 nm dichroic filter (Omega Optical Brattleboro,
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VT) and a SPCM-AQR single photon counting module (Perkin EImer Optoelectronics, Waltham,
MA). A 100X high numerical aperture (NA = 1.3) microscope objective from Nikon (Natick, MA)

was used to focus the laser beam onto the microchip and collect the fluorescence.

3.2.4 Fabrication of nanochannel devices

Fabrication of nanochannel devices were done by following a procedure previously reported
by our group with slight modifications.?® % Access microchannels were fabricate in a Si wafer
through photolithography followed by wet etching. Then, nanochannels were fabricated by
focused ion beam milling into the Si wafer. Resin stamps were produced from Si master by UV
curing of a PUA resin for 3 min onto a COC plate coated with a NOA72 adhesive. Next, the
structures on the resin stamp were thermally imprinted onto PMMA substrates using nanoimprint
lithography with a Nanonex 2500 nanoimprinting machine using air cushion press thermal
imprinting. Unlike the pressing method for imprinting where solid parallel plates are used, air
cushion press methods have improved uniformity in pressure and imprinting speed. The conditions
used for imprinting are given in Table 3.1 for different PMMA substrates used in the experiments.
Metrology of the devices were done by SEM imaging (see Figure 3.2). The depths of the
nanochannels imprinted in different PMMAS were measured using a scanning probe microscope,

SPM (SPM-9700HT, SHIMADZU, Japan) and are given in Table 3.1.
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Table 3.1. Conditions used to imprint nanochannel devices on two different PMMA substrates
using the Nanonex 2500.

Material Tg/°C Imprinting Pressure /psi  Time /s Depth of
temp /°C channel/nm

IM-PMMA 105 130 300 300 112.2 nm

NIM-PMMA 122 140 300 300 114.7 nm
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Figure 3.2. SEM images of the Si master, resin stamp, and imprinted device. A) An SEM of the Si master
at 500X magnification. B) Enlarged area of the entrance funnel formed in the Si master. C) UV-imprinted
nanochannel device to form the resin stamp with PUA. D) Enlarged nanochannel area in the resin stamp.
E) Nanochannels thermally imprinted into PMMA substrate. F) Enlarged area of nanochannel imprinted

into PMMA
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After imprinting the nanochannel device, sealing was done using a COC coverplate (100 um

in thickness) using the conditions mentioned in Table 3.2

Table 3.2. Bonding conditions used to seal the nanochannel devices imprinted on two different
PMMA substrates with COC8007 cover plate in Nanonex2500. Both cover plate and substrate
were oxygen plasma treated prior to bonding.

Substrate-coverplate Bonding conditions
(°C, psi, min)

IM-PMMA-COC 70, 110, 15

NIM-PMMA-COC 70, 100, 15

The bond strength between the cover plate and substrate of IM-PMMA and NIM-PMMA was
evaluated using a crack opening method.>* > The bond strength was determined by placing a razor
blade of known thickens t, between bonded substrate and cover plate to induce an interfacial
fracture with a length of L from the edge of the razor blade. If the elastic moduli of the cover plate
and substrate are Ep and Es, respectively, the bond strength is determined using equation (3.1),
where ts and tp are the thickness of the cover plate and substrate, respectively. The elastic moduli
of IM-PMMA was 1.6 GPa and for NIM-PMMA it was 3.3 GPa that was obtained experimentally
using a Q800 dynamic mechanical analyzer (TA instruments, New Castle, DE). The elastic moduli
of the COC 8007 cover plate was 3.0 GPa, which was provided by the manufacturer. All
measurements were performed five times and the average bond strength is reported along with the

standard deviation in measurements in Table 3.3. According to bond strength data there is no
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significant difference between the bond strength of IM-PMMA-COC devices and NIM-PMMA.-

COC devices

3tpEstSEyt;
V= 16L4 (Est3+Ept3)

3.1)

Table 3.3. Calculated bond strength by crack test for IM-PMMA and NIM-PMMA using equation
(3.2).

Assembled NIM-PMMA IM-PMMA

device

Bond strength 0.086+0.014 0.08440.018
(mJ/cm?)

3.2.5 Surface roughness measurements by AFM

To determine surface roughness of IM-PMMA and NIM-PMMA, an AFM analysis was
conducted. The tip used for imaging was operated at a frequency of 300 kHz and a radius below
15 nm. Tapping mode was used with a scanning frequency of 1 Hz. First, IM-PMMA and NIM-
PMMA surfaces (1 cm x 1 cm) were imaged by AFM to measure roughness without exposing to
oxygen plasma. Then, both PMMA surfaces were exposed to oxygen plasma at 50 mW power for
1 min and surface roughness was measured by AFM and RMS (root mean square roughness) was

reported for each of these different surfaces.
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3.2.6 EOF measurements

The current monitoring method described by Huan et al.®* was used to measure the EOF in
fabricated nanochannel devices.3* A nanochannel device possessing a single nanochannel (107 pm
long, 100 nm deep and 100 nm wide) connecting two access microchannels was fabricated as
described previously. The chip was first primed with 50% v/v water/methanol, then drained, and
flushed with nuclease free water. Then, the device was filled with 45.0 mM TBE buffer and
allowed to equilibrate for 4 min under a 1 VV DC bias. After achieving a constant current trace, one
reservoir was replaced by 48.0 mM TBE. Pt electrodes were placed in the reservoirs at each end
of the nanochannel under a 1 V DC bias. Signals were acquired using pClamp10 software and

Digidata 1440B low noise digitizer set at a rate of 10 kHz sampling frequency.

3.2.7 Detection system for the nanoelectrochromatography

All fluorescence imaging was done using Nikon TE2000 inverted microscope (Nikon, Minato-
ku, Tokyo, Japan), which was equipped with a 100x oil immersion objective (NA-1.3). A
Keplerian beam expander was used to expand the Gaussian laser beam to completely backfill the
microscope objective. The lower intensity wings were knocked out using an iris to ensure uniform
laser intensity within the microscope’s field-of-view. Kohler epillumination was used to focus the
laser beam to the back of a microscope objective to allow uniform irradiation of the entire field-
of-view. The excitation beam was passed through a 532 nm laser line filter (F1) and dichroic filter
(DF). The emission signal was collected by the microscope objective, passed though the dichroic
filter, spectrally selected using a long pass filter (F2), band pass filter (F3), and imaged onto an
iXon 897 EMCCD camera (Andor Technologies Ltd, Belfast, United Kingdom), which was

controlled by Metamorph software. See Figure 3.3.
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Figure 3.3: The optical setup of the fluorescence imaging system. The Gaussian beam from the laser
(Nd:YAG; Aex = 532 nm; P = 0.01-5 W; 2.2 mm beam diameter) was expanded 10x using a Keplerian
beam expander and the wings were knocked out with an iris that ensured uniform laser intensity in the field-
of view and complete backfilling of the objective (OBJ). The beam was focused into the back of a 100x oil
immersion objective

3.2.8 Nanoelectrochromatographic separation of ssSDNAs

Assembled nanochannel devices were primed with 50 % methanol for 5 minutes. Then using a
vacuum pump, the methanol was removed from the nanofluidic device. Then it was filled with 45
mM TBE buffer at pH 8.3 and allowed to equilibrate for 10 minutes. ATTO532 labeled
oligonucleotides solutions of 200 nM were prepared in 45mM TBE. Next carrier electrolyte in one
of the reservoirs connecting microchannels was replaced with oligonucleotide solution.
Afterwards the carrier electrolyte in the opposite side of same microchannel was removed and

vacuum was applied to make sure it was completely filled. Once microchannel was filled, all the
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other reservoirs were filled with same volume of carrier electrolyte. Finally, square voltage (Vpp)
was applied using an ATTEN ATF20B function waveform generator for a period of 10 s to allow
for multiple injections of the dye labeled oligonucleotides to nanochannels. Events were recorded

for 18000 frames allowing multiple events to be analyzed.

3.2.9 Data analysis

ImageJ software®® was used to analyze the fluorescence intensity generated by the ATTO 532-
labeled ssDNAs as they migrated through the plastic nanochannels. Videos collected using the
imaging microscope’s EMCCD camera were imported into ImagelJ software and the time for the
dye front to move between two detection windows placed at the entrance and exit of nanochannel
was determined. The data was then exported into Origin pro 8.5, where the data was smoothed and
the time of the fluorescence front reaching the entrance (peak 1) and the exit (peak 2) evaluated.
The time difference (At) between peaks 1 and 2 was taken as the migration time (see Figure 3.4)

for each of the ssDNAs.
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Figure 3.4. Representation of how the nanochannel electrochromatography and data analysis were
performed. A) A of picture a fluorescently labeled ss-DNA migrating through a thermoplastic nanochannel.
The yellow boxes indicate Positions (Pos) 1 and 2. B) The fluorescence intensity profile of one injection
event was enlarged at Pos1 and 2.

The time difference was used to calculate the effective mobility given below using equation

(3.2);

teir = (IL/AtV) (3.2)

where | is the distance between two detection windows, L is the total nanochannel length, and

V is the applied voltage (Figure 3.5).
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Figure 3.5. A) Image of a PMMA/COC nanochannel device (100 nm x 100 nm x 107 um in depth,
width, and length, respectively). B) Experimental setup for nanoelectrochromatography experiment where
anode (red) is at the sample input reservoir and the cathode at the waste reservoir. C) Schematic of a
nanochannel when an external electric field was applied. Electroosmotic flow (Uecr) was from anode to
cathode while the electrophoretic mobility (lep) of negatively charged dye-labeled ssDNA was toward the

anode. In addition to Hep and Heor, the SSDNA can interact with wall of the channel giving rise to ples.

3.3 Results and Discussion
3.3.1 Microscale separation of ssSDNAs

To understand separation of sSSDNA scaling effects with respect to channel dimensions (width
and depth; microchannel versus nanochannel), we first investigated the free solution electrokinetic
separation of dye-labeled ssDNAs of different lengths (35mer, 50mer, 70mer) in 45 mM TBE
buffer (pH 8.3) using a PMMA microchannel device (column length was 5 cm, width = 100 um,
and depth = 50 um). The ssDNAs migrated from anode to cathode in the same direction as the
EOF. As seen in Figure 3.6, all three sSDNAs comigrated with an apparent mobility of 1.80 x 10
> cm?/Vs. Here, the free draining behavior of the ssDNA occurred, which resulted in the
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electrophoretic mobility to be independent of the ssSDNA length. Thus, electrophoresis was the
dominate separation mechanism. For ssDNAs, it has been shown that the electrophoretic mobility
increases with increasing nucleotides to ~10 nucleotides and then the mobility becomes insensitive
to increasing nucleotide length in free solution using fused silica capillaries.®’ This is in agreement
with our observations in which the ssSDNA comigrated in free solution even using a PMMA

microchip, which has different surface chemistry compared to fused silica and different EOFs.
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Figure 3.6.A) Schematic diagram of experimental set up used for the microscale electrophoresis, where a
T shaped microchip is used. A sample plug was electrokinetically introduced into the separation channel
by applying a potential across the S and SW reservoirs. A photon avalanche detector was used to capture
the fluorescence signal at the detection point. B) Electropherogram obtained for the free solution microchip
(PMMA) electrophoresis of ssSDNAs with microchannel dimensions of 50 um x 100 um (depth and width
respectively) and 5.0 cm in length. The applied voltage for the electrophoresis was 5 kV (1000 V/cm) with
a 45 mM TBE buffer (pH 8.3) used as the background electrolyte. The of sSDNAs (5 M) were injected
electrokinetically into the separation channel.
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3.3.2 Material effects on EOF and ssDNA separations

3.3.2.1 Material effects on electroosmotic flow

Nanochannels were fabricated using two different types of PMMA substrates to understand
material effects on the nanoscale separation of ssDNAs. PMMA s a brittle thermoplastic with
excellent optical properties. Two types of sheet PMMA that were evaluated were impact modified
PMMA (IM-PMMA) and non-impact modified PMMA (NIM-PMMA). Because NIM-PMMA has
a low impact strength meaning that is has a low capacity to absorb energy during deformation, to
improve the impact strength acrylic modifies are blended with the polymer matrix without
degrading its optical transparency; this is called IM-PMMA.*® These two materials were tested
because each PMMA plastic is activated using Oz plasma and this activation process will alter the
surface charge through photo-oxidation reactions creating carboxylic acids groups as we have
shown in our previous work.?® ° Because the extent of surface carboxylic acids formed is
dependent on the material as well as the distribution of charges on the surface, it was hypothesized
that the presence of the acrylic modifiers could affect the separation performance using nanoscale

electrophoresis.>®

Surface roughness in nanofluidic devices may occur either during replication due to
imperfections in the molding tool,®® or following activation with an O, plasma.?® Molecular
dynamic (MD) studies have discovered that surface roughness has a large influence on the EOF
and surface wettability depending on the magnitude of the roughness height (hr). The EOF can be
significantly different for a situation where Aq/hr <<1 compared to a situation where Aq¢/h; ~1 and
when surface roughness is comparable to the thickness of the EDL it can affect the magnitude of

the EOF®! and streaming potential.®2 However, the effect becomes insignificant when the thickness
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of the EDL is larger than the roughness height.%® According to Zhang et al.®* the fluid flow
experiences great resistance on rough surfaces causing molecules to adsorb onto the surface of the
nanochannel. In addition, their simulations indicated a decrease in the zeta potential and EOF with
increasing roughness, which agreed with other MD simulation studies.®® We also hypothesized
that the presence of the acrylic modifiers may also affect the surface roughness compared to

PMMA without the acrylic modifiers following Oz plasma activation, which would affect the EOF.

We first measured the surface roughness of sheet IM-PMMA and NIM-PMMA before and
after O, plasma activation to serve as a model for our nanochannel devices. Surface topographical
profiling was done using sheet PMMASs due to the difficulties associated with using AFM profiling
of nanochannels arising from AFM tip-wall interactions. Figures 3.7A and 3.7B show AFM
images of IM-PMMA and NIM-PMMA without Oz plasma activation, where Figures 3.7 C and D
show AFM images of IM-PMMA and NIM-PMMA after O, plasma activation respectively. After
exposing to O2 plasma the root mean square roughness (RMS) of the surface increased for both
materials. (see Figure 3.7E) Oz plasma not only modified the surface chemically, but also created
sub-nanometer and nanometer surface roughness features through slight etching of the surface
during the activation process.®® The surface roughness of IM-PMMA prior to and after O, plasma
activation was much higher than that of NIM-PMMA.. Higher RMS roughness for IM-PMMA may
be due to the acrylic modifiers present in IM-PMMA; after O, plasma treatment, difference in
etching rates for the additives and PMMA in IM-PMMA will enhance its roughness with respect
to NIM-PMMA. Thus, the surface of NIM-PMMA nanochannel devices would be expected to be

smoother than that of IM-PMMA nanochannels.
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The EOF of nanochannel devices was measured by the buffer replacement method.>* For
these experiments, we used O plasma modified nanochannel devices using both IM-PMMA and
NIM-PMMA substrates. According to our previous studies, the majority of surface functionalities
following O> plasma activation of PMMA are carboxylic acid groups, which provide a negatively
charged surface at pH 8.3 due to deprotonation of the carboxy groups.? % The thickness of the
EDL in these experiments was estimated to be ~1.3 nm at the TBE buffer concentrations used

herein. The zeta potential was calculated using equation (3.3);

Heot. = &G 1 47 (3.3)

As seen in Figure 3.7F, the EOF and zeta potential were smaller for IM-PMMA compared to
that of NIM-PMMA. These observations are in agreement with the aforementioned molecular
dynamic simulation results, which indicated increased surface roughness typically reduces the
EOF. In addition, IM-PMMA also showed lower zeta potential compared to NIM-PMMA, which
could mean that the acrylic modifiers are less prone to undergo surface photo-oxidation during O
plasma treatment. The EOF mobility measured for NIM-PMMA (4.1 x10* cm? Vs) and IM-
PMMA (2.2 x10* cm?/Vs) is higher than the experimentally measured EOF reported by Uba et
al.?8 (1.02 x10™* cm?/Vs), but in closer agreement with their expected EOF mobility (4.74 x10*

cm?/Vs) calculated using surface charge data. 2% 67
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30nm

-30nm

Material RMS roughness before =~ RMS roughness after O,
0O, plasma modification plasma modification
IM-PMMA 6.28 6.67
NIM-PMMA 0.780 0.990
F Electroosmotic Flow Mobility(n=5) x 10 Zeta Potential (mV)
Device (cm?/ V's)
IM-PMMA 2.2 (x0.3) =27
NIM-PMMA 4.1 (£0.2) -59

Figure 3.7. Characterization of surface roughness by AFM for IM-PMMA and NIM-PMMA surfaces
before and after O, plasma activation. Shown are AFM images of: A) IM-PMMA; B) NIM-PMMA,; C) O,
plasma treated IM-PMMA; and D) O, plasma treated NIM PMMA.. Plasma activation was done at 50 mW
for 1 min, which is similar to conditions used during bonding of nanochannel devices.? These images were
taken by scanning an area of 3 um x 3 um. E) Comparison of the measured root mean square (RMS)
roughness of both PMMA types before and after O, plasma activation. F) The measured EOF for NIM-
PMMA and IM-PMMA nanochannel devices as well as the zeta potential following O plasma
activation (EOF measured at pH = 8.3).
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3.3.3 Open-tubular nanoelectrochromatography (OT-NEC) separation of sSDNAs
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Figure 3.8. A) Effective mobility of oligonucleotides vs. the field strength in NIM-PMMA (substrate) —
COC 8007 (cover plate) nanochannels (100 nm depth x100 nm width and 104 um length). B) Effective
mobility of oligonucleotides vs. the field strength in IM-PMMA (substrate)-COC8007 (cover plate)
nanochannels (100 nm depth x100 nm width and 104 nm length) C) semilog plot of effective mobility vs
length of oligonucleotides in NIM-PMMA and IM-PMMA.
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Because the free solution electrokinetic separation of the ssDNAs were not observed using
PMMA-based microchip devices, we sought to determine if reducing the size of the channel could
result in the ability to electrokinetically sort the model sSDNAs in free solution using thermoplastic
nanochannels (dimensions were 110 nm x 110 nm in depth and width, respectively). Figure 3.8
shows the effective mobilities at varying field strengths. The background electrolyte concentration
used here was 45 mM TBE resulting in a thickness of the EDL of 1.3 nm. With this EDL thickness,
the ratio of the channel height to EDL thickness (d/Aq4) was ~80, which would suggest a plug-like
flow profile,* indicating that transverse electromigration would not be in effect here.®® But, as can
be seen in Figure 3.8A and 3.8B, each of the sSDNA models have different effective mobilities
indicating that they could be separated using nanocolumns in both IM-PMMA and NIM-PMMA.
So why is not the same type of separation observed in microchip electrophoresis (see Figure 3.6)?
Because the nanochannel dimensions (depth and width) are much smaller than in the case of the
microchannel resulting in a significantly higher surface area-to-volume ratio in nanochannel
(~1000 times higher), the nanochannel allows for frequent solute-wall interactions and thus, the
separation can be influenced by potential chromatographic effects. In contrast, the microchannel
due to its larger size allows for very infrequent interactions between the solutes and the PMMA
wall. Because significantly fewer wall interactions are expected in the microchannel, the
electrokinetic transport of the model ssDNAs are dominated by electrophoretic effects which result

in no observable separation due to the free draining behavior of DNAs in free solution.

Therefore, we define the nanoscale separation observed here to be open tubular
nanoelectrochromatography (OT-NEC) and thus use the term effective mobility typically used in

conventional capillary electrochromatography (CEC), where analytes are separated according to
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their partitioning between both the liquid and stationary phase and electrophoretic mobilities.5
The flat flow profile of the EOF provides better efficiencies than that associated with the parabolic
flow profiles obtained using pressure-driven flows. In our experiment, the dimensions of the
separation column are in the nanoscale and the background carrier electrolyte acts as the mobile
phase, which is driven through the nanochannel by the EOF. Instead of a capillary in which the
wall is coated with a stationary phase or the column is packed with silica particles coated with a
stationary phase, we utilized here an open nanochannel with the surface carboxyl groups formed
during O2 plasma activation of the thermoplastic serving as the stationary phase. As such, for our

OT-NEC we can forgo the chemical steps of forming the stationary phase or packing the column.

The velocity (V) of an analyte moving through the nanochannel is defined by equation 3.4,

where k" is the capacity factor:%°

1

v =(535) Ve (34)

For a given solute, Vapp (apparent velocity) is the sum of the EOF velocity and the
electrophoretic velocity of a particular solute. The effective mobility (uesr) for a solute migrating
through the thermoplastic nanochannel can be deduced by dividing equation (3.4) by the electric
field strength (E; V cm™) is given by equation (3.5). In OT-NEC, solutes with similar apparent
mobilities [uapp- See equation (3.6)] can have different effective mobilities depending on the degree

of wall interactions they experience within the nanochannel.

Hefr = (1-11-_k) Happ. (3.5)

Happ = Heor T Hep (3.6)
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3.3.2.2 Effect of electric field strength on the effective mobility

The radius of gyration (Rg) of each ssDNA is calculated by Rg = \/aL/3 °" where o is the

persistence length (5 nm)’* of the ssDNA and L is the contour length (L= number of nucleotides x
distance between two adjacent nucleotides - 0.43 nm). The values of the Rq for each of the model
ssSDNAs are given in Table 3.4. According to the calculated Ry values for these sSDNA, Rq
<channel dimension (h) in all cases and the persistence length of sSDNA<< channel depth, and
thus, we can assume that these ssSDNA migrate through the nanochannel as randomly coiled
molecules.

Table 3.4. Calculated radius of gyration of ssDNA by using the equation Ry = \/aL—/3 where o is the

persistence length (5 nm) of the ssDNA and L is the contour length. [L= number of nucleotides x length
per (0.43 nm)].

Radius of gyration (Rg) /nm

Oligo 35 5.0
Oligo 50 59
Oligo 70 7.1

As evident from Figures 3.8A and 3.8B, the effective mobility of each ssDNA does not depend
on the electric field strength in both materials except for the electric field strengths < 280 V/cm.
The field strength dependency of the apparent mobility has been reported for the electrokinetic
transport of molecules in nanochannels and arises from intermittent motion 2& 44 45 Intermittent
motion can be due to either solute/wall interactions or dielectrophoretic trapping induced by

inhomogeneous electric fields caused by surface roughness. At low electric field strengths, the
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molecules migrate slower than the high electric field strengths and have more time to interact with
the nanochannel wall. We believe similar effects are responsible for the field dependent mobility
observed in these ssSDNA at the electric field strengths <280 V/cm. In addition to the field
independent mobility observed at electric fields >280 V/cm, the effective mobility difference
among different length of ssDNA is lost. For example, the apparent mobility of Oligo 50 and
Oligo 70 approach each other in both PMMA substrates. This may have resulted from the lack of
interactions of ssDNA with the nanochannel walls due to higher EOF velocities at high electric

field strength(Veot = Heof E).

In Figure 3.8C we present the relationship between the effective mobility and the length of the
ssDNA at 280 V/cm for both IM-PMMA and NIM-PMMA. The effective mobility and the length
of the ssDNA are related through an exponential function y = 0.002e"©%%) where y is the effective
mobility and x is the length of the ssDNA for NIM-PMMA. In the case of IM-PMMA this
relationship was found to be y = 0.003e¢%%47™)_ By using the average standard deviation of the
effective mobility of 3 ssDNA, the smallest distinguishable nucleotide length difference is ~3

nucleotide for both NIM-PMMA and IM-PMMA.
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3.3.2.3 Separation of oligonucleotides in IM-PMMA and NIM-PMMA
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Figure 3.9 A) Histogram of effective migration time of Oligo 35, Oligo 50 and Oligo 70 at a field strength
of 280 V/cm that were separated in NIM-PMMA-COCB8007 device. B) Histogram of effective migration
time of Oligo 35, Oligo 50 and Oligo 70 at a field strength of 280 V/cm that were separated in IM-PMMA-
COC 8007 device. Histograms were fitted in to a Gaussian distribution and each bin represent 0.05 s for
n=100 events. C) Calculated separation resolution between the 3 ssDNA.
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Figure 3.9 shows histograms of the effective migration time of the model ssDNAs in IM-
PMMA and NIM-PMMA nanochannel devices at an electric field strength of 280 V/cm (E = 280
V/cm). Figures 3.9A and 3.9B show histograms of effective migration times for the ATTO 532
labeled ssDNAs in NIM-PMMA and IM-PMMA at a field strength of 280 V/cm. This field
strength was selected because it provided the best separation in terms of resolution for all SSDNAS
in both IM-PMMA and NIM-PMMA nanochannel devices. The migration order of the sSDNAs in
both materials was similar; Oligo35 < Oligo50 < Oligo70, where the number indicates the number
of nucleotides in the ssDNA. The migration time increased with increasing chain length of these
ssDNAs. These thermoplastic nanochannels were activated with O2 plasma to give carboxylic acid
groups on their surface. At pH 8.3, these groups are expected to be deprotonated leading to a

hydrophilic surface and producing an EOF that travels from anode to cathode.

ssDNAs are amphiphilic and because of their high single strand character they have the ability
to expose either their phosphodiester backbone or nucleobases to the surface. Therefore, these
ssDNA can interact with the surface through electrostatic interactions, van der Waals interactions,
hydrogen bonding, and/or hydrophobic interactions.?® Because the nanochannel surface is
negatively charged, the question arises: Can the ssSDNAs overcome electrostatic effects arising
from the channel surface to allow sufficient interactions with the wall either through hydrogen
bonding and/or hydrophobic interactions to allow separation? Previous studies of DNA adsorption
to silica surfaces have shown that even though electrostatic repulsions exist between the negatively
charged DNA and the negatively charged silica surface when the solution pH is greater than the
pKa of the surface silanol groups, the phosphate/silanol and hydrophobic interactions are

sufficiently strong to overcome electrostatic repulsions.”? In addition to the aforementioned
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interactions, several investigators have proposed that ssDNA adsorption to silica surfaces can
occur through hydrogen bonding via the exposed nucleobases and the silica surface. In light of
these observations, we believe that sSDNA when moving electrokinetically through thermoplastic
nanochannels will overcome electrostatic repulsions arising from the negatively charged
carboxylated surface and interact with the channel wall via hydrogen bonding and/or hydrophobic
interactions. If this is indeed the case, then the longer ssDNAs should show a longer effective
migration time than the shorter ssDNAs. If the transport was solely arising from the electrophoretic
mobility of the oligonucleotides, they should have identical mobilities as electrophoretic mobilities
of oligonucleotides are similar regardless of their length, especially for d/Aq¢ = 80 (plug-like flow).
However, previous research has shown that DNA can be separated in free solution using glass-

based devices when d/Aq is close to unity.*

The resolution of adjacent peaks was calculated using R= 1.18(tmz-tmz2)/ (Wo.51+Wo52.),where tm
and tmz2 are migration times of the peak pair and wosi,Wos2. are the full width at half maximum for
each of the Gaussian peaks. The separation resolution between three oligonucleotides in NIM-
PMMA ranged from 1.8- 2.6 (Figure 3.9 C), which exceeded the baseline resolution (R=1.5). The
separation resolution between three ssDNA in IM-PMMA ranged from 0.6-2.4.(Figure 3.9B).
Only the separation resolution between Oligo 35 and Oligo 70 (R=2.4) exceeded the baseline
separation in IM-PMMA. A recent study by O’Neil et al.”® on surface charge mapping of IM-
PMMA via super resolution imaging showed that there is a heterogeneous distribution of surface
charge groups on these surfaces after oxygen plasma activation. This heterogeneous surface charge
distribution in IM-PMMA created “patches” of unmodified polymer on the surface. These

hydrophobic “patches” on the surface of IM-PMMA can increase the hydrophobic interactions
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with the exposed nucleobases in sSDNA in addition to hydrogen bonding and van der Waal
interactions (exposed nucleobases in ssDNA are hydrophobic in nature favor hydrophobic
surfaces). This could increase the adsorption and desorption of the ssDNA through hydrophobic
interactions leading to broader peaks compared to the NIM-PMMA. The more hydrophilic
nanochannel wall in NIM-PMMA, do not have a favorable hydrophobic surface to interact, with
the nucleobases in ssSDNA therefore in here sSDNA will prefer to form hydrogen bonds and van
der Waals interactions with the surface leading to length -based separation of DNA. In addition,
broad peaks observed for the separation in IM-PMMA with lower resolution could be due to the
increased surface roughness observed in IM-PMMA surface compared to NIM-PMMA because,
rough surface or the variation in channel profile effectively increase the distance of the sSDNA
molecule near the channel wall must travel while subject to a smaller field with respect to SSDNA

molecule in the bulk flow.

The retention factor(k*) is another parameter that measures the partitioning of a solute with the
stationary phase, which in this case is the PMMA nanochannel wall that has been O2 plasma
activated. The retention factor for a charged analyte in NEC can be deduced from the equation
(3.7),%% ™ where tert is the effective migration time of a charged analyte, teor migration time of a
non-retained analyte and k, is the velocity factor. k. can be obtained by equation (3.8) where zp
is the electrophoretic mobility of an analyte with no wall interactions and peor is the EOF mobility.
In the absence of wall interactions condition, all oligonucleotides migrate with the same
electrophoretic mobility due to the free draining behavior of sSDNAs as explained by Figure 3.6

Hep

in the main text. Therefore, ( ) is constant for all oligonucleotides. Hence k* can be calculated

Heof
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using equation (3.9). Calculated retention factors for the 3 sSDNAs, using equation (3.9), are given

in Table 3.5
= teff(l‘t"e’:i)_twf (3.7)
k.= — (:_pf) (3.8)
Kt % (3.9)

Table 3.5. Retention factors of oligonucleotides in IM-PMMA and NIM-PMMA.

IM-PMMA NIM-PMMA
Oligo 35 21 0.7
Oligo 50 9 5
Oligo 70 14 18

The retention factor increased with increasing length of the ssSDNA in both materials. For IM-
PMMA, retention factors ranged from 2.1 — 14 and NIM-PMMA retention factors ranged from 0.7
— 18. Oligo35 had the lowest retention factor in both materials while Oligo70 showed the highest
retention factor. These results are in agreement with molecular dynamic simulations done by
Monserud et al., " where the residence time of oligonucleotides increased with increasing length

of DNA due to increased interactions with a hydrophilic surface. One can anticipates that larger
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molecules will have greater stationary phase interactions. Regardless of whether the molecular
conformation is extended, or randomly coiled, the interaction strength between a sSDNA and a
nanochannel surface with the appropriate chemistry will increase with molecular length due to

increasing van der Waals contacts or other interactions.

3.3.3 Effect of column length on separation performance

Because we observed better separation in NIM-PMMA, we investigated the separation
behavior of the 3 ssSDNAs at different effective column lengths. Thus, we compared separation
column lengths of 30 [Im (see Figure 3.10) with our previous results that used a 60 [Im effective
length. Histograms of the effective migration time were all taken at a field strength of 280 V/cm.
Theoretical plates per meter were calculated using [5.54(tef/Wo.5)] X [100/column length in cm].
As in every chromatographic system, the separation resolution is determined by the number of
theoretical plates, retention factor and the selectivity of a particular solute as is the case in CEC

and is expressed by the equation (3.10) given below (Purnell’s equation).>!

R (2) (&) ()

According to Figures 3.10 and 3.10B, the resolution for the 30 um length column decreased
significantly compared to the 60 pum column length for all 3 sSDNAs (resolution at 30 um length
ranged from 0.5 —1.8). In contrast to electrophoresis where the resolution is not affected by column
length,>? in electrochromatography the efficiency decreases with decreasing column length as the

number of theoretical plates are directly proportional to the column length (N = L/H, where L is
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column length and H is the height equivalent to theoretical plate). The number of theoretical plates
at 30 um effective column length was lower for Oligo35 and Oligo50 than that for the 60 um
effective column length as shown in Figure 3.10. However, for Oligo70 we noticed an increase in
number of theoretical plates at a shorter column length. This could be due to short time for the

surface interaction that led for low dispersion.
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Figure 3.10 A) Histogram of migration time for ssDNAs at an effective column length of 30 um through a
100 nm x 100 nm NIM-PMMA nanochannel at a field strength of 280 V/cm. Histograms were fit to a
Gaussian and each histogram represents 100 events. B) Comparison of peak resolution at an effective
column length of 60 um and 30 um. C) Calculated theoretical plates for ssDNAs at effective column lengths
of 30 um and 60 um. N = 5.54 (tm/Wos)? was used to calculate the number of theoretical plates and

NXx 100 . . . .
to obtained theoretical plates in units of m=.
column length (cm)

3.4  Conclusions
The primary result of this study is the free solution separation of short single stranded DNA
oligonucleotides in thermoplastic nanochannels with finite electric double layer. We were able to

observe a new separation mechanism involved in these thermoplastic nanochannels which is a
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combination of electrokinetic transport and surface interactions driven separation involved in
nanoscale due to high surface area to volume ratio which is defined as open-tubular
nanoelectrochromatography (OT-NEC). We were able to achieve separation resolutions above
base line separation for Oligo 35, Oligo 50 and Oligo 70 in NIM-PMMA device which were not
achievable in microscale thermoplastic columns. Length-based surface interactions played a major
role in determining the migration time of each oligonucleotides through thermoplastic
nanochannels. Separation resolution of these oligonucleotides were dependent on the materials
surface roughness and the surface charge heterogeneity due to the intermittent motion and fluid
recirculation consistent with our previous studies. It is evident that our data shows a significant
influence by surface roughness towards electroosmotic flow and zeta potential thus, the separation
is not only based on electrophoresis phenomena but includes a chromatographic characteristic as
well . Separation efficiency is affected by effective column length where longer columns provided

better separation resolution.

These results suggest that we can utilize this method to separate the LDR products generated
in our envisioned nanosensor for SNP identification of stroke and cancer. Even though we utilized
fluorescently tagged oligonucleotides for the ease of tracking these molecules during their transport
through nanochannels, in our proposed nanosensor, a label free approach will be used for length
base identification of ss-DNA oligonucleotides between dual nanopore system connected through

a nanochannel using both the resistive pulse sensing signal and the time of flight of molecules.
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Chapter 4. Electrokinetic Separation of Ribonucleotide Monophosphates

(rNMPs) in Thermoplastic Nanochannels

130



4.1 Introduction

The flow of information coded in genes as DNA (deoxyribonucleic acid) to RNA( ribonucleic
acid) and then to functional proteins is described by the central dogma of molecular biology, where
transfer of information from DNA to RNA is known as transcription and transfer of information
from RNA to proteins is referred to as translation.® Transcription of genes into complementary
RNA molecules regulates the biological activity within the cell. The entire RNA molecules that
transcribe all genes of the genome are together known as the transcriptome and understanding the
transcriptome is essential for interpreting the functional elements of the genome and understanding
development of diseases.? The transcriptome is highly complex and encompasses multiple types
of coding and noncoding RNA species. In general, RNA molecules are referred as the simple
intermediate between genes and proteins, as encapsulated in the central dogma of molecular
biology. Therefore, messenger RNA (mMRNA) are the most frequently studied RNA species
because they encode proteins through the corresponding genetic code. In addition to coding
MRNA, there is a diverse group of noncoding RNA molecules that are functional. These non-
coding RNAs include ribosomal RNA(rRNA), transfer RNA (tRNA), which are involved in
translation of mRNA, small nucleolar RNA (snoRNA) and microRNAs (sequence-specific

regulators of post-transcriptional gene expression in many eukaryotes).>®

Analysis of the transcriptome (RNA analysis) has garnered a lot of attention recently as it offers
many advantages over whole-genome analysis. Whole-genome sequencing provides a static view
of an organism’s genetic and regulatory information, but transcriptome analysis allows assessment
of dynamic changes in gene expression in response to various stimuli.®’ In addition, identification

of unique transcripts such as alternative splice variants, single-nucleotide polymorphisms, and
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fusion to enhance understanding of the underlying mechanisms governing the changes in gene
expression that underlie health and disease are obtained through quantitative analysis of gene
expression. Moreover, with the development of precision medicine, RNA analysis will
increasingly be used for biomarker discovery and in the identification of molecular signatures that

define various disease subtypes and responses to pharmacologic therapy.3-1°

RNA analysis was first done by utilizing hybridization-based microarray technologies, which
provide high throughput analysis at relatively low cost.!* 12 Though microarray-based methods
have been utilized for over a decade as the sole method for RNA analysis, it has numerous
limitations that made them far from being an ideal tool for analyzing the transcriptome. These
include cross-hybridization artifacts in the analysis of highly similar sequences; need of separate
array designs for each species; variation of results in different platforms and thus inability of direct
comparison of results; and integration and low accuracy in quantification of low expressed and

very high expressed genes.*1°

The advent of high throughput next generation sequencing (NGS) platforms revolutionized the
understanding of the complex and dynamic nature of the transcriptome by allowing RNA analysis
through complementary DNA (cDNA) sequencing at a massive scale. This method is known as
RNA sequencing (RNA-seq).®* RNA-seq promised to eliminate most of the challenges posed in
microarray technologies by measuring the transcriptomes at base pair resolution, using essentially
the same protocol for any species with increased dynamic range and minimal noise. RNA-seq
provides a detailed and quantitative view of gene expression, allele-specific expression, and

alternative splicing.? With recent advances in the RNA-seq workflow, it has enabled deep profiling
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of the transcriptome and the ability to elucidate differences in physiological and pathological

conditions.’

Even though the accomplishments are impressive in RNA-seq, there are numerous challenges
that prevent the understanding of the real nature of the transcriptome. These limitations are: The
propensity of various reverse transcriptases (RT) to generate spurious second complementary
DNA (cDNA) strands due to their DNA-dependent polymerase activities; artifactual cDNA
generation due to template switching or contaminating DNA and primer independent cDNA
synthesis; low amount of cDNA due to the inefficient nature of RT and biases introduced during
amplification and ligation steps.’® These limitations during the conversion of RNA to cDNA
results in the loss of the majority of transcripts present in each cell, leading to a high level of noise
and stochasticity in the RNA-seq process. Therefore, it is necessary to develop new sequencing
platforms to address the aforementioned limitations, which includes methods capable of

sequencing full length transcripts without amplification.

Recently, single-molecule sequencing (SMS), some of which are based on nanopore
readout, has become an attractive alternative to ensemble-based sequencing as it can eliminate the
need for polymerases used in traditional sequencing modalities, as well as potentially provide
longer read lengths.!® % Unlike the NGS techniques, nanopore sequencing does not require
fluorescent labelling as the sequencing is done by measuring the current blockade characteristics
of each nucleotide as it moves through a narrow constriction. This significantly reduces the cost
and time needed for sequencing.’® Currently, nanopore sequencing is done using two major
approaches, strand sequencing®" 2 and exosequencing.?® 2 2* Ayub et al.?° showed the use of

polynucleotide phosphorylase (PNPase), which processively cleaves ssRNA in the 3'-to-5'
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direction using inorganic phosphate (Pj) to cleave the phosphoester linkage and release
ribonucleotide diphosphates (rNDPs) that can subsequently pass through an engineered aHL (HL
= hemolysin) pore containing cyclodextrin adapters that are non-covalently bound to the pore. The
signal from the rNDPs are obtained through resistive pulse sensing. The authors claimed that the
additional charge on the rNPDs allow it to be captured by the nanopore more efficiently than
ribonucleotide monophosphates (rNMPs). However, diffusional misordering is a limitation of this
approach.? Moreover, single nucleotide detection approaches are also limited by high error rates
as nucleotide bases are identified using current blockage events, which show poor discrimination

of the nucleotide bases.'®

To overcome these challenges, we are developing an innovative SMS strategy that is based on
the exosequencing approach, and enzymatically cleaves RNAs using a processive enzyme to
generate individual rNMPs.?® This is achieved via a clipping enzyme such as exoribonuclease
1(XRN-1) tethered to the solid nanopillar support that can processively clip the RNA strand into
their constituent INMPs when activated by the introduction of Mg?* into the enzymatic reactor.
Then, the released rINMPs are electrokinetically transported through a nanochannel with the travel
time determined by the applied electric field, the length of the flight tube, and channel wall
interactions. Identification of the nucleobases is enabled by molecular-dependent flight times of
rNMPs within nanochannels (i.e., apparent electrophoretic mobility). Therefore, a thorough
understanding of the translocation of rNMPs through nanochannels along with parameters which
we can enhance resolution between rNMPs to allow for high identification accuracy will be

required.
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Separation of rNMPs has been achieved using conventional electrophoresis methods, most
commonly using alkaline solutions as the carrier electrolyte.?’-?°Alkaline solutions provide a stable
EOF, thus coated capillaries are not necessary to eliminate or stabilize the EOF.?® Sodium borate
is the most commonly used alkaline buffer for rINMP electrophoretic separations.?” *° In addition
to sodium borate, other researchers have used sodium and ammonium carbonate buffers, which
provide a stable baseline and adequate resolution.3! In addition to capillary electrophoresis, several
researchers have used liquid chromatographic methods to separate rNMPs.3%-34

Although conventional capillary electrophoresis and chromatography has had success in the
separation of rNMPs, nanofluidics have garnered attention recently due to the unique separation
modalities observed compared to microscale electrophoretic separations. It was determined that
electrokinetic separations in nanochannels depend on ion valence, C (zeta potential), ion mobility,
and thickness of the electric double layer (Ap).25-% The increased surface area-to-volume ratio also
allows for a host of solute/wall interactions, which in turn allows for separations based on
hydrophobic, electrostatic, hydrogen bonding and van der Waals interactions in addition to the
electrophoretic ones.*® However, the majority of these separations were done in glass/silicon based
nanofluidic devices, which make these separations not ideal for clinical needs as the fabrication of
these devices is associated with high cost, time consuming and sophisticated fabrication
methods.*% 4

There are, however, scale-dependent processes that can degrade the performance of using
nanoscale columns, such as intermittent motion of analytes due to dielectrophoretic trapping
artifacts generated by surface roughness. This surface roughness creates inhomogeneous electric

fields inside the fluidic channel and traps the molecules by localized dielectric fields.*> *® Others
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include electric double layer (EDL) overlap, concertation polarization, and increased surface
interactions due to high surface area-to volume ratio.

Thermoplastic nanofluidic devices have garnered attention as an alternative to glass/silicon
devices due to their diverse physiochemical properties and the fabrication techniques available to
design the prerequisite structures.*> ** Thermoplastic nanofluidic devices can be fabricated using
nanoimprint lithography (NIL), where it takes advantage of the deformability of the substrate at
temperatures above the glass transition temperature (Tg) of the substrate to produce multi-scale
structures in a relatively high production mode over large areas at moderate cost.® 4 The diversity
in their surface chemistry, which is determined by the identity of the monomer units comprising
the polymer chains, is another advantage of using thermoplastics as column materials. In addition,
a diverse range of simple activation technigques can be employed to generate functional groups that
alter the surface chemistry of these nanochannel walls.*3 4% 46

There have been a limited number of studies on nanoscale separations using thermoplastic
nanofluidic devices.*¢*® Weerakoon-Ratnayake et al.*’ investigated the separation of silver
nanoparticles (AgNP) within nanoscale PMMA columns. AgNPs within these devices were
detected by dark field microscopy with varying slit dimensions, ionic strength of the buffer, and
applied electric field strengths. The authors demonstrated size-based separation of AgNPs without
buffer additives in the carrier electrolyte (i.e., sodium dodecyl sulfate micelles), which was not
possible within microscale columns. High resolution was observed for 60 nm and 100 nm AgNP
at high electric field strengths where the influence of stick-slip motion was minimal. O’Neil et
al.*® demonstrated differences in the electromigration of 20 nm polystyrene (PS) beads traveling
through PMMA nanoslits at varying field strengths. At low electric field strengths (200 V/cm), the

PS beads had high numbers of wall interactions resulting in increased electrophoretic migration
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time and increased peak dispersion. However, a 50% increase in the electric field strength (300
V/cm) generated a 600% decrease in the electrophoretic migration time. Further, the relative
dispersion in the migration times were reduced from 40% at 200 V/cm to 8% at 300 V/cm, a 5-
fold decrease. O’Neil et al.* recently showed the separation of deoxynucleotide monophosphates
(dNMPs) through thermoplastic nanochannels made with PMMA and COC. In their study, they
observed field-dependent mobilities of ANMPs at low electric field strength due to recirculation of
solutes arising from non-uniform surface charge. They showed that increasing the pH of the carrier
electrolyte increased the separation resolution while low ionic strength conditions where the EDL
is thick, led to poor separation resolution. They also observed at very high pH (pH>10.3),
delamination of the PMMA-COC nanofluidic device limited the use of higher pH electrolytes to

possibly further improve the electrophoretic resolution.

In this work, we report the separation of rNMPs in thermoplastic nanofluidic channels. We
fabricated COC/COC monolithic thermoplastic nanochannel devices with the ability to control the
EOF through post assembly UV/O3z surface modification. Furthermore, these COC/COC devices
showed significantly high bond strength compared to PMMA/COC devices. We investigated the
separation resolution of the rNMPs under different conditions including the carrier electrolyte pH,
electric field strength, and the material type. We were able to separate all rNMPs in free solution
with identification accuracies, which were based on mobility matching, >99.99 % in COC/COC
devices and >99.76 in PMMA/COC devices. In addition, the separation mechanism changed with
the thermoplastic material used; COC/COC devices the separation mechanism was primarily

electrophoretic in nature, while for PMMA/COC devices it was primarily electrochromatographic.
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4.2 Materials and Methods

4.2.1 Materials and reagents

Silicon {100) (Si) wafers were purchased from University Wafers (Boston, MA). Impact

modified (IM) and non-impact modified (NIM) PMMA substrates were purchased from ePlastics
(San Diego, CA) and Good Fellow (Berwyn, PA), respectively. Cyclic olefin copolymer (COC
8007 and COC 5010) were purchased from TOPAS Advanced Polymers (Florence, KY). COC
6015 was purchased from Knightsbridge Plastics Inc. (Fremont, CA). UV curable polyurethane
resin was purchased from Chansang sheet Co Ltd. ATTO532 was purchased from ATTO 532 dye
was purchased from Atto-Tec (Siegen, Germany). Uridine 5’-monophophate disodium salt,
cytidine 5’-monophosphate disodium salt, adenosine 5’-monophosphate disodium salt and
guanosine 5’- monophosphate disodium salt, were purchased from Sigma-Aldrich (St. Louis, MO).

Molecular biology grade water was purchased from Thermo Scientific (Waltham, MA).

4.2.2 Fabrication of nanochannel devices

Nanofluidic structures were fabricated in thermoplastic substrates using a method described earlier
by our group. Briefly, microchannels were fabricated in a Si wafer (master) via optical lithography
followed by wet etching. Then nanochannels were fabricated using focused-ion beam milling.
Next, the resin stamps were produced from the Si master by curing a UV curable polyurethane
(PUA) resin. COC6015 coated with NOA72 adhesive was used as the backplate of resin. After
that, nanochannels were imprinted on COC5010 substrate which had a T4 of 108 °C and non-

impact modified PMMA (NIM-PMMA) using the Nanonex 2500 nanoimprinting machine. A
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schematic diagram of the imprinting/bonding scheme using Nanonex 2500 is shown in Figure

4.1A.

Nanonex 2500 uses an air cushion press method (ACP). In this method, an inert gas is used to
press the patterned mold and the substrate against each other in an enclosed chamber rather than
solid parallel plates. (Figure 4.1A) This method has several advantages over the solid plate parallel
method including: a) isotopically applied gas pressure eliminates lateral shift or rotation and reduce
the damage to the mold; b) ACP has much more uniform pressure which eliminates hot spots in
the imprinting; c) The conformable gas (or fluid) layers in ACP eliminate direct contact between
the solid plates and samples (mold and/or substrate), and thus removes any effects related to the
imperfection of the solid plates; d) ACP is immune to dust and topological variations on the
backside of the mold or substrate; e) The smaller thermal mass in ACP provides faster thermal

imprinting,*- >

Figure 4.1B shows the temperature-pressure process program used for the imprinting of
nanofluidic devices and the bonding of devices. The temperature and pressure conditions for
imprinting and bonding will depend on the substrates used. Details on COC/COC device
fabrication is discussed in section 4.3.1. As shown in Figure 4.1B the temperature-pressure

process program consists of seven segmented processes.

1) Pump down stage — A silicon rubber bag consisting of a substrate and stamp are placed within
an enclosed chamber. The first step is the evacuation of this chamber. We used 3 min pump down

time to achieve this.
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2) Pre-pressure stage — After the chamber was pumped down, the chamber pressure was raised to
a pre-pressure before heating the system, which takes about 1 min. In the Nanonex 2500, nitrogen

is used as the gas for ACP.

3) Heating stage — Once the chamber reached pre-pressure, heating of the chamber occurred. The
heating in Nanonex was achieved using infrared lamps below the Si wafer. The use of a Si wafer

facilitates the heat conduction to the thermoplastic substrate.

4) Pressure stage — Once the desired imprinting/bonding temperature is reached, the pressure is
immediately raised to the intended final pressure. This final pressure is determined depending on the

bonding or imprinting and material used for substrates.

5) Hold stage — In this step, the desired temperature and pressure are maintained. For imprinting

the holding time is 5 min. For bonding the hold time is 15 min.

6) Cool down stage — Once imprinting/bonding is complete, the temperature of the chamber starts
to decrease gradually to 45°C at a rate of 2.5°C/s while holding the device imprinting/bonding
pressure. This reduces the stress imposed on the substrate/cover plate and lowers channel

deformation.

7) Demolding stage — After the cooling process, the chambers release the gas pressure and separate.
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Figure 4.1. A) Schematic illustration of the device assembly using the Nanonex2500. B) Temperature-
pressure process profile showing the seven stages for the imprinting and bonding cycle. An imprinting cycle
is 10 min (5 min imprinting time) and bonding cycle is 25 min (15 min bonding time).

Imprinting of the nanofluidic channels into COC and NIM-PMMA is a critical step in device
fabrication. Preliminary tests were conducted to optimize the imprinting pressure, imprinting

temperature, and imprinting time. The imprinting temperature was kept higher than the glass
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transition temperature of the thermoplastic substrate. For NIM-PMMA devices, we used the same
imprinting conditions mentioned in Chapter 3 (130° C temperature, 300 psi pressure and 5 min
imprinting time).

The imprinting of nanofluidic structures on COC5010 substrate was done by keeping the
imprinting pressure (300 psi) and time (5 min) constant while optimizing the imprinting
temperature. The optimized conditions for the imprinting are given in Table 4.1 for both COC5010
and PMMA. The imprinted nanofluidic devices with optimized conditions were then characterized

using SEM imaging and SPM.(see Figure 4.2)

Table 4.1. The optimized imprinting conditions for NIM-PMMA and COC5010 110 x110 nm nanochannels
in Nanonex 2500; Width and depth of the imprinted nanochannel measured by SEM (Hitachi SU8230
Field emission scanning electron microscopy)and SPM (Schimadzu SPM-9700HT), respectively.

Substrate Imprinting conditions Width and depth of the imprinted
(temp., pressure, time) device
NIM-PMMA 130°C, 300 psi, 5min 110 (¥1.4) nm x 112.1 ( (£1.6) nm
COC5010 135°C, 300 psi, 5min 110 (£0.9) nm x 109.3 (+1.3) nm
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Figure 4.2. A) An SEM image of nanochannel replicated onto polyurethane (PUA) resin. B) An SEM
image of nanochannel imprinted into COC5010 substrate. C) An SPM image of the nanochannel imprinted
in to COC5010 and the depth was measured as 110 nm by SPM.

It is necessary to seal the nanofluidic device after thermal imprinting using a coverplate. Thermal
fusion bonding is used for the sealing of nanochannel devices. Bonding of NIM-PMMA/COC
devices were done according to a method described by Uba et al.>! with 1 minute oxygen plasma
for both substrate and coverplate at 50 mW oxygen plasma power. We tried a similar protocol to
bond COC/COC devices by modifying the both substrates and coverplate by oxygen plasma, but

we were not successful in obtaining a well-sealed device. Therefore, we tried bonding these
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COC5010 and 8007 without plasma treatment. Successful bonding was achieved between

COC5010 and 8007 at 110 psi bonding pressure, 70 °C for 15 inutes. (Table 4.2)

Table 4.2. Optimized bonding conditions for NIM-PMMA and COC 5010 110 x110 nm
nanochannels using the Nanonex 2500.

Substrate Plasma modification Bonding conditions

(temp., pressure, time)

NIM-PMMA 1 min. at 50 mW 70°C, 110 psi, 15min

COC 5010 No modification 70°C, 100 psi, 15min

4.2.3 Bond strength measurements of nanochannel devices

The bond strength of COC nanochannel devices was evaluated by using crack opening
method.>? 5% Here a razor blade of known thickens ty is inserted between bonded substrate and
cover plate to induce an interfacial fracture with a length of L from the edge of the razor blade. If
elastic moduli of cover plate and substrate are Ep and Es respectively, the bond strength is
represented by equation (1).where ts and tp are the thickness of cover plate and the thickness of
substrate. The elastic moduli of NIM-PMMA is 3.3 GPa, which was obtained experimentally by
Q800 dynamic mechanical analyzer (TA instruments, New Castle, DE).The elastic moduli of
COC5010 substrate is 3.0 GPa provided by manufacturer. The elastic moduli of COC8007 cover
plate is 2.6 GPa provided by manufacturer. In this work, all tests were performed using a stainless
steel single edge razor blade with a thickness of 0.009" and the crack lengths were measured using

a calibrated upright microscope with a 10X objective lens. Bond strengths were calculated using
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equation (4.1) All measurements were replicated five times and the average of bond strength was

represented with the standard deviation of measurements.

3tpEstSEyt;
V= 16L% (Est3+Ept3)

(4.1)

4.2.4 Evaluation of pH stability of fabricated nanochannel devices

Fabricated COC/COC and NIM-PMMA/COC nanochannel devices were first filled with
Rhodamine B solution in ultrapure water at pH 7.0 and fluorescence images were captured
including funnel area and nanochannel to make sure there is no channel deformation after bonding.
Then the solution was removed using vacuum suction and washed with 50 % methanol/water
mixture and added Rhodamine solution made in glycine buffer at pH 10.0. Fluorescence images
were captured at t=0, t=0.5 h, and t=3 h to observe any deformation or leaking of fluorescence by

delamination of coverplate.

4.2.5 Electroosmotic flow (EOF) measurement

Current monitoring method described by Huan et al.>* was used to measure EOF in fabricated
nanochannel device. A nanochannel device possessing a single nanochannel (107 um long, 100
nm deep and 100 nm wide) connecting two access microchannels was fabricated as described
earlier in text. First, the entire chip was primed with 50% (v/v water/methanol), then drained, and
flushed with nuclease free water. After that, the device was filled with 1X NE (New England)
buffer 3 (composition of NE buffer is given in Table 4.3) and allowed to equilibrate for 4 min.
under a 500 mV DC bias. After confirming the equilibrium by a constant current trace, one

reservoir was replaced by 0.94X NE buffer. Pt electrodes were placed in the reservoirs across the
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channels under a 500mV DC bias. Signals were acquired using pClamp10 software and Digidata
1440B low noise digitizer set at a rate of 10 kHz sampling frequency. Electroosmotic flow was
measured by changing the UV/Os dose through the coverplate of COC nanochannel device. The
NE buffer is used as the stabilizing buffer for XRN-1. Therefore, we used same buffer for all of

our experiments to match with enzyme conditions.

Table 4.3. Chemical composition of 1X NE buffer 3.

Component Concentration (mM)
Sodium Chloride (NaCl) 100
Magnesium Chloride (MgCly) 10
Tris-HCI 50
Dithiothreitol (DTT) 1

4.2.6 Microscale electrophoresis of rNMPs

Fabrication of T-shaped microfluidic device (50um depth x 100pum width and 5 cm long) was done
by a hot embossing (Wabash P3H-15-CLX, IN, USA) into PMMA according to a method
described by our group.>® Embossed devices were diced using a bandsaw and reservoirs were
drilled. Next, the devices were cleaned with 5% Micro-90, IPA and nanopure water. Finally,
sealing of these devices were done using thermal fusion bonding to a 150 um thick PMMA sheet
at 105 °C for an hour. Before bonding the T-shaped chip was UV/Ostreated at 22 mW for 16 min.
Microchannel dimensions were measured before and after bonding by rapid laser-scanning optical

profilometry (VK-X250, Keyence, IL, USA).
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First the microfluidic device was primed with 50 % methanol/water mixture for 5 min. Then it
was filled with 1X NE buffer 3 at pH 7.9. Separation was carried out at normal mode where the
injection end is anodic, and the detection end is cathodic. Injection was initiated by applying a
positive voltage to the sample reservoir and grounding the sample waste reservoir for the amount
of time required to completely fill the cross channel. The remaining reservoirs were let to float
during injection. After injection, a positive high voltage was applied to the electrophoresis buffer
reservoir and the electrophoresis waste reservoir was grounded allowing the separation. Detection
was done 4.0 cm away from injection point sing a home-built laser induced fluorescence detection

system equipped with a single-photon counting module.

Figure 4.3 shows the LIF detector which was configured in an epillumination format having
a 532 nm, 20 mW excitation laser (LaserGlow Technologies, Toronto, Ontario, Canada), XF 3085
edge filter (Horiba Scientific, Middlesex, UK), 560 nm long pass filter (Omega Optical,
Brattleboro, VT), a 532 nm dichroic filter (Omega Optical Brattleboro, VT) and a SPCM-AQR
single photon counting module (Perkin Elmer Optoelectronics, Waltham, MA). A 100X high
numerical aperture (NA = 1.3) microscope objective from Nikon (Natick, MA) was used to focus

the laser beam onto the microchip and collect the fluorescence.
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Figure 4.3. A schematic diagram of microscale electrophoresis set up with the T-shaped microchip
fabricated in PMMA having the dimensions of 100 um in width and 50 um depth. The length of the
separation channel is 5 cm.

4.2.7 Electrokinetic separation of rNMPs in nanochannels

Assembled COC/COC nanochannel devices were UV/Os treated through the COC coverplate
at 22 mW for 15 min with highest EOF.*¢ For NIM-PMMA/COC devices no UV/Og3 activation is
done. Then nanochannel devices were primed with 50 % methanol for 5 min. Next using a vacuum
pump, the methanol was removed from the nanofluidic device. After that it was filled with 1X NE
buffer 3 at pH 7.9 and allowed to equilibrate for 10 min. ATTO532 labeled rNMPs of 200 nM
were prepared in 1X NE buffer 3. Next, carrier electrolyte in one of the reservoirs connecting
microchannels was replaced with rNMP solution. Afterwards the carrier electrolyte in the opposite

side of same microchannel was removed and vacuum was applied to make sure it was completely
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filled. Once the microchannel was filled, all the other reservoirs were filled with the same volume
of carrier electrolyte. Finally, square voltage (Vpp) was applied using an ATTEN ATF200B
function waveform generator for a period of 20 s to allow for multiple injections of the dye labeled
oligonucleotides to nanochannels. Events were recorded for 6000 frames allowing multiple events

to be analyzed.

All fluorescence imaging was done using Nikon TE2000 inverted microscope (Nikon, Minato-
ku, Tokyo, Japan) equipped with 100x oil immersion objective (NA-1.3). A Keplerian beam
expander was used to expand the Gaussian laser beam to completely backfill the objective. The
lower intensity wings were whacked using an iris to ensure uniform laser intensity in the
microscope’s field of view. Kohler epiillumination was used to focus the beam to the back of
microscope objective to allow irradiation of entire field-of-view and passed through 532 laser line
filter (F1) and dichroic filter (DF). The emission signal was collected by the objective, passed
though the dichroic filter, spectrally selected long pass filter (F2), band pass filter (F3) and imaged
onto an iXon 897 EMCCD camera (Andor technologies Ltd, Belfast, United Kingdom) controlled

by Metamorph software (see Figure 4.4).
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Figure 4.4. (A) Optical set-up of the fluorescence imaging system. The Gaussian beam from the laser
(Nd:YAG; Aex =532 nm; P = 0.01-5 W; 2.2 mm beam diameter) was expanded 10x using a Keplerian beam
expander and the wings were knocked out with an iris that ensured uniform laser intensity in the field-of
view and complete back-filling of the objective (OBJ). The beam was focused into the back of a 100x oil
immersion objective

4.2.8 Data analysis

ImageJ software®® was used to analyze the fluorescence intensity data relevant to nanoscale
separations. Collected videos were imported to image software and two detection windows of
1um? were placed at the entrance and exit of nanochannel. Fluorescence intensity of these two
detection windows were recorded using ImageJ software. These data were then exported to data
analysis software Origin pro 8.5. The first derivative was taken of each data set to find the two

peaks representing the time at which the maximum intensity was reached at both the entrance and
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exit of the nanochannel. The time between peak 1 and peak 2 is the AT for each INMPs and the
apparent mobility can be determined from this value as following equation (4.2). Where | is the
distance between two detection windows, L total length of nanochannel and V is the applied

electric potential.

Lapp = (IL/ATV)) (4.2)

4.3 Results and discussion

4.3.1 Bond strength and pH stability of COC/COC devices

Thermal bonding is an essential step for obtaining enclosed nanochannels in nanofluidic
devices. Therefore, we studied the bond strength of thermally bonded COC/COC devices and
NIM-PMMA/COC devices using the crack opening method described in previous sections. The
advantage of using thermal bonding for sealing was that nanochannels with homogeneous channel
surfaces with uniform properties (i.e., surface charge and wetting angles) can be obtained.
Preliminary tests were conducted to optimize the bonding pressure and bonding time at a bonding
temperature of 70°C, which is close to the glass transition temperature of the cover plate, to avoid
undesirable deformation of the nanochannels during thermal sealing because the substrate, which
contains the nanochannels, has a much higher glass transition temperature. The optimized bonding
parameters (see Table 4.2) were utilized to prepare sealed nanochannel devices to obtain bond
strengths. As shown in Figure 4.5A, the bond strength of COC/COC devices were significantly
higher than that of NIM-PMMA/COC devices. This suggests that interfacial adhesion of similar

materials is greater than that of dissimilar materials.
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pH stability is another important parameter to evaluate in these COC/COC devices and NIM-
PMMA/COC devices because we wanted to check whether this device is usable at pH >9 that may
result in optimal rNMP electrophoretic separations. In these experiments to check for cover plate
delamination from the substrate, the device was flooded with different pH buffers and then the
device was filled with a Rhodamine dye test and using fluorescence imaging, determine if leaking
of the dye solution occurred. A fluorescent image of the dye-filled chip was first taken at neutral
pH to make sure that the bonded device had no leakage prior to adding the high pH Rhodamine B
solution. After 30 min, the NIM-PMMA/COC devices leaked as fluorescence appeared near the
inlets of the nanochannels indicating the delamination of the cover plate from the substrate.
However, for COC/COC devices, even after 3 h we did not observe leaking or delamination. (see
Figure 4.5 B and C respectively). According to this observation, NIM-PMMA/COC devices are
less stable at high pH conditions. When considering on the chemical resistance of NIM-PMMA
and COC, NIM-PMMA shows lower base resistance (There can be slight swelling and dissolving
of PMMA when exposed to bases).>" %8 This might be the reason for the observed delamination of

cover plate from the substrate in NIM-PMMA/COC devices compared to COC/COC devices.
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Figure 4.5. A) The bond strength calculated for thermally bonded COC/COC devices and NIM-PMMA/COC devices.
Bonding of COC/COC devices was done without plasma treatment and NIM-PMMA/COC was done by treating both
substrate and coverplate under 50 mW O plasma for 1 min Standard deviation is given for n=5 measurements. B) pH
stability of NIM-PMMA/COC devices with time. C) pH stability of COC/COC devices with time. All fluorescence
images were adjusted to the same intensity scale.

4.3.2 Water contact angle and EOF mobility of COC/COC devices

Water contact angle measurements can serve as a measure of the hydrophilicity of a surface,
although it does not provide an insight into the functional group identity. Contact angle data
evaluate the hydrophilicity/hydrophobicity of the surfaces, which is indicative of the formation of

polar functional groups on the surface generated after surface activation. Figure 4.6A shows the
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contact angle measured at different UV/O3 exposure times for a COC 5010 substrate with a COC
8007 cover plate. The contact angle decreased with increasing time up to 15 min. This indicated
that the COC surface had become more hydrophilic due to polar functional groups generated
during the process of UV/O3 activation. The contact angle did not change with further increasing
UV/Os exposure time after 15 min as shown in Figure 4.6 A(p = 0.3474 for n=>5 contact angle data

for 15 min UV exposure vs. 20 min UV exposure).

Another important parameter to be considered is the EOF in these nanofluidic devices.
Therefore, we measured the EOF with UV/O3 exposure time in a sealed COC/COC nanochannel
device, and the device was exposed to UV/O3z through the cover plate. According to the data
presented in Figure 4.6B, The EOF mobility remained constant (1.40 x 10°cm?/Vs) until 10 min
exposure time, but at 15 min exposure, there was a significant increase in the EOF (~10-fold
increase) and then at 20 min exposure, the EOF remains the same (p=0.87 for EOF value at 15 min
exposure vs 20 min exposure). At low Ap (here ~0.3 nm), ueot can be represented in terms of the
bulk solvent viscosity 7o, and the zeta potential { by the Helmholtz-Smoluchowski equation where

€, € are the permittivity of air and the relative permittivity of the buffer, respectively.

= @t (4.3)

Furthermore, the zeta potential can be represented in terms of os (surface charge) and Ap

(electric double layer thickness) for different electrolyte solutions using theequation (4.4).%3

ek T 4

2 kg T 2 eog A (e)LD/EE ki T)2
(=== In| —=2 + ||+ |-—0Br (4.4)
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In equation (4.3), €0 and ¢ are permittivity of air and the relative permittivity of buffer and are
constants for a given carrier electrolyte. The parameters that can change os, C, Ap, or  will alter
the magnitude of the EOF. Here, the same buffer concentration was used and therefore, or n does
not change as a function of UV/Oz dose. Only osis changing, therefore the EOF changes due to the
increasing number of -COOH groups on the plastic surface generated during UV/O3 activation.
However, similar to contact angle data the EOF levels off after 15 min UV/O3z exposure. Both of
these observations suggest that there is no further increase in the surface -COOH functional groups.
O’Neil et al.*¢, whom mapped the distribution and number density of surface -COOH groups in
COC by superresolution microscopy, observed a reduction of -COOH groups at 20 min UV/O3
exposure time compared 15 min. This is different compared to our observation, where we did not
observe a change in the surface -COOH groups at 15 min and 20 min UV/O3 exposure time. This
nearly constant -COOH density is most likely due to the scission of the polymer chains and
etching of the surface during prolonged exposure to UV/Os in addition to the generated -COOH

groups.>®: &
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Figure 4.6. A) Water contact angle of COC 5010 surface measured at different UV/O3 exposure times at
22 mW/cm?. The data points named as with cover plate were obtained by keeping a cover plate on top of
the substrate and then exposing it with UV/Os. After exposure, the contact angle of the underlying substrate
was measured. B) EOF mobility of COC/COC nanochannel devices. The dimensions of the nanochannels
were 110 nm x 110 nm depth and width respectively ( length — 107 um). Substrate is COC5010 and sealed
with COCB8007 coverplate. The activation was done though the coverplate side. Error bars represent the
standard deviation of contact angle and EOF for n=5.
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4.3.3 Microscale electrophoretic separation of rNMPs

We carried out microscale separations of the rNMPs using a T-shaped microchip fabricated in
PMMA (depth = 50 um; width = 100 um effective length = 5 cm) to understand the effects of
scaling for the separation. The free solution electrophoretic separations of the rNMPs was done in
1X NE buffer 3 at pH 7.9. During the microscale electrophoresis, INMPs migrated from anode to
cathode in spite of their anionic nature. As shown in Figure 4.7A, at pH 7.9 we could separate all
four rNMPs in free solution by electrophoresis. The apparent mobilities of the rNMPs were
calculated using equation 4.5 and are presented in Figure 4.7B. In this case, | is the distance to the
detector from injection point (4.0 cm), tm is the migration time of rINMPs, and E is the electric field
strength (1,000 V/cm). The apparent mobility order of rNMPs were rAMP < rCMP < rGMP <

rUMP, which was the opposite of the migration time order.

l
Uhrova et al.?” showed the separation of ribonucleotide monophosphates in a fused silica capillary
without suppressing the EOF by free solution electrophoresis using borate buffer at pH 8 and
observed similar migration order except for rUMP, where they observed a higher migration time
for rtUMP. Baseline separation (resolution >1.5) was obtained for rtGMP and rUMP, but for rAMP

and rCMP no baseline separation was observed (see Figure 4.7C).
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Figure 4.7. A) The electropherogram for the separation of rNMPs by microscale electrophoresis in PMMA
microchannels having dimensions of 50 um x 100 um (depth and width, respectively) with 5 cm separation
length. B) Calculated apparent mobilities of rNMPs using equation (4.5). C) Resolutions (R) calculated for
adjacent peak pairs using the electropherogram shown in (A). R= 1.18(tmz-tmz2)/ (Wos+Wo5) Where tm and
tmz are migration times and w1 and w, corresponds to the peak widths at the base of the peaks.
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4.3.4 Effect of material type for the nanoelectrokinetic separation of ATTO 532- labeled

rNMPs

In sections 4.31 and 4.3.2 we compared the mechanical and chemical properties of fabricated
nanochannel devices in COC/COC and NIM-PMMA/COC. In here we studied the separation of
rNMPs in NIM-PMMA/COC nanochannel devices to those in COC/COC devices. Upon changing
the substrate, we changed the nanochannel wall and thus the surface charge and EOF become
different compared to COC/COC devices. The EOF mobility for NIM-PMMA devices were
reported in Chapter 3, which was 4.2 x 10 cm? / Vs. The EOF of NIM-PMMA devices were ~4
times higher than that of COC/COC nanochannel devices and thus, herein we sought to understand

the effect of material type for the separation.

4.3.4.1 Separation of rNMPs in NIM-PMMA/COC nanochannel devices

Figure 4.8A shows the apparent mobility versus electric field strength for the four rNMPs using
a 110 nm x 110 nm nanochannel fabricated in NIM-PMMA/COC with a carrier electrolyte
consisting of 1x NE buffer 3 (ionic strength 145 mM) at pH 7.9. At pH 7.9, all ATTO 532-labeled
rNMPs have a net charge of —3; the ATTO-532 dye contributes a —2 charge and the phosphate
contributes —1 (see Figure 4.8B) with all nucleobases not carrying a charge at this pH. The apparent
mobility is a sum of the EOF (peof) and the electrophoretic mobility of the INMP (uep). In this case,
the electrophoretic mobility of the dye/rNMP conjugate is opposite in direction to the EOF and
thus, an increase in pep results in a decrease in the apparent mobility. Because all NMPs have the
same charge at this pH, the differences in the apparent mobility could arise due to differences in

their size, which in this case arises from the nucleobase if the separation mechanism is merely

159



electrophoretic. We could only do the separations at electric field strengths less than 464 V/cm in
these nanochannel devices due to the fast movement of NMP at electric field strengths >464V/cm
without experiences significant peak slewing due the limited frame rate of the EMCCD camera.
As seen in Figure 4.8A there is a field dependent apparent mobility for rtCMP and rAMP but not
for rUMP and rGMP whereas on the dNMPs separation*®, all dNMPs showed field dependent
apparent mobility. At this point we are not exactly sure why field dependent apparent mobilities
are observed for some of the rINMPs.

Figure 4.8C shows histograms of the apparent mobility for the ATTO 532 labeled rNMPs at
280 V/cm in NIM-PMMA/COC devices. This electric field was selected as it provided the optimal
resolution between the rNMPs with minimum standard deviations. These histograms were fit to a
Gaussian function and the resolution and identification accuracies were calculated. The apparent
mobility order here is rUMP < rGMP < rCMP < rAMP. The observed apparent mobility order here
is different than the apparent mobility order we observed in microscale CE with no wall
interactions ( in the microchannel due to its larger size allows for very infrequent interactions
between the solutes and the PMMA wall). Therefore, the difference observed in the apparent
mobility order could be due to the scaling effects that arose in nanoscale compared to microscale.
When the channel dimensions are decreased to nanometers, the surface area-to-volume ratio
increases, and thus, surface interactions of analytes with channel walls become prominent.
Increased surface interactions of rNMPs with nanochannel walls can contribute to the
electrophoretic separation of rNMPs leading to a difference in the apparent mobility order in
nanoscale.*® The average separation resolution is 4.3. (separation resolutions ranged from 1.4-7.8)
Another important metric for the utilization of mobility matching for the identification of

mononucleotides is the identification accuracy, which is related to the separation resolution
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between the nucleotides. We define the “identification accuracy” as the amount of overlap of two
adjacent Gaussian fits to the histograms of the ATTO 532-rNMPs’ apparent mobilities. The percent
overlap of the Gaussian peak was calculated using a previously described method and is related to
separation resolution. ® The average identification accuracy for the separation of rNMPs in NIM-

PMMA/COC devices was >99.955%.
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Figure 4.11. A) Apparent mobility vs electric field strength of rINMPs in 110 nm x 110 nm nanochannels
fabricated in NIM-PMMA/COC nanochannels using 1X NE buffer 3 at pH 7.9 as carrier electrolyte. B)
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schematic diagram of rNMPs with attached dye and the pKa of the nucleobases. C) Histogram of apparent
mobilities of rNMPs at 280 V/cm in 110 x 100 nm NIM-PMMA/COC nanochannel devices using 1X NE
buffer 3 at pH 7.9 as the carrier electrolyte. The histograms were fit in to gaussian function and each bin
represent 2 x 10 cm?/Vs. C) The resolution of peaks was calculated using R= 1.18 (Au/Wos + Wos) where
Wo s correspond to the full width at half maximum of the gaussian peaks. D) Identification accuracies of
rNMPs calculated from Gaussian peak overlap. Identification accuracy = area of non-overlapped/total
peak area.

4.3.4.2 Separation of rNMPs in COC/COC nanochannel devices

In the previous section, we investigated the separation of rNMPs in NIM-PMMA/COC
nanochannel devices, and here we investigated the separation of rNMPs in COC/COC devices.
Upon changing the substrate, we changed the nanochannel wall and, thus, the surface charge and
EOF compared to NIM-PMMA/COC devices. The EOF mobility for COC/COC devices(was 1.1
x 10* cm?/ Vs ) is ~4 times smaller than that of NIM-PMMA/COC devices (reported in Chapter
3, which was 4.2 x 10" cm? / Vs). Therefore, the overall magnitude of papp is lower in COC/COC
devices compared to NIM-PMMA/COC devices. Figure 4.9A shows the apparent mobility vs.
Field strength of rNMPs in the COC/COC nanochannel device. In contrast to the data shown in
Figure 4.8A, here we could only do the separation at higher electric field strengths because at
electric field strength <464 V/cm we observed nonspecific adsorption of rNMPs to the
nanochannel and could not imagine the movement of dye front accurately to calculate the apparent
mobilities. At electric field strengths < 934 V/cm majority of the rNMPs comigrated. Moreover,
the dependent field mobility is observed here only for rUMP and rGMP, which was the opposite
in NIM-PMMA/COC devices. However, at this point, we don’t know the exact reasons for these

observations.
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Figure 4.9.A) Apparent mobility vs electric field strength of rNMPs in 110 nm x 110 nm nanochannels
fabricated in COC/COC nanochannels using 1X NE buffer 3 at pH 7.9 as the background carrier electrolyte
B) Histogram am of apparent mobilities of rINMPs at 934 VV/cm in 110 x 100 nm COC/COC nanochannel
devices using 1X NE buffer 3 at pH 7.9 as the carrier electrolyte. The histograms were fit into gaussian
function and each bin represent 2 x 10 cm?/Vs. C The resolution of peaks was calculated using R = 1.18
(Ap/wos + Wos) Where wgs correspond to the full width at half maximum of the gaussian peaks. D)
Identification accuracies of rNMPs calculated from Gaussian peak overlap. Identification accuracy was
calculated as mentioned in Figure 4.8.
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Figure 4.9B shows histograms of the apparent mobility for the ATTO 532-labeled rNMPs at
934 V/cm, which was selected because it provided optimal separation resolution between the
NMPs. The resolution for these rNMPs was determined from the Gaussian fits to the
histograms. Figure 4.9C shows the separation resolution between rNMP Gaussian fit pairs using
1X NE buffer 3 at pH 7.9. The apparent mobility order is rCMP < rAMP < rGMP < rUMP and is
different than the apparent mobility order observed in NIM-PMMA/COC nanochannel devices.
However, the apparent mobility order observed here is similar to the apparent mobility order seen
in microscale CE except for the apparent mobility order of rAMP. At the carrier electrolyte pH
7.9 and the field strength of 934 V/cm (A«= 0.3 nm), the average separation resolution of rNMPs
is 4.2 (ranged from 1.94 to 8.88, see Figure 4.9 C). This implies that the average separation
resolution is not significantly different than that of NIM-PMMA/COC devices. Figure 4.9D shows
the calculated identification accuracies for the nucleotides at the above experimental conditions.
As can be seen from this data, the identification the average identification accuracy for the
separation of rINMPs in COC/COC devices was >99.997. The average identification accuracy of
rNMPs in COC/COC devices was higher than that of NIM-PMMA/COC devices. The average
identification accuracy was high for the rNMPs in both materials compared to our previous
separation on the dNMPs (deoxynucleotide monophosphates) where average identification
accuracy was >95 %. This implies that the separation of rNMPs is better in nanochannels than
that of the dNMPs. Although we are not exact about what makes this difference, we suggest that
the changed surface interactions of rNMPs with nanochannels might have contributed to this

change.
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4.3.4.3 Effect of pH on the nanoelectrokinetic separation of ATTO 532-labeled rNMPs in

COC/COC devices

We explored the separation of the rNMPs at pH 10.3, because a majority of the ribonucleotide
monophosphate separations showed better resolution at high pH (pH >9). For the high pH
experiment, the same carrier electrolyte was used with slight modifications. Tris-HCI in 1X NE
buffer 3 was replaced with glycine, but the ionic strength was kept a constant. Glycine has the
proper buffer capacity at pH 10.3 (pKa2 9.6) and therefore, the pH of the carrier electrolyte is

maintained properly during the course of the experiment.

Figure 4.10A shows histograms of apparent mobility of rNMPs at pH 10.3 using COC/COC
nanochannels at a field strength of 934 VV/cm. The apparent mobility order at this pH was rAMP
<rCMP < rGMP < rUMP. As seen in the Figure 4.9 where the separation was carried out at pH
7.9, the overall magnitude of the papp for all INMPs increased. Increasing the carrier electrolyte pH
had a two-fold effect: (1) Increasing the EOF due to increased ionization of the surface functional
groups (the pKa of the surface -COOH groups are ~ 6.9)* and the percent ionization of the surface
-COOH groups can be calculated using the Henderson-Hasselbalch equation at different carrier
electrolyte pHs.®? The calculation at pH 7.9 resulted in 90% ionization of the surface -COOH
groups, while pH 10.3 resulted in 99.99% ionization. The EOF mobility measured at this pH was
7.5 x10** cm?/Vs, which was approximately seven times higher compared to the EOF observed at
pH 7.9 (1.1 x10* cm?/Vs). (2) Changing the charge status on some rNMPs. In this case, we would
expect rGMP and rUMP to have the lowest papp compared to the other two rNMPs. However, the
experimental observations do not support for this argument. At pH 10.3, the separation resolution

was reduced compared to pH 7.9 partly due to the increased peak width of rGMP and rUMP. In
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our previous paper,*® we observed surface interactions contributed to the nanoscale separation due
to the increased surface area-to-volume ratio compared to microscale columns. The change in the
charge of rNMPs also can alter potential interactions of the rNMPS with the nanochannel wall.
The increased band dispersion of rGMP and rUMP could be due to the contributions arising from
increased wall interactions. Figure 4.10B shows the calculated separation resolutions between
rNMPs at pH 10.3. Similar to previous experiments, we determined the identification accuracies
of rINMPs considering the amount of peak overlap in histograms (Figure 4.10 C). We observed a
decrease in the identification accuracies in rNMPs with increasing pH . The average identification

accuracy under high pH conditions was >95.620.
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Figure 4.10. A) Histogram of apparent mobilities of rNMPs at 934 V/cm in 110 x 100 nm COC/COC
nanochannel devices using 1X NE buffer 3 at pH 10.3 as the carrier electrolyte. The histograms were fit to
Gaussian functions and each bin represents 2 x 10 cm?/Vs. B) The resolution of peaks at pH 10.3 was
calculated using R = 1.18 (Ap/wos + Wos), where wos correspond to the full width at half maximum of the
Gaussian peaks. C) Identification accuracies of rNMPs calculated from Gaussian peak overlap.
Identification accuracy = area of non-overlapped/total peak area at pH 10.3.
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4.4  Conclusions

Our proposed SMS method address the limitations of poor base call accuracy of current
nanopore sequencing by generating mononucleotides using a processive enzyme from an intact
RNA molecule. Identification of the nucleobases would be enabled by molecular-dependent flight
times of the rNMPs within nanochannels, which in this case refers to the apparent mobilities of
the rNMPs; concept termed Time-of-Flight (ToF) identification. In this work, we sought to
understand the electrokinetic properties of the rNMPs in thermoplastic nanochannels under
varying pH, material type, and ultimately how these factors contribute to the separation resolution
and identification accuracy of rNMPs. We first fabricated COC/COC nanofluidic devices and
investigated the change of the contact angle and EOF with UV/O3 dose. The lowest contact angle
and the highest EOF was obtained at 15 min UV/Os exposure, further increase of UV/O3 exposure
time did not change the EOF and thus the -COOH group density. The advantage of COC/COC
devices was the ability to perform post assembly surface modification and control EOF depending

on the UV/Oz dose, which is not possible in NIM-PMMA/COC devices.

In both COC/COC nanochannel devices and NIM-PMMA/COC nanochannel devices the
separation resolutions of rINMPs were >1.5 and the average separation resolutions were about the
same. (4.2 for COC/COC devices and 4.3 for NIM-PMMA/COC devices) However, the
identification accuracies of rNMPs were higher in COC/COC devices (>99.997) than that of NIM-
PMMA/COC devices (99.955%). In contrast to our separation of dNMPs in thermoplastic
nanochannels, increasing pH of the carrier electrolyte decreased the separation resolution of
rNMPs ranging from 0.64-2.55. In both materials the separation is primarily due to electrophoresis,

but there were some contributions from the surface interactions of rNMPs with the nanochannel
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walls for the separation. The successful separation of rNMPs in free solution using thermoplastic
nanochannels will be able to be utilized in developing the SMS nanosensor and the advances of

this in the future will facilitate the analysis of the transcriptome.
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5.1 Summary

Nucleic acid separations have become an important area of research in forensic and clinical
laboratories as many applications in each setting requires the identification of molecular biological
reaction products using a separation step through chromatography and/or electrophoresis. The
emergence of the concept of precision medicine where diagnosis, treatment, and prevention are
tailored to an individual’s genetic makeup of his or her disease,! has increased the use of nucleic
acid biomarkers in clinical settings. Therefore, there is a growing need for higher throughput
separations with higher efficiency that result in better resolving power to increase the multiplexing
capacity of the assay compared to traditional electrophoretic and chromatographic methods.,
Nanofluidic-based separations have garnered a lot of attention to address these demands due to
unique nanoscale phenomena, such as electric double layer effects and transverse electromigration
which are leading to gel free separations.>* Moreover, low sample and reagent consumption,
ultrafast separations, and ease of integration to lab on a chip (LOC) devices to allow for sample
pre-processing before the separation are the other advantages of using miniaturized nanofluidic

systems.

We successfully fabricated a thermoplastic nanochannel devices which were capable of
performing nanoscale electrokinetic separation of rNMPs, dNMPs and ss-DNA. We investigated the
ability to use different thermoplastic materials for these separations, while understanding the surface
properties such as surface roughness and control of EOF through post assembly surface modification
methods. Our results indicated that the ability to separate these analytes in free solution (without any
gels or additives) in thermoplastic nanochannels by utilizing unique nanoscale phenomena, specifically
the increased surface interactions arisen from increased surface area-to-volume ratio. The advantages

of our developed nanoscale separation method are: 1) ability to perform gel free separations, 2) low
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reagent and sample consumptions, 3) fast separation, and 4) simple methodology and high throughput
device fabrication by NIL. Among these advantages, the ability to perform gel free separation is the
most attractive advantage because gel loading and gel replacement limitations in conventional
electrophoresis based DNA separations are mitigated. This facilitates the use of these separation

methods in clinical settings by enhancing the ability for automation.

We used nanochannels fabricated in thermoplastics having two dimensions (110 nm in depth and
110 nm in width) to separate rNMPs, dNMPs and ss-DNA. We observed that the surface roughness
in the nanochannel devices affected the EOF and reduced the separation performance by introducing
more band overlap in sSDNA separation. Separation of sSDNAs is driven by electrochromatography
and thus a separation resolution was sensitive to the nanochannel material. However, the separation of
dNMPs and rNMPs is primarily due to electrophoresis and therefore we did not observe any significant
difference in the separation with respect to material used to fabricate the nanochannels. In almost all

cases, our nanoscale separation method was able to provide a separation resolution >1.5.

To further refine our developed nanoscale separation method, in the future we want use an
electrical detection method instead of fluorescence detection because in our envisioned single
molecule sequencing approach, labeling of the mononucleotides either before or after exonuclease
digestion would be problematic. > However in these studies we utilized fluorescently labeled
nucleotides and ssDNA as fluorescence tagging provided a viable approach to carefully understand
the transport properties of these analytes to guide optimization of experimental conditions and

nanochannel geometry for optimal separation resolution and identification accuracies.
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5.2 Ongoing developments and Future directions

The overall goal of this project is to develop a biosensor that utilizes nanofluidics for the real
time, rapid and efficient sequencing of DNA and RNA. DNA/ RNA that are cleaved enzymatically
by exonucleases will generate mononucleotides that can be identified via their unique
electrokinetic time of flight (ToF) through a 2D nanochannel. These mononucleotides are
separated based on their electrokinetic transport properties (electrophoretic and
electrochromatographic) through the nanochannel and the ToFs are read electrically by using a

pair of in-plane nanopores.

The mixed-scale(micro/nano) single molecule sequencing (SMS) platform is fabricated using
thermoplastic via nanoimprinting lithography (NIL) in high production mode. The use of polymer
substrates with broad range of surface chemistries enables the optimization of
mononucleotide/nanochannel interactions to facilitate ToF identification. The simple workflow,
high throughput fabrication process and the low cost per chip make this sensor ideal to meet the

clinical demands required for DNA/RNA sequencing.

5.2.1 Introduction

The emergence of high throughput next generation sequencing(NGS) platforms have
revolutionized the understanding of complex genomics and transcriptomics by allowing the
analysis of DNA and RNA through sequencing, in terms of understanding the genetics of various
human diseases and quantitative view gene expression levels.®® Although the accomplishments
of NGS techniques are impressive, there are several challenges associated with it: such as the

complex sample preparation steps involving library preparation, which can be time consuming
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(exon targeted sequencing using the Illumina TruSight Tumor panel requires ~28 h for library
preparation), the requirement of a high nucleic acid mass input, biases and amplification errors
associated with polymerase chain reaction(PCR) amplification step and the limited to short read

lengths.®

Single molecule nanopore based sequencing has been perceived as a good alternative to address
the aforementioned issues associated with NGS. Out of the many advantages of single molecule
nanopore sequencing, the most exciting are the simple workflow, the promise of longer reads, and
no amplification of DNA/RNA.% ! In addition, this amplification free SMS that does not require
fluorescent labels which significantly reduces the time and cost of the analysis.’® However, the
major challenge associated with SMS sequencing is the difficulty of distinguishing the current signal
generated from the translocation of nucleotides because the current signal generated can be due to one
nucleotide or due to multiple nucleotides because of the higher thickness of the nanopore compared to
a single nucleotide ( single base spacing of DNA molecules, ~0.34 nm ). By sensing current amplitude
only has created a limitation in the decrease of call accuracy.'?*( single call accuracy of these
nanopore sequencers~92%.)*° Moreover, a large amount of noise is created in the ionic current

measurement due to the large unoccupied volume in nanopores.

One way to mitigate the limitations in readout resolution is the use of a processive exonuclease
to clip individual nucleotides from an intact DNA/RNA as long as nucleotides maintain their
original order following clipping.’® Improved single base call accuracy has been shown by
directing clipped ANMPs through an a-hemolysin nanopore, but issues arose due to the diffusional
misordering of the dNMPs once cleaved from the intact DNA.Y" To address these issues, we are

developing a SMS strategy that cleaves DNA/RNA using a processive enzyme to generate
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individual mononucleotides. These mononucleotides are then identified based on their molecule-
dependent flight times through a nanochannel with two in-plane nanopores that allow for a dual
detection modality, in which the signature time of flight (ToF) and current perturbation can both

be used to reliably identify each mononucleotide.

5.2.1.1 Description of proposed SMS module

The nanofluidic network comprising the X-ToF SMS chip consists of 3 operational
components (see Figure5. 1): 1) An input/output channel network (~50 nm in depth and width)
containing in-plane nanopores (~10 nm effective diameter) to transduce the entrance/exit of a
single DNA/RNA molecule into/out of the SMS chip. This network also contains an expansion
chamber (trap) to allow the injected DNA to be trapped for storage; it can be electrically ejected
from the trap on-demand. 2) A solid-phase bioreactor (single pillar ~500 nm in diameter) with
surface-immobilized XRN-1 3) Nano-column (<50* 50 nm, width* depth; >10 um in length)

equipped with in-plane nanopores (2 per nano-column, <5 nm effective diameter).

RNA molecules are first introduced to X-ToF through the input/output channels containing in-
plane pores to sense the loading of single RNA molecules and store it for the sequencing run. Then,
the sequence content of the RNA is deduced by the sequential clipping of the input molecules
using one of the XRN-1 molecules immobilized on the nanopillar in the presence of Magnesium
ions (cofactor). Next, the single rNMP molecules that are generated by enzymatic digestion will
be electrokinetically transported through the nanochannel with two in-plane nanopores and the
rNMPs are identified based on their ToF. As shown in Figure 1, reservoirs 1-8 are used to input

electrophoresis buffer (1,8), sample (4) and waste (2,3,5,6,7). During RNA enrichment, a voltage
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is applied across reservoirs (3) and (4). After enrichment, a voltage is applied across the reservoirs
(4) and (7) to store the RNA molecule in the trap until sequencing step. Successful loading is
determined by the current transient signal generated by the sensing pore. Finally, a voltage is

applied across reservoirs (3) and (7) to drive this RNA molecule to the bioreactor for sequencing

step,

RNA trap

RNA clipping and

sequencing

Figure 5. 1: A) A schematic diagram of X-ToF. B) An enlarged area of X-ToF with the fluidic network.
C) Expanded region of the bioreactor where enzyme digestion of RNA occurs. D) Expanded RNA enriching
area of the X-ToF.
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5.3 Ongoing developments

Current data presented (chapter 2,and 4) shows the strong potential for the separation of dANMPs
and rNMPs within nanochannels due to the unique separation modalities observed in nanoscale.
When considering the development of the proposed SMS platform, it is an essential step to
understand the enzyme kinetics of the immobilized exonuclease enzymes in to the nanopillar.
Exoribonuclease 1 (XRN-1) is a processive enzyme that cleaves RNA and we use this as our model
enzyme for RNA sequencing. Therefore, we are analyzing the activity of XRN-1 in solid phase
to understand the factors affecting the processivity and clipping rate when tethered on to a pillar
in a microfluidic device as the first step. As shown in Figure 2B , we are able to successfully
immobilize the XRN-1 enzyme using 3-(3-dimethylaminopropyl) carbodiimide/N-
hydroxysuccinimide (EDC/NHS ) chemistry to a poly(methyl methacrylate) PMMA surface by
activating the surface by UV/Oz3to generate carboxylic acid functional groups. We have obtained
data for the production of an in vitro transcribed RNA (IVT; FLuc gene; 1.8 kb) and its digestion
using surface immobilized Xrnl (Figure 2C). In spite of its secondary structure, Xrnl digested this
RNA molecule. From this data, Xrnl can cleave through secondary structures and thus, can be
immobilized directly to the plastic surface without the need for SSB. We have also shown that
Xrnl, when immobilized, can digest RNA molecules with modified nucleotides (containing a *mA
modification; see Figure 2A). In summary, Xrnl remained active when immobilized with a

cleavage rate of ~60 rNMPs/s
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Figure 5.2. A) Tapestation traces showing the digestion of 60 mer RNA molecule by XRN-1 tethered to
micro fluidic solid phase bioreactor. Lanes: (1) Size markers; 60mer in absence of XRN-1(2 ) and presence

(3) of XRN-1; 60mer containing a °mA residue in absence of (4) and presence (5) of XRN-1. B)
Immobilization of XRN-1 using direct EDC/NHS coupling to a surface. C)Tapestation traces of the FLuc
IVT in the absent of (left) and presence of (right) XRN-1.

5.4 Future directions

In previous work, we have demonstrated the ability of the successful function of three
components in X-ToF independent (solid-phase bioreactor, nanocolumn with two in-plane
nanopores and the input/output fluidic network). Therefore, the future goal is to generate a fully

integrated SMS X-ToF device proposed in Figure 1. We will be using RNA template with a known
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sequence to investigate the loading efficiency of single RNA into the X-ToF, the efficiency of the
XRN-1 digestion in the nanometer domain, and the identification accuracy of rNMPs based of the
ToF and current transient amplitudes. The first step of this process will be the fabrication of the
integrated X-ToF device. X-ToF device will be fabricated using a method we have reported
previously, where a Si master is used to build a resin stamp with micro/nanostructures from which
the final devices are replicated to thermoplastics via thermal nanoimprinting lithography. We have
started the fabrication of Si master using photolithography to generate microchannels and then
focused ion beam milling (FIB) to generate the nanostructures. Figure 5.3 shows the SEM images
of the integrated X-ToF device that is fabricated in Si. This Si master will then be used to fabricate
the X-ToF sensor in COC using NIL . Then, metrology of the device will be done as a quality
control step before bonding of the device with a cover plate. Once the fabrication step is complete,
immobilization of the XRN-1 enzyme and the necessary activity studies will be done in the

integrated X-ToF device.
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Figure 5.3.A) An SEM image of the footprint of X-ToF fabricated in Si using photolithography
and FIB milling. B) An enlarged area of the bioreactor in Si master where the XRN-1 will be
immobilized in X-ToF sensor.
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