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Abstract 

When the pro-inflammatory and anti-inflammatory immune responses become 

imbalanced, an excess of pro-inflammatory reactive nitrogen and oxygen species (RNOS) may be 

produced, which in turn can react with biomolecules such as proteins, lipids, and DNA. These 

reactions result in structural modifications that can ultimately lead to functional alterations, cell 

damage, or even cell death. As RNOS are highly reactive and short-lived at physiological pH (t1/2 

< 1 s), rapid microfluidic methods allow for near real-time measurement of these species in 

biological samples. Additionally, electrophoretic separation techniques such as capillary 

electrophoresis (CE) and microchip electrophoresis (ME) are useful for the efficient separation of 

small, ionic species such as RNOS. In this dissertation, several novel microfluidic and 

electrophoretic approaches for studying cellular nitrosative and oxidative stress via monitoring of 

RNOS (e.g., nitric oxide, peroxynitrite), their metabolites (e.g., nitrite), and their reactive products 

(e.g., 3-nitrotyrosine) are described. First, a method using ME with electrochemical detection (EC) 

was developed to detect nitrite in cell lysates isolated from stimulated macrophages as an indicator 

of nitric oxide production. This method features transient isotachophoresis stacking and a platinum 

black working electrode for enhanced signal and sensitivity for nitrite. Additionally, progress 

towards a second ME-EC method with dual electrochemical detection is reported that is selective 

for nitrotyrosine and nitrotyrosine-containing peptides. A complementary CE-UV method for the 

separation of several nitrated and non-nitrated peptides was also developed and has been applied 

to the identification of reaction products of tyrosine under acidic and oxidizing conditions. Finally, 

stereolithographic 3D printing was used to develop a low-volume module for boronate affinity 

enrichment that will ultimately be integrated with other modules and used in a plug-and-play 

system for capture and detection of derivatized, nitrated peptides. Together, these methods provide 

a suite of approaches for investigating nitrosative and oxidative stress in cellular systems.  
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1 Chapter 1: Research Objectives and Summaries  

1.1 Research Objectives 

Although nitrosative and oxidative stress has been associated with a wide variety of disease 

states, very little is still understood concerning the detailed mechanisms involved in the 

development of nitrosative and oxidative stress and how it impacts disease progression. Therefore, 

there is a need for improved analytical methods for monitoring the production of reactive nitrogen 

and oxygen species (RNOS) under conditions of cellular and physiological stress, as well as the 

reactions of these RNOS with biomolecules. The goal of this dissertation is to develop a suite of 

methods capable of monitoring RNOS, their metabolites, and their reactive products with 

biomolecules, in particular protein nitration, in biological samples. In order to accomplish this 

goal, several novel electrophoretic-based separation methods have been developed. Particular 

focus has been on the use of microchip electrophoresis due to its low sample volume requirements 

and its ability to perform efficient, rapid separations of transient species. Future work is focused 

on the development of 3D printed devices for sample preparation prior to analysis.  

1.2 Chapter Summaries 

 Chapter 2 

This dissertation focuses on the development of analytical methods capable of probing 

conditions of nitrosative and oxidative stress in biological samples. This chapter reviews the 

biochemical origins of nitrosative and oxidative stress, including mechanisms of the formation of 

reactive nitrogen and oxygen species (RNOS) in vivo. The modification of protein-bound tyrosine 

by RNOS as a biomarker of oxidative stress is also discussed. Lastly, a review of analytical 

methods used to detect both RNOS and protein nitration is presented and important considerations 

for the quantification of biological 3-nitrotyrosine content are discussed.  

 



3 
 

 Chapter 3 

Much of the work described in this dissertation for monitoring RNOS and tyrosine nitration 

takes advantage of electrophoretic separations. This chapter introduces the principles of capillary 

electrophoresis separations and then compares capillary electrophoresis with its miniaturized form, 

microchip electrophoresis. The coupling of microchip electrophoresis to electrochemical detection 

for fast, miniaturizable, sensitive, and selective detection of electroactive analytes is then 

discussed, with emphasis placed on the different electrode configurations possible and on 

important considerations for coupling electrochemical detection with a separation field.  

 Chapter 4 

Nitrite is one of the products of nitric oxide degradation and is often used as an indirect 

measure of the amount of nitric oxide produced during proinflammatory conditions such as those 

found in an imbalanced immune response, which results in oxidative and nitrosative stress. Our 

group previously had described a ME-EC method for the detection of nitrite in macrophage cell 

lysates. In this chapter, a more sensitive method for the detection of nitrite in macrophage cell 

lysates is described. Nitrite was separated from other intercellular components, and a transient 

isotachophoresis method for enhancing the nitrite peak height was developed. A method for 

depositing Pt black on a bare Pt band working electrode was developed and the effect of this 

modification on the electrochemical signal was assessed. The optimized method was used to detect 

nitrite in the bulk cell lysates of macrophage cells stimulated with lipopolysaccharides.  

 Chapter 5 

In order to gain a complete picture of the biological impacts of oxidative stress, it is 

important to be able to monitor all possible oxidative products of a biomolecule of interest 

simultaneously. Therefore, in this chapter, a capillary electrophoresis separation with UV 

detection is optimized that is capable of resolving several oxidative modifications of free tyrosine 
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as well as the nitrated and non-nitrated forms of three tyrosine-containing peptides. As a proof-of-

concept, this method is then applied to the identification of reaction products upon exposure of 

tyrosine to peroxynitrite as well as acidified nitrite. These applications demonstrate this method’s 

utility for studying oxidative tyrosine modifications formed both biologically and during sample 

preparation.  

 Chapter 6 

Even under conditions of nitrosative and oxidative stress, non-nitrated tyrosine is always 

present in a significant excess versus nitrated tyrosine residues in proteins. As a result, it is of 

interest to develop analytical methods capable of the selective detection of 3-nitrotyrosine. To this 

end, this chapter describes progress towards the development of a microchip electrophoresis 

method with dual electrode electrochemical detection for selective detection of nitrated tyrosine 

and nitrated tyrosine-containing peptides in the presence of non-nitrated species. Factors that 

impact the reproducibility of the system are discussed and peaks in the dual electrode 

electropherograms are identified. The impact of electrode alignment on the electrochemical 

response is then evaluated using dopamine a model analyte that exhibits a more stable 

electrochemical background than 3-nitrotyrosine. 

 Chapter 7 

This chapter discusses available 3D printing technology, current uses of 3D printing for 

analytical applications, and the benefits and challenges to adapting 3D printing technology to the 

fabrication of microfluidic devices. The development of a 3D printed scaffold for a miniaturized 

boronate affinity column is then discussed. Scaffold design as well as polymerization, loading, and 

elution conditions were optimized and several detection strategies were explored. This column 

will ultimately be integrated with other modules for the capture of derivatized nitrated peptides 

from the blood of Alzheimer’s disease patients.    
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 Chapter 8  

This chapter summarizes the work described in the rest of this dissertation and discusses 

some possible future directions, most notably the improvement of the electrode configurations and 

materials for dual electrode electrochemical detection of reducible species and the development of 

additional 3D printed sample preparation modules.     
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2 Chapter 2: Introduction to cellular nitrosative and oxidative stress and protein nitration 

2.1 Production of RNOS in cells and their effects 

 Biochemistry of peroxynitrite and tyrosine nitration  

Reactive nitrogen and oxygen species (RNOS) include peroxynitrite (ONOO- and 

ONOOH, pKa 6.8), nitric oxide (NO), and superoxide (O2
-), which undergo a whole suite of 

biochemical reactions.1 RNOS are naturally produced by the body as by-products of the respiratory 

electron transport chain, as well as enzymatically during the inflammatory immune response.1 

Under normal physiological conditions, RNOS production and elimination is highly controlled 

such that these species cannot accumulate.1 However, under pathological conditions, RNOS begin 

to accumulate, leading to oxidative and nitrosative stress.1 Under such conditions, biomolecules 

such as proteins, lipids, and DNA are often modified via reaction with these RNOS, leading to 

structural and functional changes that have been associated with cell injury that can be found in 

many disease states.  

Peroxynitrite is produced in vivo from the reaction of superoxide and nitric oxide (second 

order rate constant, 1.9x1010 M-1s-1).2, 3 The physiological half-life of nitric oxide is approximately 

1 s, far greater than that of superoxide (which is approximately 1 µs) and that of peroxynitrite 

(around 5 – 20 ms). Therefore, the diffusion of nitric oxide to sites of superoxide production is an 

important step in the production of peroxynitrite, and the reactions of peroxynitrite with 

biomolecules largely occur in the vicinity of superoxide’s production.1, 4 Peroxynitrite is a strong 

one and two-electron oxidant that can react with biomolecules, transition metal centers, and thiols 

either directly or indirectly via production of free radical intermediate species that in turn may 

react with these species.2 While many amino acids are susceptible to oxidation, including cysteine, 

methionine, arginine, histidine, lysine, phenylalanine, and tryptophan, tyrosine nitration is one of 

the most common indicators of the presence of peroxynitrite and RNOS in vivo.1, 2  
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In order for a tyrosine residue to be nitrated, it must first be oxidized to a tyrosyl radical 

(Tyr) by an oxidant such as OH, NO2, or CO3
-. These species may be generated from 

peroxynitrite when it complexes with CO2 (physiological concentration, 1.3 mM) to form the 

nitroso-peroxocarboxylate adduct (ONOOCO2
-), which can then dissociate to form these nitrogen 

dioxide and carbonate radicals.2, 3 Tyr may then either react with any of the other radicals in the 

system to produce modified residues such as nitrotyrosine (NO2), chlorotyrosine (HOCl), 

dityrosine (Tyr), or hydroxytyrosine (i.e. dihydroxyphenylalanine, DOPA) (OH) (Figure 2.1).2 

During inflammatory conditions, activated leukocytes produce many reactive species that can 

induce these modifications, including superoxide, hydrogen peroxide, hypobromous acid (HOBr), 

and hypochlorous acid (HOCl).5  
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Figure 2.1. Tyrosine oxidation pathways. Purple text indicates enzymes important to the pathway; 
Blue text indicates antioxidants that may reverse oxidation of tyrosine; Red text indicates species 
capable of oxidizing tyrosine; Green text indicates final products of tyrosine oxidation reaction. 
Abbreviations: nitric oxide synthase (NOS), superoxide dismutase (SOD), NADPH oxidase 
(NOX), myeloperoxidase (MPO), glutathione (GSH), ascorbic acid (AA), electron transfer (ET), 
lipid (L). Based on information found in references.2, 4-11  
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 Effects of tyrosine nitration 

The addition of the nitro-group to a tyrosine in a protein results in several changes to the 

chemical behavior of that residue. Nitration results in a shift of the phenolic pKa of free tyrosine 

molecules from 10.2 to 7.2, an increase in molecular size of around 30 Å, the appearance of an 

absorbance band at 360 nm in acidic media (420 nm in basic media), and an increase in the 

hydrophobicity of tyrosine-containing peptides.6 Additionally, nitration can affect the ionization 

efficiency of the peptide for MS analysis.6 With regards to the redox potential, nitration causes a 

positive shift in E°’ of 200-300 mV versus the tyrosine/tyrosyl radical, thereby affecting tyrosine-

dependent intramolecular electron transfer in proteins.4 Because of these alterations to the 

chemical and physical properties of tyrosine, nitration can result in significant changes to protein 

structure.4 These changes can cause biological effects due either to a loss- or gain-of-function or 

by altering the processes of protein assembly and polymerization, protein degradation, protein 

aggregation, and tyrosine-kinase-dependent pathways.4 It has also been reported that nitrated 

proteins are degraded by the proteasome significantly faster than non-nitrated proteins, with half-

lives of hours versus days. 3, 12, 13  

A notable example of a loss-of-function is the peroxynitrite-mediated nitration of Mn-SOD 

at Tyr34.6 This minor modification results in a loss-of-function that then leads to less consumption 

of O2
-, a greater production of peroxynitrite, and more Mn-SOD nitration so that the effect grows 

and becomes significant over time.6 Overall, this Tyr34 nitration significantly alters the redox 

homeostasis of the mitochondria and perpetuates the production of peroxynitrite; this cascade 

ultimately leads to mitochondrial dysfunction.4 Another protein that is often nitrated in vivo is 

cytochrome c.4 When cytochrome c is exposed to peroxynitrite, the solvent-exposed tyrosine 

residues Tyr74 and Tyr97 are nitrated preferentially.4 When cytochrome c is exposed to H2O2-

dependent nitrating conditions, the heme-adjacent Tyr67 is nitrated instead.4 Tyr74 nitration 
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induces a conformational change that interrupts the normal electron transport capacity of the 

protein and induces peroxidatic activity. This conformational change is observed in non-nitrated 

tyrosine at pH 9.4.4 These examples illustrate the possible effects of nitration with regard to loss-

of-function and gain-of-function and show that the conditions of nitration affect the modifications 

observed in a given protein.4     

 Prevalence of tyrosine nitration 

Although it is well established that nitration is a marker of many disease states, much is 

still unknown about the specific sites that are nitrated, with estimates indicating that only 1 in 105 

tyrosine residues are modified endogenously under inflammatory conditions.13 There is evidence 

that tyrosine nitration is a selective process that results in only specific tyrosine residues within a 

protein being nitrated, as demonstrated in the MnO2 and cytochrome c examples above.4, 6 Much 

work is being done to identify which residues are nitrated under different conditions in order to 

gain an understanding of how nitrosative and oxidative stress is playing a role in disease 

pathogenesis.6 In most proteomic analyses of nitration, relatively few nitrated proteins are able to 

be identified, with only a few specific residues nitrated on each one.6 Assuming tyrosine residues 

make up between 3-4% of the amino acids in a protein, this relatively low incidence has led some 

to question the biological impact of tyrosine nitration. However, since the nitration is focused on 

specific residues, it is possible that loss- or gain-of-function may occur even with this low fraction 

of nitration in a biological system.6 It is of note that while a large number of the same residue must 

be nitrated in order to result in a significant loss-of-function, a gain-of-function requires a 

relatively small fraction of the total amount of protein to be nitrated to observe this new function.6  

It is evident that both the amount of oxidant/nitrating agent and the duration of the dose 

are important factors in determining the extent of nitration and which sites are nitrated, in addition 

to the identity of the oxidizing and nitrating agents.6 The tyrosine nitration reaction is pH-
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dependent, and pH is a significant factor in determining which RNOS are present in the system 

and what degradation/reaction pathways they follow, so the pH of the tyrosine microenvironment 

plays a role in the extent of its nitration.4 The propagation of lipid peroxidation likely plays a role 

in the nitration of tyrosine in membrane proteins where lipid-derived radicals act as an oxidant to 

produce the tyrosyl radical.4 Due to the increased production of peroxynitrite in mitochondria, 

where superoxide is produced as a byproduct of the electron transport chain, mitochondrial 

proteins are often more extensively nitrated than proteins in other cellular locations.4 

Seeley and Stevens reported in 2011 a systematic study on factors that determine the extent 

of tyrosine nitration that can occur in a protein.13 They observed that tyrosine residues surrounded 

by basic and/or uncharged polar residues exhibit greater degrees of nitration than tyrosine residues 

surrounded by hydrophobic and acidic residues.13 They also correlated a higher degree of charge 

asymmetry around the tyrosine residue with increased nitration.13 Other factors affecting nitration 

include amino acid side chain flexibility and bulkiness around the tyrosine site and the pH of the 

microenvironment, which could impact peroxynitrite stability.13 A challenge to interpreting 

experiments designed to study the site-specificity of tyrosine nitration is that the use of large 

amounts of nitrating agent tends to oxidize all susceptible amino acid residues, while reactions 

with small amounts of nitrating agent exhibit the proper selectivity but to such a low degree, with 

respect to the total protein present in the system, that it is difficult to identify any functional 

changes of the nitrated proteins in the mixture.4  

In 2011, Bayden et al. published a paper on structure-based predictive models for 

identifying the factors influencing protein tyrosine nitration.14 While 85% of tyrosine residues are 

surface exposed, there is clearly some selectivity in determining which of these easily accessible 

tyrosine residues are nitrated.14 Studies have been done to determine the conditions (e.g. location 

in the protein, hydrophobicity and pH of the environment, adjacent amino acids, etc.) that promote 
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nitration, and in this paper, they reported the first comprehensive and quantitative investigation of 

protein structural features that influence tyrosine nitration.14 They built quantitative structure-

based models to evaluate the role of secondary structure, steric effects, backbone and polar/non-

polar sidechains, acidic and basic residues, sulfur, conjugated ring systems, ionization states, and 

hydrophobic interactions on tyrosine nitration.14 It has been observed that steric effects and the 

presence of heteroatoms or unsaturated centers to stabilize the reactive radicals both play a strong 

role in directing tyrosine nitration. Additionally, both acidic and basic neighboring residues have 

been suggested to promote nitration. While these studies have generated substantial data regarding 

the conditions that promote nitration, at this time it is not possible to predict every preferentially-

nitrated site in every protein or to predict the impact of these nitrated sites on the propagation of 

disease states, as these nitrating species are capable of inducing additional oxidative modifications 

that can also affect protein structure and function.15  

 RNOS and Alzheimer’s disease 

A devastating disease that has been associated with nitrosative and oxidative stress is 

Alzheimer’s disease (AD). AD results in both cognitive decline due to neuronal degeneration in 

the hippocampus, entorhinal and frontal cortices and changes to emotional behavior due to similar 

degeneration in the amygdala, prefrontal cortex, and hypothalamus.16 During AD, plaques of 

amyloid-beta (A) and neurofibrillary tangles of hyperphosphorylated tau protein form and 

chronic neuroinflammation, neuronal injury, and synapse loss occur.1, 16 The development of A 

plaques has also been associated with the condition of oxidative stress.1 The A peptides that form 

these plaques are a byproduct of the cleavage of amyloid protein precursor (APP). When these 

oligomers enter the lipid bilayer, they induce the formation of RNOS that can then lead to lipid 

peroxidation as well as oxidation of proteins and nucleic acids.16   It is also important to note that 
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A plaques consist not only of aggregated peptides but they also contain metal ions including 

copper, iron, and zinc that can catalyze the production of RNOS.1 The oxidation of lipids, proteins, 

and nucleic acids by RNOS can cause damage to neuronal membranes and has been implicated in 

the development of AD (Figure 2.2).1 Evidence of oxidative stress caused by both A peptides 

and mitochondrial dysfunction has been found in the brains of AD patients in the early stages of 

the disease, indicating that oxidative stress may have a role in the pathogenesis of the disease.1 

The oxidation of proteins in the brain can lead to a wide variety of structural modifications, 

including dissociation of subunits, unfolding, exposure of hydrophobic residues, aggregation, and 

backbone fragmentation.16 Each of these modifications can then affect the protein’s function.16 In 

particular, tyrosine nitration is known to induce steric constraints to protein phosphorylation, 

thereby interrupting signaling mechanisms.16 Mitochondrial dysfunction can also lead to an excess 

production of RNOS, which in turn has been linked with the pathogenesis of AD and is discussed 

below.16   
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Figure 2.2 A-induced oxidative stress in a cell of an AD brain. 4-HNE = 4-hydroxynonenal. 
Orange star indicates oxidative damages. Reproduced from reference1 with permission from 
Elsevier. 
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Markers of nitrosative and oxidative stress have been found in both the brains and the blood 

of AD patients, with many of these studies utilizing redox proteomics to identify the proteins prone 

to oxidation.16 Damage related to RNOS has been reported in AD and Parkinson’s disease patients 

in the areas of the brain that undergo selective neurodegeneration.17 In particular, protein nitration 

has been shown to be elevated in the hippocampus and neocortex of AD patients and nitrated tau 

may play a role in tauopathy.17 As discussed above, RNOS production and oxidative stress are 

intimately linked with mitochondrial dysfunction, as RNOS are regularly produced as part of the 

electron transport chain and when processes become imbalanced mitochondrial DNA can become 

susceptible to oxidative attack, resulting in further disruption of the electron transport chain and 

out of control RNOS production.17  

Mitochondrial dysfunction has been implicated in the progression of AD by resulting in 

production of excess RNOS and causing A or tau-induced neurotoxicity.17 Additionally, the 

formation of 3,3’-dityrosine has been shown to stabilize tau filaments and nitration of tau inhibits 

the ability of monomeric tau to promote tubulin assembly. Overall, these modifications result in a 

promotion of tau aggregation during oxidative conditions.3 Possible biomarkers for Alzheimer’s 

disease fall into several categories and include specific markers of AD neuropathology (e.g. tau, 

A variations), non-specific markers of neurodegeneration, markers of oxidative stress, and 

markers of neural inflammation.18 More information on the mechanisms of the production of 

oxidative stress that influences AD pathogenesis and a discussion on the potential for antioxidants 

as therapies for AD may be found in the work of Kamat et al.19 However, there are still many 

unknowns regarding the exact role RNOS play in AD progression. In order to gain a greater 

understanding this relationship, the development of methods to study biochemical markers of 

oxidative and nitrosative stress is integral. 
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2.2 Analytical methods for the investigation of nitrosative and oxidative stress  

 Methods for studying RNOS and related compounds  

2.2.1.1 Assays and sensors 

Because of the short half-lives of RNOS, they are often detected via either their more stable 

metabolites or their reactive products with biomolecules such as 3-nitrotyrosine, which will be 

discussed in more detail below. Nitric oxide may be oxidized to form nitrite and nitrate and so 

these more stable species are often detected together using the Griess assay, which yields a 

fluorescent or colorimetric indication of the total nitrite content in the sample.20 While the Griess 

assay is able to provide an indirect measure of the amount of nitric oxide produced in a biological 

system, it lacks specificity. Amatore et al. have developed various amperometric techniques for 

the sensitive detection of RNOS such as H2O2, ONOO-, and NO● from single stimulated RAW 

264.7 macrophages. By integrating their electrodes within microfluidic devices they have been 

able to detect very low concentrations of these species simultaneously in separate channels for 

each species of interest.21-25  

2.2.1.2 Electrophoretic methods 

The sub-minute separation times of microchip electrophoresis (ME) are ideal for 

measuring reactive and labile species before they disappear. Additionally, the small sample 

volume requirements of microfluidic methods and the ability to integrate multiple processes onto 

one device are well-suited to cell analysis26. In particular, it is of interest to detect RNOS in 

macrophage and microglial cells, which are known to produce these cytotoxic species during the 

proinflammatory immune response. By measuring the concentrations of RNOS and the 

antioxidants that oppose them in cells under different conditions, the biochemical consequences 

of these imbalances can be better understood. Electrochemical detection (EC) is an attractive, low-

cost, direct detection method for analysis of many biological compounds, including reactive 
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nitrogen and oxygen species, antioxidants, neurotransmitters, neuromodulators, and nucleobases27, 

28. Rapid and timely monitoring of these chemicals is crucial for understanding many disease 

processes, early diagnoses, and the development of improved therapeutics. In this regard, 

development of analytical methods for continuous monitoring of biomarkers of disease in vivo has 

been of great interest during the last few decades. 

Initial work the Lunte group on this topic focused on developing ME-EC methods to 

analyze standard solutions of peroxynitrite and nitric oxide, two important RNOS. A PDMS/glass 

hybrid microchip with a palladium working electrode aligned end-channel was used to separate 

peroxynitrite from its degradative product nitrite and detect it in its anionic form at pH 11. The 

peroxynitrite peak was identified based on voltammetric characterization and its degradation over 

time with an LOD of 2.4 M. SIN-1 (3-morpholiniosydnonimine) was then used to generate nitric 

oxide and superoxide, which react to produce peroxynitrite, and the resulting samples were 

analyzed by ME-EC as shown in Figure 2.3a29. A similar approach was used for the detection of 

nitric oxide generated from two different NONOate salts (Figure 2.3b)30.  

Because nitric oxide and peroxynitrite are difficult to detect under physiological 

conditions, initial cell experiments focused on measuring nitrite in macrophage cell lysates as an 

indicator of the amount of nitric oxide production. Macrophage cells were stimulated with 

lipopolysaccharide (LPS) to induce nitric oxide synthase to produce nitric oxide, which was then 

oxidized to nitrite in vivo. A separation of nitrite, azide (an interference from cell filters), iodide 

(internal standard), tyrosine, glutathione, and hydrogen peroxide was optimized, and nitrite and 

glutathione were detected in the lysates using a PDMS/glass hybrid microchip with an integrated 

Pt working electrode (Figure 2.4a, b)31.   
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Figure 2.3. (A) Monitoring the production of peroxynitrite from SIN-1 using ME-EC in reverse 
polarity. Reprinted with permission from reference29. Copyright (2010) American Chemical 
Society. (B) Monitoring the acid hydrolysis of PROLI/NO at pH 7.2-7.4 using ME-EC in reverse 
polarity. Triangle nitrite; solid circle PROLI/NO; open circle NO. The arrows indicate sample 
injections. Reproduced from reference30 with permission from Springer Nature. 
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Figure 2.4. (A) Comparison of LPS-stimulated (top) and native (bottom) RAW 264.7 macrophage 
cell lysates using ME-EC in reverse polarity (B) Comparison of the ME-EC method and the Griess 
assay for determining the increase in nitrite concentration resulting from a 24 h LPS stimulation 
relative to the nitrite concentration produced from native cells. Reproduced from reference31 with 
permission from The Royal Society of Chemistry. 
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More recent applications of ME-EC for RNOS detection include the use of the dual-

channel, dual-electrode method to discriminate between the nitrite and azide signals in a cell lysate 

sample via their current ratios at 1100 and 950 mV versus Ag/AgCl32.  The recent development of 

an integrated ME-EC system for the determination of low molecular weight S-nitrosothiols 

(RSNOs) by the metal catalyzed decomposition of RSNOs and amperometric detection of the 

nitrite produced is also noteworthy33.  

Electrophoresis has also been used with spectroscopic detection methods for the study of 

RNOS, including capillary electrophoresis (CE) with UV detection of peroxynitrite and its 

metabolites34 and ME with fluorescence (FL) detection for the study of RNOS. Metto et al. 

reported a microfluidic system that couples cell transport and lysis with a microchip 

electrophoresis separation and fluorescence detection of nitric oxide in LPS-stimulated Jurkat cells 

via derivatization with 4-amino-6-methylamino-2’,7’-difluorofluorescein diacetate (DAF-FM 

DA).35 ME-FL has also been used to indirectly detect superoxide in phorbol 12-myristate 13-

acetate (PMA)-stimulated RAW 264.7 macrophage cells via MitoHE, a fluorescent probe that 

reacts with superoxide to produce 2-OH-MitoE+ for detection.36 More recently, this method has 

been modified to detect not only superoxide but also nitric oxide and determine the nitric oxide to 

superoxide ratio in stimulated cells.37 Finally, CE-UV has been used to detect peroxynitrite and its 

metabolites.34  

 Methods for studying protein and peptide nitration  

2.2.2.1 Considerations for detection of 3-nitrotyrosine  

A wide range of techniques have been used to measure 3-nitrotyrosine (3-NT) in biological 

samples, including immunological methods, liquid chromatography with UV/Vis, diode array 

detection (DAD), electrochemical detection (EC), mass spectrometry (MS), or MS/MS detection, 

and gas chromatography with MS or MS/MS detection.8, 38 The main concerns with qualifying 
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methodologies for quantification of biological 3-NT are the avoidance of artifactual acid-catalyzed 

3-NT formation (especially prevalent in derivatization and sample processing), specificity 

(especially relevant in GC derivatization reactions), and sensitivity (most methods are not able to 

detect the low levels of biological 3-NT).39 Although the earliest methods for 3-NT quantification 

employed immunological techniques, lately it has been shown that enzyme-linked immunosorbent 

assays (ELISA) can suffer from poor reliability due to the low concentrations of endogenous NT 

present in the sample, nonspecific antibody binding, the presence of NT sites that are inaccessible 

to the antibody, and cross-reactivity.8, 9  Another factor in the discrepancy in reported NT levels 

can be that ELISA results are based on equivalents of nitrated bovine serum albumin, not actual 

nitrated tyrosine residues in the sample.9 To obviate some of these problems, antibodies have been 

used in combination with other techniques. One example is the use of immunoaffinity 

chromatography to isolate nitrated peptides prior to NanoLC-ESI-MS/MS peptide sequencing.40 

Another is the use of an electrochemiluminsescence-based ELISA method with improved 

sensitivity to detect protein nitration in serum after a surgery-induced inflammatory response.41 

Overall, ELISA-based methods have the advantage of being easier to apply in a clinical setting 

where cost-effective, high-throughput methods are ideal.41        

2.2.2.2 Chromatographic methods for studying protein nitration  

According to a 2016 review by Teixeira et al., chromatographic methods coupled to UV 

or MS detection exhibit the most promising sensitivity and specificity. LC-UV is capable of 

detection of NT in both free and protein-bound form, but it is less specific than other detection 

methods. Detection is typically performed at the wavelength of maximum absorbance for tyrosine 

and NT at pH 3.5, 280 nm, although 357 nm (selective absorbance of NT) and 430 nm (maximum 

absorbance of NT at pH 9.5) have also been used.8 When a diode array detector (DAD) is 

employed, the simultaneous detection at multiple wavelengths improves the selectivity for NT 
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without compromising the signal of the wavelength of maximum absorbance.  However, all 

absorbance-based measurement lacks the sensitivity necessary for detecting nanomolar levels of 

NT in vivo.8 To improve the limits of detection, Dremina et al. derivatized NT with a cis-diol-

containing fluorophore to enable capture on a boronate affinity column and analysis using LC with 

fluorescence detection.42 LC-FL has the requisite LOD necessary for detecting biological 

concentrations of NT; however, the formation of fluorescent side products as well as the specificity 

of the derivatization reaction for NT can be a concern.8, 43 The application of LC-EC for NT 

analysis will be discussed in greater detail in 2.2.2.3.  

LC-MS is the gold standard for measuring NT in biological fluids, as it does not require 

sample derivatization and features low detection limits.8 However, tandem mass spectrometry 

(MS/MS) is necessary in order to obtain the selectivity required for NT and any MS method is 

inherently expensive. 8, 43 GS-MS has also been used for the highly sensitive detection of NT after 

derivatization; however, there is concern that artifactual NT may be formed during the 

derivatization procedure which may skew results.8, 43 Tyrosine nitration has been studied using 

LC-MS and LC-MS/MS with both positive and negative ESI modes6 and MALDI-TOF MS has 

also been used for peptide mapping of nitrated sites after exposure of a protein to peroxynitrite.6 

Several groups have expanded upon conventional LC-MS methods to impart more selectivity and 

sensitivity for NT. For example, Sacksteder et al. used LC/LC-MS/MS  to identify nitration sites 

in the proteins isolated from whole mouse brain and correlate these nitration sites with 

neurodegenerative diseases.44 They also characterized these sites to determine any trends in which 

protein sites are readily nitrated.44  

Guo and Prokai et al. previously reported a method to enrich nitrated peptides and identify 

sites of nitration by first performing a specific reductive methylation of the aliphatic amines and 

then converting nitrotyrosine residues to aminotyrosine prior to selective capture and enrichment 
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via a solid-phase ester reagent on glass beads.45 The peptides were then released from the beads 

via acid hydrolysis.45 By using isotopic variants of formaldehyde in the reductive methylation step, 

they are able to perform relative quantitation of nitrated peptides via nano-LC-MS/MS.  

2.2.2.3 Electrochemical methods for studying protein nitration  

While MS detection is the gold standard for the study of tyrosine nitration due to its 

selectivity, sensitivity, and ability to identify specific sites of nitration, much attention has also 

been paid to the electrochemical detection of NT, due largely to its interesting electrochemical 

properties. There are a few instances of electrochemical sensors designed specifically for the 

detection of NT. Martins et al. developed the first paper-based electrochemical sensor for the 

detection of 3-NT utilizing carbon and silver screen-printed electrodes to create a 3-electrode 

sensor for square wave voltammetric detection of 3-NT over a linear concentration range of 500 

nM to 1 mM with an LOD of 49.2 nM.46  They were able to selectively detect 3-NT in a mixture 

of tyrosine, ascorbic acid, uric acid, and creatinine by applying their optimized waveform.46 

Additionally, Chen et al. utilized copper ferrite nanodots entrapped by porous reduced graphene 

oxide nanosheets in an electrochemical sensing platform (cyclic voltammetry and amperometry) 

for quantification of 3-NT with a LOD of 25.14 pM due to the electrocatalytic activity of the 

composite electrodes.47  They spiked human urine and blood serum samples with 5 and 10 M 3-

NT and were able to accurately quantify it with 97.4-99.6% recovery and 1.26-3.24% RSD.47  

Liquid chromatography has also been coupled to electrochemical detection (LC-EC) for 

selective detection of NT. In particular, dual mode EC detection has the advantages of decreasing 

the potential necessary for the detector electrode, which enhances selectivity and sensitivity by 

lowering the background current.48 LC-EC can be more selective than UV or FL detection by 

taking advantage of the reduction of NT at a potential of -800 to -1000 mV followed by oxidation 

at 250 to 1000 mV.43 Photolysis has also been used to generate L-DOPA that may be selectively 
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detected at an the oxidation electrode.49 Figure 2.5 shows the instrumental schematic for such 

experiments and the general electrochemical process being detected.50  

Such LC-EC methods have been used to detect both free and protein-bound NT in a variety 

of biological samples representing a wide range of stimulation conditions and disease states50-63,  

including NT in the cerebrospinal fluid of AD patients64, 65, as well as the artifactual formation of 

NT during freezing of biological samples66 and NT in atmospheric bio-aerosol proteins.67 

Additional variations on the conventional LC-EC techniques include the incorporation of an 

acetylation/deacetylation/reduction sample preparation protocol to improve chromatographic 

properties and generate a more easily-oxidized species68 and a biotin-tagging strategy to enrich 

NT-containing peptides.69 
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Figure 2.5. Diagram of a HPLC-electrochemical system. Reproduced from reference50 with 
permission from Taylor & Francis. 
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2.2.2.4 Controversies regarding the detection of NT and methods to address artifactual 

formation  

Although nitrotyrosine is a widely accepted biomarker of nitrosative stress, since its first 

connection as a biomarker of endogenous protein nitration in 1990 by Ohshima, its detection in 

vivo has not been without controversy.70 One recent review by Tsikas suggests that the actual 

biological concentration of nitrotyrosine is in the pM to nM range and that works that report higher 

concentrations (i.e. M) of 3-NT likely failed to adequately consider artificial formation of 3-NT 

during sample preparation.70 Although the reported values vary widely, it is proposed in this 

review that the concentration of NT in healthy plasma is on the high pM/low nM threshold and 

that the ratio of NT to Tyr is around 1:106.70 Therefore, in order to accurately quantify NT in 

human plasma, the LOQ of a method must be below 1 nM.70 LC-FL and LC-MS/MS are both 

capable of operating in this concentration range, while papers that report LC-UV/Vis and LC-EC 

values in the low M range may be suspect.70   

Several strategies have been proposed to minimize formation of artifactual NT and/or 

account for it in the analysis.8 When attempting to quantify NT, it is often desired to first 

completely digest the protein into its component amino acids via either acid hydrolysis or 

enzymatic digestion.8 While acid hydrolysis has been used extensively in the literature and has 

been shown to yield reliable results, there is much concern over artifactual NT formation during 

acid hydrolysis, while enzymatic digestion appears to be less prone to artifactual NT formation.8 

To account for this formation, NT can be isolated by solid phase extraction (SPE) and HPLC, 

reduced to 3-aminotyrosine before sample derivatization, processed in the presence of high 

concentrations of other reactive aromatic compounds that would be preferentially nitrated in its 

place (e.g. phenol), or quantified with stable-isotope labeling of Tyr.6, 8 Additionally, artifactual 
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nitrotyrosine formation may be mitigated through removal of nitrite before sample processing, 

using alkaline hydrolysis, or using deuterated tyrosine as an internal standard in order to assess 

artifactual nitration.71 Yi et al. used isotopomer standards to account for artifactual formation of 

3-NT in quantification in biological samples via LC-MS/MS or GC-MS.72 It is also important to 

account for the autohydrolysis of the digesting enzyme in these studies. Artifactual formation has 

been shown to be dependent on the concentration of nitrating agents in the system, the content of 

buffer (i.e. sodium phosphate versus potassium phosphate), and the rate of freezing of a biological 

sample.56, 66 

Overall, these studies demonstrate the importance of developing reliable, sensitive, 

selective techniques for the detection of biological NT with minimal sample preparation. Without 

careful accounting of artifactual NT, it is easy to come to incorrect conclusions as to the total NT 

in a system or its source.  

2.3 Conclusions  

The development of methods capable of monitoring both RNOS production and protein 

nitration under conditions of oxidative and nitrosative stress is essential if we are to gain a greater 

understanding of complex disease states such as Alzheimer’s disease. In this dissertation, RNOS 

and their products will be detected on rapid timescales after electrophoretic separations and the 

biochemistry of these reactions that are so important to the redox homeostasis of cells will be 

explored.  
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3 Chapter 3: Introduction to electrophoretic separations and microchip electrophoresis 

with electrochemical detection  

3.1 Electrophoretic separations  

Since CE in its modern form was first introduced in 1981 by Jorgenson and Lukacs1, it has 

been used to approach a variety of analytical problems in the bioanalytical2, 3, pharmaceutical4, 5, 

forensic6, 7, and environmental fields8, 9. Capillary zone electrophoresis (CZE) is an analytical 

method that separates analytes based on their charge and hydrodynamic radius. In conventional 

CZE, the ends of a fused silica capillary containing an electrolyte solution are placed into two 

buffer reservoirs and a potential is applied across the capillary (Figure 3.1a). When analytes are 

injected into the capillary and the separation potential is applied, negatively-charged analytes 

experience attraction towards the positively-charged anode, positively-charged analytes 

experience attraction towards the negatively-charged cathode, and neutral analytes do not 

experience attraction to either end. Due to this attraction, each analyte exhibits an electrophoretic 

mobility directed towards the appropriate electrode. This magnitude of the electrophoretic 

mobility (μep) is dependent on the charge of the analyte (q), and inversely dependent on the 

viscosity of the buffer (η) and the hydrodynamic radius of the analyte (r). The electrophoretic 

velocity (vep) of an analyte is dependent on the electrophoretic mobility and the magnitude of the 

electric field applied across the capillary (E:V/L) (Equation 1).  

𝜇௘௣ =
𝑞

6𝜋𝜂𝑟
; 𝑣௘௣ = 𝜇௘௣𝐸 

Equation 1 

A second factor that influences the separation is the presence of electroosmotic flow (µeo, 

EOF), which pulls all analytes towards one end of the capillary. The magnitude of the EOF is 

dependent on the electric field strength (E), dielectric constant (ϵ) of the buffer, the zeta potential 
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at the capillary surface (ζ), and the viscosity of the buffer (Equation 2). The electroosmotic flow 

is produced due to hydrated cations that are attracted via Coulomb’s force to the negatively 

charged silanol groups on the capillary surface. When a positive external potential is applied to 

the system, these cations are attracted to the cathode, and as the outer layer of hydrated cations at 

the slipping plane migrates towards the cathode, they pull the rest of the bulk solution along with 

them. This phenomenon results in analytes being carried towards the cathode in normal polarity 

separations (Figure 3.1b,c), so a detector is then placed at this end.  

𝜇௘௢ =
𝜖𝜁

4𝜋𝜂
; 𝑣௘௢ = 𝜇௘௢𝐸 

Equation 2 

The actual velocity at which an analyte travels through the capillary is dependent on its 

intrinsic electrophoretic mobility, the electroosmotic flow in the capillary, and the electric field 

strength across the capillary. The apparent observed mobility (μapp) of an analyte is the sum of its 

electrophoretic mobility and the electroosmotic mobility (Equation 3). The µapp determines the 

direction of the migration of each analyte, with a positive value resulting in net movement towards 

the cathode and a negative value resulting in net movement towards the anode under normal 

polarity conditions. As the electric field strength increases, the magnitudes of the electroosmotic 

and electrophoretic velocities both increase, impacting the net movement and velocity of the 

analytes. 

𝜇௔௣௣ = 𝜇௘௣ + 𝜇௘௢; 𝑣௔௣௣ = 𝐸(𝜇௘௣ + 𝜇௘௢) 

Equation 3 

For the analysis of mixtures of anions that exhibit large negative electrophoretic mobilities, 

a negative electric field may be applied, and the electroosmotic flow may be reversed by adding a 

positively charged surfactant to the run buffer to coat the capillary. The surfactant generates a 
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positive surface charge at the wall and the formation of an electric double layer with negatively 

charged ions in the diffuse layer, leading to a bulk flow towards the positively charged anode.  

CZE has several advantages for bioanalysis. These include the low sample volume 

requirements and capability of obtaining fast, highly efficient separations of charged analytes. 

When it is desirable to separate analytes that have a similar charge-to-size ratio, buffer additives 

may be used to impart an extra degree to the separation. When a surfactant is added in excess of 

its critical micelle concentration (CMC), the separation mechanism shifts from CZE to micellar 

electrokinetic chromatography (MEKC). In MEKC, both ionic and neutral species may be 

separated, as analytes are then separated based on their partitioning between the charged micelles 

and the aqueous buffer phase. Neutral species with different affinities for the micelles may be 

resolved based on this property. When the chemical and physical properties of analytes of interest 

are too similar for them to be resolved with either CZE or MEKC, other additives such as 

cyclodextrins may be incorporated into the buffer to help separate difficult-to-resolve species. 

Cyclodextrins are cyclic oligosaccharides that contain certain numbers of glucose monomers 

bonded in a ring. This structure forms a hydrophobic “pocket” for analytes to partition in and out 

of during the separation. Additionally, the chiral centers on the glucose monomers will interact 

differently with enantiomers of the same compound, thereby enabling separation of chiral 

molecules. These interactions act to shift the migration times of analytes and thereby impact the 

separation.  
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Figure 3.1. (A) Schematic of a capillary electrophoresis instrument; (B) separation mechanism for 
capillary electrophoresis in normal polarity; (C) sample electropherogram for three analytes: one 
cation, one neutral species, and one anion, in normal polarity. EOF: electroosmotic flow.  
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3.2 Microchip electrophoresis with electrochemical detection  

 Microchip electrophoresis  

The first microchip electrophoresis (ME) system was reported by Manz et al. almost thirty 

years ago10. ME operates under the same principles as CE and has many of the same advantages, 

including low sample volume requirements, fast analysis times, and efficient separations (Figure 

3.2A). However, whereas a typical CE system is a large, bench-top instrument featuring a capillary 

for separation, a typical ME system consists of a planar microchip that can fit in the palm of a hand 

with external power supplies to apply the separation field and a microchannel for the separation 

instead of a capillary (Figure 3.2B). The smaller dimensions of a ME device versus a CE 

instrument result in even more rapid separations, as a high separation potential can be applied over 

a much shorter separation length (typically 5-15 cm), as well as even lower sample volume 

requirements that makes it ideal for analysis of volume-limited biological samples. In addition, the 

use of micro- and nanofabrication methods to produce ME devices in a variety of materials such 

as glass, polydimethylsiloxane (PDMS), or thermoplastics makes it possible to vary the surface 

properties of the channel to suit the application and to select a fabrication method suited to the 

production scale. Finally, the planar format makes ME highly amenable to integration of sample 

preparation and detection steps directly on the chip, which lends itself to applications of portable 

and automated on-site analysis11-13.  

In the years since its introduction in the form of a glass microchip with fluorescence (FL) 

detection, a wide variety of detection methods have been incorporated with ME14-16. An important 

consideration for transfer of a method from a conventional system to the microscale is the 

compatibility of the materials and detection equipment with miniaturization. Several detection 

methods have been incorporated with ME, including fluorescence (FL), mass spectrometry (MS), 

and electrochemistry (EC)16. In particular, FL detection has been used extensively with ME for 
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highly sensitive detection of a variety of analytes; however, derivatization is typically required to 

make the analytes of interest fluorescent17-19. MS has also been coupled to ME and can provide 

definitive identification of an analyte; however, it is expensive20-24. Additionally, both FL and MS 

detectors are difficult to miniaturize to take full advantage of the compact nature of ME. EC 

detection, including potentiometry, conductimetry, voltammetry, and amperometry, is an 

alternative detection method that can be readily miniaturized for point-of-measurement 

applications. Electrodes can be fabricated directly on-chip, and miniature portable, isolated 

potentiostats are commercially available. The use of EC detection does not typically require 

derivatization, and it is a selective and sensitive method for detecting redox active compounds25-

29.  
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Figure 3.2. Comparison of experimental set-up for (A) capillary and (B) microchip electrophoresis. 
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 Material and fabrication methods  

3.2.2.1 Microchip substrates 

ME devices have been fabricated from a variety of materials30, including glass31, 

thermoplastics such as polymethylmethacrylate (PMMA) or cyclic olefin copolymer (COC)32, 

paper33, and soft polymers such as polydimethylsiloxane (PDMS)34. Hybrid microchips that 

combine two or more materials into one device have also been employed, providing convenience 

while resulting in chips that exhibit properties of each substrate35. Glass and PDMS chips are 

typically manufactured using conventional photolithographic techniques with a mask containing 

the desired microfluidic features used to define the structure. The channel is created using positive 

photoresist and chemical etching (glass)36 or negative photoresist to produce a raised structure for 

imprinting (PDMS) (Figure 3.3A)37. The PDMS or glass channel layer can then be either reversibly 

or irreversibly bonded to a second layer of PDMS or glass containing the electrode (Figure 3.3D).  

Glass-glass chips are generally produced using high-temperature bonding of the channel and 

electrode substrate layers36, 38. This high-temperature bonding limits the use of some electrode 

materials for ME-EC, as will be discussed later. Although most glass channels are produced by 

chemical etching, reactive ion etching has also been used. Reactive ion etching has also been 

applied to the fabrication of PDMS chips by etching a patterned, photoresist-coated Si wafer or 

glass substrate to the desired depth, leaving raised features that may be used as a master36, 38, 39. 

Thermoplastics are another popular substrate for microfluidic devices. These can be produced 

using hot embossing or, in high volumes, using injection molding40, 41. Recently, several groups 

have explored the use of 3D printing technology for fabrication of microfluidic devices; however, 

more work needs to be done to enable reproducible fabrication of smooth channels on the low-

micron scale via commercially available 3D printers42-49. This will be discussed in greater detail 

in a later chapter.  
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Figure 3.3. Microfabrication methods used in this dissertation (A) Fabrication of a silicon master 
and PDMS microchip; (B) fabrication of a metal working electrode in a glass substrate; (C) 
fabrication of a carbon fiber working electrode in a PDMS substrate topped with a PDMS 5-cm 
simple-T microchip (D).  
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3.2.2.2 Microelectrode fabrication  

In this thesis, microchip electrophoresis with electrochemical detection is used for the 

determination of RNOS and their reaction products.  One of the important parameters in a ME-EC 

system is the working electrode material and its compatibility with the microchip substrate. 

Electrode materials used in ME-EC range from metals such as platinum, gold, or palladium to 

variations of carbon, including carbon fiber, carbon ink, carbon paste, and pyrolyzed photoresist 

film (PPF). Important considerations are the solvent potential window and the redox properties of 

the analyte at the electrode surface50, 51. Once the optimal electrode material has been identified, 

an appropriate substrate may then be selected. Metal electrodes are typically fabricated on glass 

using photolithographic techniques to define the electrode area prior to depositing the metal onto 

the surface directly (metal film electrodes)51 or into an etched channel (embedded metal 

electrodes)31 (Figure 3.3B). PPF carbon electrodes are also fabricated on glass substrates using 

similar photolithographic procedures. The electrode is produced by pyrolyzing photoresist in a 

tube furnace under an inert gas atmosphere. However, PPF electrodes are incompatible with the 

high temperatures and pressures necessary for glass bonding and, therefore, can be used with 

hybrid microchips only52, 53. Other types of carbon electrodes are more compatible with 

thermoplastic and polymer substrates.  

Many of the earliest applications of carbon working electrodes for ME-EC used carbon 

fibers with PDMS substrates. The fibers can be placed in a trench created in the bottom layer of a 

PDMS chip that is perpendicular to the separation channel (Figure 3.3C,D)54. Alternatively, the 

trench can be filled with carbon paste to produce a working electrode55. Carbon ink electrodes are 

popular materials for commercial versions of ME-EC, and may be fabricated in a similar manner 

or through screen printing on PDMS, glass, or epoxy50, 51, 56-58. Another carbon-based electrode 

material that has been used is boron-doped diamond (BDD).  BDD is known for its wide potential 



45 
 

window, low background current, rapid electron transfer kinetics, and low adsorption of organic 

compounds59, 60. To date, BDD working electrodes used with ME-EC have been on the millimeter-

width scale61-63. As a result, the BDD electrode has to be integrated parallel to the microchannel 

using a specially designed electrode platform58. 

There have been several studies aimed at improving the mechanical ruggedness and 

substrate compatibility of carbon electrodes. Regel et al. reported the development of 

graphite/polymethylmethacrylate (PMMA) composite electrodes in PMMA substrates capable of 

being thermally bonded to another PMMA layer to form a complete ME-EC microchip64. More 

recently, Gouyon et al. reported the use of a graphite/PDMS composite material to produce 30 m 

wide microband electrodes in a PDMS substrate for amperometric detection in ME65. While most 

of the electrode fabrication processes reported in this section were used to generate band 

electrodes, another approach recently published describes the fabrication of disk electrodes using 

metal wires or carbon fibers that are imbedded in a polymer substrate by slow melting of 

polystyrene (PS) particles around suspended electrodes or by encapsulating the electrodes in an 

epoxy substrate66, 67. A specific advantage of this approach is that, once the substrate has solidified, 

it can then be polished to reveal the smooth electrode surface, and a PDMS layer containing the 

separation channels can be aligned on the surface of the substrate.  

Several groups have described electrode fabrication methods that do not require the use of 

a cleanroom or expensive materials to produce low-cost ME-EC devices. These approaches 

generally produce much larger electrodes than those fabricated by conventional photolithographic 

methods. One report describes the use of pencil graphite to generate 500 m-wide electrode 

channels in PDMS, which are then filled with carbon black paste for amperometric detection68. 

Another simple fabrication approach involves the use of adhesive tape to define the electrode area 
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(400 m wide) on an acrylic substrate. Carbon ink was then deposited on the substrate, dried, and 

polished to generate a microband electrode69. Although many of the applications of ME-EC feature 

PDMS substrates, some groups have investigated other substrate materials, including PMMA70 

and paper71.  Further details regarding novel electrode materials that have been used for ME-EC 

can be found in a review by Randviir and Banks72. It should also be noted that several companies, 

including MicruX73, microLIQUID74, and microfluidic ChipShop75, sell microchips with 

integrated electrodes.   

3.2.2.3 Electrode modifications  

Modified electrodes can be used to improve the selectivity and sensitivity of ME-EC for 

specific analytes. In particular, reduced graphene oxide has become a popular material for 

modified electrodes and electrochemical sensors in the past decade76-80. However, only a few 

examples of the use of graphene oxide modified electrodes for ME-EC have been reported81-84. In 

one application, electrochemically reduced graphene was shown to exhibit better performance for 

the detection of dopamine and catechol than thermally and chemically reduced graphene83. A 

platinum microband electrode modified with electrochemically reduced graphene oxide for the 

selective amperometric detection of iodide and ascorbate has also been reported by Lucca et al.84. 

Research in our group has focused on using electrochemically reduced graphene oxide to modify 

gold electrodes for the detection of catecholamines following ME separation. It was found that the 

graphene-modified electrodes exhibited an initial signal enhancement; however, they tended to 

show reduced activity over time.85 Another popular electrode modification is platinization, or the 

deposition of platinum black nanoparticles on a carbon or platinum working electrode. 

Platinization increases the surface area of the electrode and improves the electron transfer kinetics 

for small molecules, such as reactive nitrogen and oxygen species86-89.  Platinum black electrodes 

have been used not only with ME-EC but also in miniaturized sensors for monitoring reactive 
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species from cells such as peroxynitrite, hydrogen peroxide, and nitric oxide86, 88, 90-93. More 

extensive details on the use of carbon and metallic nanomaterials for electrochemical detection in 

both CE and ME can be found in two recent reviews by the Escarpa group94, 95.  

 ME-EC configurations 

3.2.3.1 Electrode alignments 

The effect of the separation field and current on the electrochemical response is a major 

consideration in ME.  Typical separation fields are in the range of 100–1500 V/cm, while the 

potential of the working electrode is between –0.5 and 1.0 V versus Ag/AgCl.  In addition, 

separation currents are generally on the A scale and electrochemical detection occurs at the nA 

to pA scale50.  To minimize the interaction of the two fields and protect the potentiostat from the 

high currents generated by the electrophoretic separation several, electrode configurations have 

been described.  Each of these configurations has its own strengths, weaknesses, and unique 

characteristics. The three major configurations are end-channel, in-channel, and off-channel 

electrode alignment (Figure 3.4)50, 51. 
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Figure 3.4. Electrode alignments used with ME-EC with a single working electrode; arrows 
indicate the path of the separation current. (A) End-channel detection (B) In-channel detection (C) 
Off-channel detection; B: buffer, S: sample waste, W: waste, GND: ground, WE: working 
electrode, HV: high voltage. Adapted from reference96.  
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3.2.3.1.1 End-channel alignment 

End-channel alignment was the first and is the most common electrode configuration for 

ME-EC97.  In this configuration, the working electrode is aligned within the bottom well of the 

microchip, 5–20 m past the channel end (Figure 3.4a).  The separation field in ME is dramatically 

reduced as it moves from the narrow separation channel into the wider ground reservoir. Therefore, 

if the working electrode is placed in the reservoir outside the channel, the potentiostat is protected 

from the high voltage, reducing the chance of damaging the electronics. This alignment normally 

exhibits low background noise at the working electrode due its isolation from the separation field; 

however, band broadening and asymmetric peak shapes can result due to the diffusion of the 

analyte once it exits the channel into the bottom well50, 51.  

3.2.3.1.2 In-channel alignment 

In-channel alignment utilizes an electrically isolated potentiostat that prevents the 

separation field from grounding through the potentiostat and damaging it98. In this case, the 

electrode is aligned within the separation channel, minimizing band broadening due to diffusion 

and resulting in higher separation efficiencies and sharper peaks than the end-channel alignment 

(Figure 3.4b). However, because the electrode is placed directly in the separation channel, the 

separation voltage has a direct effect on the potential of the working electrode. The separation 

voltage causes a shift in the actual potential at the working electrode when compared to the 

potential applied by the potentiostat. This shift is proportional to the electric field applied across 

the separation channel and the width of the working electrode. For example, for a normal polarity 

separation, a 200 V/cm separation field may cause up to a 400 mV potential drop across a 20 m 

working electrode, inducing an approximately 200 mV shift toward a more negative potential. 

Practically, this means the potentiostat must be set to a more positive potential than is expected to 
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accomplish any given electrochemical reaction. In reverse polarity, where a negative potential is 

applied, the opposite effect is observed, resulting in a positive potential shift. In addition, the in-

channel configuration usually leads to more background noise than that observed for end-channel 

alignment due to fluctuations in the high voltage power supply. This can affect the limits of 

detection, even as the separation efficiency is improved50. 

3.2.3.1.3 Off-channel alignment  

A third configuration used to isolate the working electrode from the separation voltage is 

off-channel alignment. In this configuration, a decoupler is placed ahead of the working electrode 

in the separation channel (Figure 3.4c). The decoupler grounds the separation field before it 

reaches the working electrode. This leads to low background noise and no shifts in the working 

electrode potential due to the separation voltage. However, since the decoupler completely isolates 

the working electrode from the separation field, the residual hydrodynamic flow produced from 

the EOF is responsible for moving analytes to the working electrode. Therefore, the plug flow 

profile of the electrophoretic separation is converted to the parabolic flow characteristic of laminar 

flow. If the EOF is slow or the distance between the decoupler and the working electrode is large, 

this can lead to significant band-broadening and a loss of resolution50.  

The integration of a decoupler into a ME-EC device can be challenging as the decoupler 

and working electrode are typically composed of different materials that require different 

fabrication methods. A major issue is the generation of gas at the decoupler (anode or cathode) 

due to the reduction of protons or oxidation of water, depending on the polarity of the separation. 

This can lead to the formation of bubbles in the channel and stop the separation50. To get around 

this problem, platinum and palladium decouplers have been used in the normal polarity mode 

because they adsorb hydrogen gas99-101.  However, decouplers for a reverse polarity separation 

require a material that will adsorb oxygen gas and this type of decoupler has not yet been reported 
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for ME-EC. A cellulose acetate membrane cast in a series of holes placed above the channel has 

been used as a decoupler in ME-EC in normal polarity and could theoretically be applied to a 

reverse polarity separation as well50, 102.  

3.2.3.2 Dual channels and/or electrodes  

For most ME-EC applications that use a single working electrode, multiple injections and 

separations of the same sample at different working electrode potentials must be performed to 

obtain voltammetric information.  This can be problematic if one is sample-limited or trying to 

detect a labile species. Voltammetric detection is an alternative approach; however, the charging 

currents generated while the potential is scanned limit its sensitivity. Another approach that 

maintains the advantage of low background currents characteristic of amperometry is the use of 

multiple electrode systems. Micro- and nanoarrays and have been used extensively in ME-EC to 

increase the analytical signal while decreasing the capacitive current and, therefore, noise of the 

system, leading to lower limits of detection67, 103-106. If the multiple electrode approach is used for 

voltammetric information, at least two working electrodes at different potentials should be used.  

Such dual electrode systems have been implemented in ME-EC in both the series and parallel 

electrode configurations.  

3.2.3.2.1 Dual-series electrode configuration 

In the dual-series configuration, two electrodes are placed in the channel perpendicular to 

the flow 10–50 m apart (Figure 3.5a). The sample plug travels over the two electrodes 

sequentially at different times. This configuration is relatively easy to integrate into a simple-t 

microchip and can be used for either selective detection of species undergoing chemically 

reversible redox reactions or voltammetric characterization.  In the first mode, termed “generation-

collection mode,” a stable product, typically an oxidized form of the original analyte (e.g., catechol 

oxidized to its quinone form), is generated at the first electrode followed by the reduction of that 
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product at the second electrode, thereby providing a selective detection method for those 

substances (Figure 3.5b)107-109. The collection efficiency, or percent of redox product formed at 

the first electrode relative to the amount of redox analytes reacted at the second electrode, is one 

of the most important parameters in generation-collection mode. It is determined by the 

heterogeneous rate constant of the redox species, the distance between the electrodes, and the flow 

rate. Therefore, collection efficiencies can be used with migration times to identify analytes that 

have different electrochemical rate constants. This mode can also be used to detect a stable 

electrogenerated product at a more desirable potential than that of the initial oxidation/reduction. 

Examples of this application include the detection of glutathione disulfide and nitrotyrosine. 

Additionally, this configuration has been used for the selective detection of catecholamines and 

phenolic acids based on their redox chemistry110-112. 

The dual-series configuration can also be used to determine current ratios for voltammetric 

identification of electroactive compounds. In this mode, the two working electrodes are biased at 

two preselected potentials and a current ratio for the analytes of interest is generated. The 

combination of the migration time and current ratio (voltammetric data) can be used for peak 

identification. To select electrode potentials for analyte identification, the upper potential and the 

lower potential should be at the current-limiting plateau potentials of the most easily 

oxidizable/reducible and the least easily oxidizable/reducible analytes, respectively. Analytes 

between these two potentials will give an intermediate current ratio between 0 (most difficult to 

oxidize or reduce) and 1 (easiest to oxidize/reduce)113. In the series configuration, electrolysis of 

the analytes at the first electrode and the relative placement of electrodes must be optimized to 

obtain good results. We have recently reported the need for two unique correction factors, the 

oxidation ratio difference and the sensitivity ratio, that should be applied to the current ratios when 

using this approach113. The oxidation ratio difference is a measure of the amount of analyte 
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depletion at the first electrode, which results in less analyte reaching the second electrode and, 

therefore, a lower current response. The sensitivity ratio is a correction factor that takes into 

account the relative alignments of the electrodes with respect to the channel end (e.g., one aligned 

in-channel and one aligned end-channel). As discussed above, the different positions result in a 

change in the active surface area of the electrode used in the electrochemical reaction and, 

therefore, a change in the sensitivity113. The dual series electrode configuration has been employed 

to identify poorly resolved species in microdialysis samples and cell lysates. One example is 

shown in Figure 3.5c, where this configuration was used selectively to identify homovanillic acid 

(HVA) that was comigrating with ascorbic acid (AA)114.  
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Figure 3.5. (a) Dual-series electrode configuration for ME-EC (b) Dual-electrode detection of 
tyrosine, 5-hydroxyindoleacetic acid (HIAA), and catechol; E1 = +750 mV, E2 = -100 mV. 
Reprinted with permission from reference110. Copyright (2000) American Chemical Society (c) 
Dual-electrode detection used to identify comigrating ascorbic acid (AA) and homovanillic acid 
(HVA) peaks with E1 = +400 mV and E2 = +1000 mV. Reproduced from reference114. B: buffer, 
S: sample waste, W: waste, GND: ground, WE: working electrode, HV: high voltage.  
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3.2.3.2.2 Dual-channel, dual-parallel electrode configuration  

The development of dual-channel dual-electrode ME was first reported by Chen and Hahn 

in 2007 (Figure 3.6a)115. In that report, sample was injected into one channel (sample channel) and 

a buffer blank was injected into the other channel (reference channel). Two 50 m wide gold 

electrodes were fabricated using standard photolithographic techniques and were aligned in the 

two channels at a fixed distance from the channel outlet. A three-electrode system was used for 

the EC detection. The electrode aligned at the reference channel was used as the reference 

electrode and the electrode aligned at the sample channel served as the working electrode. Under 

these conditions, both electrodes are exposed to the same separation field, thereby canceling out 

the fluctuations in the separation voltage and leading to lower noise115. The same configuration 

was later used with a low-cost gold nanoparticle-modified indium tin oxide (ITO)-coated 

polyethylene terephthalate electrode for the determination of antibiotics in human plasma116, 117. 

This configuration has also been evaluated for reverse polarity separations by Meneses et al. using 

an in-channel alignment and an isolated potentiostat for the determination of nitrite in a 

microdialysis sample (Figure 3.6a, b)118.   

A dual-channel/dual-parallel electrode microchip configuration for voltammetric 

identification of redox active species was recently reported by our group113. In this unique 

configuration, seen in Figure 3.6c, sample is injected from a single reservoir into two distinct 

separation channels in equal portions. The two working electrodes are aligned as closely as 

possible to the same position relative to the two separate channel ends. Thus, the two electrodes 

have similar areas exposed to the solution. This eliminates the sensitivity correction factor that is 

necessary for the dual-series configuration described earlier. Additionally, as both electrodes see 

identical analyte plugs independently, a correction factor for the oxidation ratio difference is not 

needed. This electrode configuration was tested using nitrite, azide, tyrosine, and iodide as model 
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analytes (Figure 3.6d). It was demonstrated that the sample plug injection was reproducible within 

6% based on the peak heights obtained for multiple injections (n=3). It was also possible to obtain 

current ratios that did not need to be corrected for response factor and were closer to theoretical 

prediction than those obtained with the dual-series configuration. This configuration was 

demonstrated for the determination of RNOS by ME-EC.  Due to their similar electrophoretic 

mobilities, it can be difficult to separate nitrite, an indicator of cellular nitrosative stress, from 

azide, a contaminant from the cell filters, in cell lysate samples. Although these species are difficult 

to resolve electrophoretically, they can be distinguished based on their differences in 

electrochemistry using current ratios. The dual-channel, dual-parallel electrode ME-EC system 

described here was used to confirm the presence of nitrite in cell lysate from a single sample 

injection113.  
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Figure 3.6. Comparison of two dual-channel, dual-parallel electrode configurations (a) Schematic 
of a dual-channel microchip with one separation channel and one reference channel. Adapted with 
permission from 115 Copyright (2007) American Chemical Society (b) Comparison of approximate 
baseline noise and background currents when different reference electrodes were employed in 
dual- and single-channel microchips operated in reverse polarity. Reproduced from 118 with 
permission (c) Schematic of a dual-channel microchip with two separation channels. Adapted from 
113 with permission from The Royal Society of Chemistry. (d) Electropherogram obtained using 
the dual-channel, dual-parallel configuration for (1) nitrite, (2) azide, (3) iodide, (4) tyrosine, and 
(5) hydrogen peroxide standards using reverse polarity. Reproduced from 113 with permission from 
The Royal Society of Chemistry. B: buffer, S: sample waste, W: waste, GND: ground, WE: 
working electrode, HV: high voltage.  
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3.3 Conclusions  

Capillary and microchip electrophoresis are powerful tools that allow fast, highly efficient 

separations of charged analytes. In this thesis, both techniques are used in combination with UV 

and electrochemical detection to investigate the role of reactive oxygen and nitrogen species 

(RNOS) in oxidative stress. RNOS as well as their products will be detected and the biochemistry 

of these reactions that are so important to the redox homeostasis of cells will be explored.  
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4 Chapter 4: Improved detection of intracellular nitrite in macrophage cells 

4.1 Abstract 

Nitric oxide (NO) is involved in many biological functions, including blood pressure 

regulation, the immune response, and neurotransmission. However, excess production of NO can 

lead to the generation of reactive nitrogen species and nitrosative stress and has been linked to 

several neurodegenerative diseases and cardiovascular disorders. Because NO is short-lived and 

generally difficult to detect, its primary stable degradation product, nitrite, is frequently monitored 

in its place. In this paper, an improved method using microchip electrophoresis with 

electrochemical detection (ME-EC) was developed for the separation and detection of nitrite in 

cell lysates. A separation of nitrite from several electroactive cell constituents and interferences 

was optimized, and the effect of sample and buffer conductivity on peak efficiency was explored. 

It was found that the addition of 10 mM NaCl to the run buffer caused stacking of the nitrite peak 

and improved limits of detection. A platinum black working electrode was also evaluated for the 

detection of nitrite and other electroactive cellular species after electrophoretic separation. The use 

of a modified platinum working electrode resulted in 2.5-, 1.7-, and 7.2-fold signal enhancement 

for nitrite, ascorbic acid, and hydrogen peroxide, respectively, and increased the sensitivity of the 

method for nitrite 2-fold. The optimized ME-EC method was used to compare nitrite production 

by native and lipopolysaccharide-stimulated RAW 264.7 macrophage cells.  

4.2 Introduction 

Nitric oxide (NO) is an important molecule involved in cellular signaling and platelet 

regulation. It is generated in vivo from arginine via the enzyme nitric oxide synthase (NOS).1 A 

specific form of NOS, inducible nitric oxide synthase (iNOS), is activated to produce nitric oxide 

as part of the immune response.1, 2 The resulting NO is capable of reacting with cellular 

components and can disrupt biological function.3 Under conditions of inflammation, NO can also 
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react with superoxide to form peroxynitrite.1, 2 Peroxynitrite can then cause nitration of proteins, 

peroxidation of lipids, and cleavage of the phosphate backbone of DNA.2-4 These biomolecular 

modifications have been implicated in the pathology of several neurodegenerative and 

cardiovascular diseases.2, 5 It is therefore important to have robust analytical methods that are 

capable of monitoring reactive nitrogen and oxygen species (RNOS) in biological systems. 

Currently, several methods exist to detect NO, including fluorescence, chemiluminescence, 

electron paramagnetic resonance spectroscopy, amperometry, and voltammetry.6-18 Fluorescence 

detection of RNOS in cells requires the use of a derivatization reagent that can enter cells and 

generate a product that is highly specific for the analyte of interest, as well as being stable and 

nontoxic to the biological system.6, 10, 19 Diaminofluorescein (DAF) dyes have been commonly 

used to monitor NO production in cells.20-22 However, DAF-FM has been shown to react with 

dehydroascorbic acid (DHA) and ascorbic acid, producing side products that must be resolved 

from the product of interest.19, 20, 23 While some approaches for correcting these issues have been 

developed, it is still of interest to explore other more direct detection methods for RNOS that do 

not require derivatization. 

Electrochemical detection has been used for the direct detection of nitric oxide.10, 24 In most 

cases, the working electrode is modified for the specific detection of NO at the expense of the 

simultaneous detection of other analytes.14, 25-27 In addition, the very short half-life of NO in vivo 

(approximately 1 s) makes it impossible to detect in cell samples, tissue homogenates, and 

microdialysate samples because it is degraded prior to analysis. Therefore, its stable primary 

degradation product, nitrite, is often used as an indicator of nitric oxide production.7, 11 

A microchip electrophoresis (ME) method for the separation of nitrosative stress markers in 

macrophage cells was recently described by our group.28 While ME systems are more complicated 

to assemble and operate than capillary electrophoresis (CE) instruments, ME has the advantage of 
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being well-suited for further adaptation into a single cell analysis device capable of cell lysis and 

separation and detection of intercellular components on-chip.20 In these studies, amperometric 

detection (EC) was used as the detection method for nitrosative stress markers as they are 

electrochemically active. In addition, PDMS/glass hybrid chips were employed because they 

enable easier incorporation and alignment of the working electrode compared to all-glass 

devices.29, 30 EC typically suffers from lower sensitivity and higher limits of detection (LOD) than 

laser-induced fluorescence (LIF)-based detection for ME. While the previously developed ME-

EC method was capable of detecting nitrite in the bulk cell lysates of macrophage cells, it was not 

sensitive enough to detect the small changes in RNOS expected in a microchip single cell analysis 

system. 

Platinum (Pt) black electrodes have been extensively employed for the improved detection of 

NO. Platinization, or Pt black deposition, on a variety of electrode materials, including gold, 

carbon, and Pt, has been shown to improve electron transfer kinetics as well as increase the active 

surface area of the electrode.31 Enhanced signals for NO and related compounds, including nitrite, 

peroxynitrite, and hydrogen peroxide, have been reported.25, 26, 31-37 These Pt black-modified 

electrodes have been used for a variety of applications, including imaging of NO generated on 

microdisks by scanning electrochemical microscopy,38 microarrays for the detection of NO 

released from endothelial cells,26 amperometric sensors to measure NO generation from kidney 

slices,39, 40 3D printed microfluidic devices for the detection NO solutions,25 and the detection of 

RNOS released by single cells.9 Platinized carbon electrodes have also been inserted through the 

cell membrane35, 41 and incorporated into biosensors for pond snail homogenates33 to monitor 

RNOS production. 

While many groups have employed platinized electrodes to obtain better sensitivity for a 

particular analyte, only a few have extended this to the simultaneous measurement of multiple 



70 
 

analytes. Most sensors employing Pt black are designed specifically for NO detection and employ 

selective membranes such as Nafion to exclude nitrite and other electroactive anions.25, 26 

Alternatively, sensors that have been used for the determination of multiple analytes are based on 

using voltammetry to distinguish between species.33, 39, 41-44 This requires precise knowledge of 

the electrochemical behavior of all possible interfering species under the given conditions in order 

to quantify the analyte of interest. 

There are few reports of integrating a Pt black electrode with capillary or microchip 

electrophoresis. One group has incorporated Pt black into a glucose-selective biosensor as a 

detector for CE.45 In a separate report, a platinized decoupler and reference electrodes were used 

in a ME device.46 However, to our knowledge, there have been no attempts to integrate a Pt black 

working electrode with microchip electrophoresis for the separation and detection of multiple 

RNOS. In this work, microchip electrophoresis with electrochemical detection using a Pt black-

modified working electrode is evaluated for the detection of nitrite, a marker of NO production, 

and hydrogen peroxide, a marker of superoxide. Ascorbic acid (AA) and azide were also included 

as potential interfering species within the biological system. In addition, the effect of sample 

conductivity on the separation efficiency and overall limits of detection was investigated. The 

optimized method was then evaluated for the detection of nitrite in native and lipopolysaccharide 

(LPS)-stimulated RAW 264.7 macrophage cells. 

4.3 Materials and methods  

 Reagents and materials 

The following materials and chemicals were used as received: boric acid, sodium chloride, 

tetradecyltrimethylammonium chloride (TTAC), sodium nitrite, ascorbic acid, lipopolysaccharide 

(LPS), lead(II) acetate trihydrate, and hydrogen hexachloroplatinate(IV) solution (Sigma-Aldrich, 

St. Louis, MO, USA); sodium hydroxide (NaOH), acetone, 2-propanol (IPA), phosphate-buffered 
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saline (PBS), 30% hydrogen peroxide (H2O2), and ethanol (Fisher Scientific, Pittsburgh, PA, 

USA); SU-8 photoresist, SU-8 developer, and MIF 300 developer (Micro-Chem, Newton, MA, 

USA); glass substrates (4′′ × 4′′ × 0.090′′) coated with chrome and AZ1518 photoresist (Nanofilm, 

Westlake, CA, USA); buffered oxide etchant (JT Baker, Austin, TX, USA); chrome etchant 

(Cyantek Corp., Freemont, CA, USA); Ti and Pt targets (Kurt J. Lesker Co., Jefferson Hills, PA, 

USA); polydimethylsiloxane (PDMS) and curing agent (Sylgard 184 elastomer kit, Ellsworth 

Adhesives, Germantown, WI, USA); 4′′ diameter silicon wafers (Silicon, Inc., Boise, ID, USA); 

epoxy and Cu wire (Westlake Hardware, Lawrence, KS, USA); silver colloidal (Ted Pella, Inc., 

Redding, CA, USA); RAW 264.7 cells, Delbecco's Modified Eagle's medium (DMEM), fetal 

bovine serum (FBS), penicillin-streptomycin solution (ATCC, Manassas, VA, USA), 25 mL 

polystyrene culture flasks (Fisher Scientific, Pittsburgh, PA, USA), C-Chip disposable 

hemocytometers (Bulldog Bio, Inc., Portsmouth, NH, USA), trypan blue exclusion assay (Fisher 

Scientific, Pittsburgh, PA, USA), 3 kDa molecular weight cut-off filters (VWR International, West 

Chester, PA, USA). All water was ultrapure (18.2 MΩ) and generated from a Milli-Q Synthesis 

A10 system (Millipore, Burlington, MA, USA). 

 PDMS microchip fabrication 

The fabrication of PDMS microchips has been previously described.47 Briefly, a 4′′ 

diameter silicon wafer was coated with SU-8 10 negative photoresist to a thickness of 15 μm with 

a Cee 100 spincoater (Brewer Science Inc., Rolla, MO, USA). The wafer then underwent a soft 

bake at 65 °C for 2 min and then 95 °C for 5 min on a programmable hotplate (Thermo Scientific, 

Waltham, MA, USA). The designs for the microchip were drawn with AutoCad (Autodesk, San 

Rafael, CA, USA) and printed onto a transparency (Infinite Graphics, Minneapolis, MN, USA). 

The coated wafer was then covered with the negative transparency and exposed at 344 mJ cm−2 

with a UV flood source (ABC Inc., San Jose, CA, USA). Next, the wafer was transferred to a 



72 
 

programmable hotplate again for a postbake at 65 °C for 1 min and then 95 °C for 2 min. After the 

postbake, the wafer was developed in SU-8 developer, rinsed with IPA, and dried with nitrogen. 

Lastly, the wafer underwent a hard bake at 200 °C for 2 h. The final silicon master contained 15 

μm thick and 40 μm wide microchannels, which were measured with an Alpha Step-200 surface 

profiler (KLA-Tencor Instruments, Milpitas, CA, USA). The microchip used for these studies 

consisted of a simple-T design with a 5 cm separation channel and 0.75 cm side arms. A PDMS 

microchip was made by pouring a degassed 10:1 mixture of PDMS and curing agent, respectively, 

over the silicon master and curing the mixture overnight at 70 °C. The PDMS microchip was then 

peeled from the master and reservoirs were punched into the PDMS with a 4 mm biopsy punch 

(Harris Uni-Core, Ted Pella, Inc., Redding, CA, USA). 

 Electrode fabrication 

The method of fabricating in-house Pt electrodes has been previously described.29 Briefly, 

electrode designs are drawn with AutoCad and printed onto a transparency with a resolution of 

50,000 dpi. A borofloat glass substrate (4′′ × 4′′ × 0.090′′) pre-coated with a layer of chrome and 

then AZ1518 positive photoresist is covered by the transparency and exposed at 344 mJ cm−2 with 

a UV flood source for 4 s. Then the glass substrate is developed in MIF 300 developer for about 

15 s and baked at 100 °C for 10 min on a programmable hotplate. At this point, the electrode 

pattern is imprinted in the photoresist, thereby exposing the chrome layer below. The exposed 

chrome is removed with chrome etchant. Trenches in the pattern of the electrodes are then created 

with the use of buffered oxide etchant to a depth of about 300 nm. After thoroughly washing the 

substrate with CaCO3 solution and water, the trench depth is measured with an Alpha Step-200 

surface profiler. Next, the glass substrate is exposed to an oxygen plasma for 1 min (March 

Plasmod, Concord, CA, USA) and immediately placed into an AXXIS DC magnetron sputtering 

system (Kurt J. Lesker Co., Jefferson Hills, PA, USA). After allowing the sputterer chamber to 
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reach a pressure of 1.0 × 10−6 Torr, Ti is deposited onto the substrate for 40 s at 220 V and 5.0 × 

10−3 Torr to produce a 20 nm Ti layer. Then Pt is deposited for 15 min at 200 V and 5.0 × 10−3 

Torr. Next, the substrate is washed with acetone and then chrome etchant. The final width and 

height of the fabricated Pt electrodes are measured with an Alpha Step-200 surface profiler. 

 Electrophoresis procedure 

Microchips were constructed by reversibly bonding a layer of PDMS containing the 

simple-T design to the glass substrate containing the embedded Pt electrode. The Pt electrode was 

aligned at the intersection of the separation channel and the waste reservoir. Pt leads were inserted 

into each reservoir. Two Spellman CZE 1000R high voltage power supplies (Spellman, 

Hauppauge, NY, USA) controlled with a LabView (National Instruments, Austin, TX, USA) 

program written in-house were used for all electrophoresis procedures. Samples were injected 

using a gated injection protocol. A gate was established by applying −2400 V and −2200 V to the 

buffer and sample reservoirs, respectively, while both the buffer waste and sample waste reservoirs 

were grounded. Sample injection occurred by floating the voltage in the buffer reservoir for 1 s. 

The run buffer used in these experiments was 10 mM borate with TTAC and NaCl. TTAC was 

varied between 3 mM and 9 mM, and NaCl was varied between 0 mM and 15 mM. The pH was 

adjusted to 10 with NaOH. 

 Electrochemical detection and data analysis 

Electrochemical detection was accomplished with a two-channel wireless isolated 

potentiostat (Pinnacle Technology, Inc., Lawrence, KS, USA). The potentiostat used had a 

sampling rate of 6.5 to 13 Hz (gain = 5,000,000 V A−1, resolution = 47 fA). Sirenia software 

(Pinnacle Technology) was used for all data acquisition. Electrochemical measurements were 

taken at a working electrode potential of +1.100 V versus Ag/AgCl reference electrode (BASi, 
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West Layfayette, IN, USA). All data analysis was performed with Origin 8.6 software (OriginLab, 

Northhampton, MA, USA). 

 Pt black deposition 

A 10 mM lead(II) acetate trihydrate stock solution was prepared. The Pt black deposition 

solution was then prepared by adding 1 mL of 8% w/v hydrogen hexachloroplatinate solution and 

0.42 mL of 10 mM lead(II) acetate trihydrate stock solution to 5.94 mL of PBS. Pt black deposition 

was achieved by running a cyclic voltammogram on the Pt working electrode in the presence of 

the deposition solution, from +0.6 V to −0.35 V versus Ag/AgCl reference at a scan rate of 0.02 

V s−1. The potential was controlled using a CHI electrochemical analyzer (CH Instruments, Inc., 

Austin, TX, USA) controlled by CHI software. After deposition, the area around the electrode was 

thoroughly washed with water to remove salt crystals formed during the deposition. Next, the 

modified electrode area was activated while in 10 mM borate at pH 10 by applying alternating 

pulses of +0.2 V and −0.5 V for 1 s each for 30 cycles. 

 Cell culture and sample preparation 

RAW 264.7 cells were cultured, stimulated, and tested for viability as previously 

reported.28 Briefly, cells were cultured in DMEM containing 10% (v/v) FBS, L-glutamine (2 mM), 

penicillin (50 IU mL−1), and streptomycin (50 μg mL−1). Cells were maintained in 25 mL 

polystyrene culture flasks in a humidified environment at 37 °C and 5% CO2. To prevent 

overgrowth, cells were passaged every 2–3 days. Cell viability was determined via the trypan blue 

exclusion assay and a C-Chip disposable hemocytometer. When stimulation of NO production was 

desired, a flask of healthy macrophage cells was incubated for 24 h with 100 ng mL−1 purified 

LPS from the Escherichia coli line 0111:B4 (Figure 4.1). For such experiments, a control (native) 

flask of unstimulated RAW 264.7 macrophage cells from the population was incubated under the 

same conditions. 



75 
 

To prepare the cell lysate samples, cells grown to approximately 80% confluence (around 

5 million cells per flask) were counted, harvested with a scraper, and then centrifuged at 3500 rpm 

for 3 min. The supernatant medium was removed, leaving behind a cell pellet. This pellet was 

washed once with cold 10 mM PBS and once with sterile water. The cell pellet was then lysed in 

150 μL of buffer consisting of 10 mM borate at pH 10 and 5.5 mM TTAC. After lysis, the lysate 

was centrifuged through a 3 kDa molecular weight cut-off filter for 8 min to remove large 

compounds, such as membranes and proteins. The filtered lysate was run on the ME-EC device 

for analysis. 
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Figure 4.1. Protocol for the analysis of LPS-stimulated macrophage cells. (A) Native cells are 
incubated with LPS for 24 h to induce stimulation. (B) Cells are harvested and centrifuged to 
produce a cell pellet. (C) The cell pellet is washed once with PBS to remove excess medium and 
once with water to remove any remaining salt. (D) The cell pellet is resuspended in borate buffer 
at pH 10 with 5.5 mM TTAC to lyse the cells, and the lysate is centrifuged through a molecular 
weight cutoff filter to remove any proteins and large insoluble species. (E) Filtered cell lysate is 
placed in the sample well of a PDMS/glass microchip for ME-EC analysis. 
  



77 
 

4.4 Results and discussion 

Several strategies were investigated to improve the limits of detection for nitrite in cell 

lysate samples. A separation was first optimized to resolve nitrite and several other electroactive 

species in cells. Then, the effect of sample conductivity on the separation efficiency was evaluated. 

A Pt black-modified working electrode was then employed with the goal of detecting nitrite in 

macrophage cell lysates. 

 Separation optimization and stacking of nitrite  

For the analysis of cell lysate samples by ME-EC, the initial experiments employed a 

background electrolyte consisting of 10 mM borate with 2 mM TTAC at pH 10. However, when 

cell lysate samples were analyzed, it was found that nitrite comigrated with an interferent peak 

(azide) that was present on the filters used for sample preparation. In an attempt to resolve these 

two compounds, the concentration of TTAC in the BGE was varied from 2 mM to 9 mM. As 

shown in Figure 4.2, the optimal TTAC concentration was determined to be 5.5 mM. These 

separation conditions were also capable of separating two other analytes of interest to the redox 

balance of the cell: ascorbic acid, an antioxidant, and hydrogen peroxide, a reactive oxygen species 

and product of superoxide. These four species were baseline resolved in less than 30 s (Figure 

4.2).  

Our group has previously reported severe destacking of the nitrite peak during the analysis 

of cell lysate samples due to the high conductivity of the sample matrix. In those studies, cells 

were washed with PBS, which contains a high amount of NaCl (154 mM), prior to the final lysing 

with the run buffer. In this previous report, it was found that the addition of 7.5 or 10 mM NaCl to 

the BGE restored the peak height to that observed for low conductivity standard samples.28 

However, this phenomenon was not optimized or explored further. Figure 4.3 shows the effects of 

both sample and buffer conductivities on the separation efficiency of the nitrite peak. An 
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electropherogram (Figure 4.3a) was obtained using standards dissolved in run buffer. If the sample 

contains 10 mM NaCl and is analyzed using a low conductivity buffer, the peak efficiency for 

nitrite decreases 6-fold compared to that of a low conductivity sample as can be seen in (Figure 

4.3b). This loss in efficiency can be restored by adding 10 mM NaCl to the BGE, which matches 

the conductivity of the sample as shown in electropherogram (Figure 4.3c). Most importantly, it 

was found that if the conductivity of the BGE is significantly increased relative to the sample (such 

that there is 10 mM NaCl in the run buffer and no NaCl in the sample), a nearly 10-fold increase 

in peak efficiency is observed (Figure 4.3d). This last set of parameters results in a greatly 

enhanced nitrite peak due to transient isotachophoretic stacking without affecting the peak heights 

or resolution of the other analytes. In order to ensure low conductivity cell samples, the sample 

preparation protocol was modified to include a second wash of the cell pellet with water to remove 

excess saline prior to lysis with run buffer. 
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Figure 4.2. Migration times of nitrite (■), azide (●), ascorbic acid (▲), and hydrogen peroxide 
(▼) by ME-EC with a BGE consisting of 10 mM borate at pH 10 with varying concentration of 
TTAC. 

 

Figure 4.3. Electropherograms illustrating a standard solution of 50 μM nitrite (1), 20 μM azide 
(2), 40 μM ascorbic acid (3), and 100 μM hydrogen peroxide (4) using (a) a run buffer and sample 
buffer consisting of 10 mM borate and 5.5 mM TTAC at pH 10, and the effect of adding 10 mM 
NaCl (b) to the sample buffer, (c) to both the run buffer and sample buffer, and (d) to only the run 
buffer. System peaks are denoted by *. 
  



80 
 

It is hypothesized that the increase in peak height and plate numbers for nitrite is due to 

transient isotachophoresis (tITP) occurring prior to the separation. In tITP, the zone of the analyte 

of interest is stacked between a leading and a tailing electrolyte that have faster and slower 

electrophoretic mobilities, respectively, than the analyte of interest. In this system, the leading 

electrolyte would be the chloride ion because its electrophoretic mobility is slightly higher than 

that of nitrite under these separation conditions.48 Chloride ions have been shown to be responsible 

for stacking effects observed in capillary electrophoresis analysis of biological samples.49 It is 

postulated that the borate ion is the tailing electrolyte under these conditions. Additional evidence 

of this phenomenon is that the concentration of NaCl must be in excess compared to the nitrite 

sample concentration in order for stacking to occur.50 Figure 4.4A shows the effect of increasing 

NaCl concentration in the run buffer on the height of the nitrite peak. As the concentration of NaCl 

is increased from 2.5 mM to 15 mM, the nitrite peak height increases. This stacking is also 

reflected in the significant increase in peak efficiency for nitrite compared to those of all other 

analytes, which remained constant as can be seen in Figure 4.4B. While the addition of 15 mM 

NaCl also yielded higher peak heights and efficiencies compared to 10 mM NaCl, the higher salt 

concentration resulted in a greatly increased separation current and generated larger system peaks 

due to the increased buffer conductivity. Also, when the separation current rises above 40 μA, 

bubbles can form within the PDMS channel and limit the lifetime of the device, negatively 

impacting the analysis. Therefore, a concentration of 10 mM NaCl was chosen for this study as it 

provided greatly improved peak efficiency while minimizing the negative effects of a highly 

conductive buffer. Using the combination of tITP and a bare Pt electrode, the LOD for nitrite was 

reduced to 0.50 μM from a value of 2.6 μM that was previously reported by our group.51 
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Figure 4.4. (A) Electropherograms depicting the change in nitrite stacking due to transient 
isotachophoresis as a result of adding NaCl to the run buffer at a concentration of (a) 0 mM, (b) 
2.5 mM, (c) 5 mM, (d) 10 mM, and (e) 15 mM. (B) Effect of increasing NaCl concentration on 
peak efficiency (N) of each analyte (n = 3). Legend: nitrite (1, ■), azide (2, ●), ascorbic acid (3, 
▲), hydrogen peroxide (4, ▼). System peaks are denoted by *. 
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 Electrode deposition optimization 

A Pt black working electrode was evaluated to see if it would further improve the limits of 

detection of the device for nitrite. Two different electrochemical deposition methods have been 

reported, application of a constant current density and cyclic voltammetry (CV). In both methods, 

the electrochemical program is applied while the electrode to be modified is in contact with a 

deposition solution consisting of chloroplatinic acid to generate the platinization and lead acetate 

to control the morphology of the deposition. 

In the initial experiments, a 4 mm diameter PDMS well was aligned on top of the glass 

substrate such that the bare Pt electrode bisected the well. The well was filled with deposition 

solution, and Pt black was generated on the 4 mm length exposed to the solution using CV. During 

these experiments, the electrode turned black, indicating that the modification was successful. 

However, this deposition process prevented subsequent sealing of the PDMS microchip to the 

glass substrate due to the height of the electrode that was produced. A typical electrode produced 

by sputtering is less than 200 nm in height, which is low enough that a reversible seal between the 

PDMS and the glass substrate can be achieved. However, this electrochemical deposition 

procedure resulted in an electrode with a height greater than 200 nm. 

To overcome this problem and make it possible to seal the PDMS separation channel to 

the electrode containing the glass chip, in situ generation was evaluated. The layer of PDMS 

containing the separation channel microchip was first aligned with the Pt working electrode on the 

glass substrate. The two layers were then sealed together prior to the deposition process. Then the 

deposition solution was added to the bottom waste reservoir and pulled through the separation 

channel with an aspirator. Therefore, in this configuration, only the 40 μm wide electrode region 

within the channel was exposed to the solution. Solution flow was stopped during the CV 

deposition process to allow the deposition to occur directly over the electrode. This resulted in a 
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well-defined deposition area. It also prevented the deposition from occurring underneath the 

PDMS substrate and kept the seal intact. A black color was again observed on the working 

electrode. ME-EC experiments could immediately be performed with this device without 

removing the PDMS channel layer. As shown in the scanning electron micrograph in Figure 4.5A, 

this deposition procedure resulted in a greatly increased electrode surface area. 

Unfortunately, it was found that depositing the Pt black onto the surface of the working 

electrode using only CV resulted in an unstable modification. When a voltage was applied to the 

separation channel, a large drop in the background current at the working electrode was observed, 

which implied that the Pt black was detaching from the working electrode. Therefore, a 

combination of CV and differential pulse voltammetry (DPV) was evaluated. DPV has been 

reported by others to increase the stability of the Pt black modification.43 SEM images of activated 

and non-activated modified electrodes show a drastic difference in the physical properties of the 

two electrodes due to the activation procedure (Figure 4.5A and B). 

The deposition process resulted in the formation of salt crystals in both the buffer waste 

reservoir and the separation channel, so the chip had to be washed with water after this process 

and inspected to ensure that no crystals were present. The presence of crystals can lead to 

irreproducible signal measurements due to irregular flows throughout the microchip channels. 
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Figure 4.5. SEM images of a (A) non-activated and (B) activated Pt black-modified working 
electrode. 
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 Signal enhancement 

Once the electrode modification procedure was optimized, the response of the Pt black 

electrode was compared to that obtained by a bare Pt electrode. Peak heights for nitrite, AA, and 

hydrogen peroxide were measured before and after the deposition with the same microchip and 

electrode alignment. This was important because variations in electrode alignment can cause 

changes in the amplitude of both the noise and the signal. While using the same microchip for 

these enhancement measurements, the channels of the microchip were thoroughly washed with 

water to ensure that no run buffer remained in the channel during deposition. Figure 4.6A shows 

electropherograms of a mixture of nitrite, AA, and hydrogen peroxide standards before and after 

modification of a Pt working electrode using the optimized tITP separation conditions. The 

modified electrode generated a significant increase in signal, but also exhibited a higher 

background current. This increase in background current was expected since the geometric area of 

the electrode was increased. Average signal enhancements of 2.5 ± 0.2, 1.7 ± 0.2, and 7.2 ± 0.2 

were observed for nitrite, AA, and hydrogen peroxide, respectively with the Pt black-modified 

electrode compared to a bare Pt electrode.  

An external calibration curve was generated to determine the effect of the Pt black 

deposition and activation on the sensitivity for nitrite (Figure 4.7). The sensitivities for the 

detection of nitrite with a bare Pt and Pt black-modified working electrode were 0.245 ± 0.001 and 

0.580 ± 0.008 nA μM−1, respectively. The modification of the working electrode resulted in a 2.36 

± 0.03-fold enhancement in the sensitivity toward nitrite. These results are comparable with those 

reported by Shim et al., where a 3-fold sensitivity enhancement for NO was observed when a Pt 

working electrode underwent platinization. This increase was believed to be due to the increase in 

the active surface area of the electrode.38 Unfortunately, this increase in the geometric area of the 

electrode also resulted in an increase in noise (Figure 4.6B), leading to an unchanged S/N ratio 
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and, therefore, the LOD of the system did not change. Amatore's group has reported LOD for 

nitrite approximately 10-fold lower when using a Pt black electrode embedded in a microchannel 

with hydrodynamic flow. The differences in LODs of our work and these values can be attributed 

to both the presence of high voltage separation field and the difficulty of controlling the geometric 

area of the Pt black modification within the separation channel. 
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Figure 4.6. (A) Electropherograms of 100 μM nitrite (1), 40 μM AA (2), and 100 μM hydrogen 
peroxide (3) standards (a) before and (b) after Pt black modification. (B) Comparison of the noise 
at (a) a bare Pt electrode versus (b) a Pt black electrode during a ME separation. 
 

 

Figure 4.7. Calibration curves generated for nitrite using (a) bare Pt and (b) Pt black as the working 
electrode.  
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 Nitrite in biological samples  

Cell lysate samples with high conductivities have been shown to suppress the nitrite peak 

due to destacking effects.28 Previously, our group has remedied this destacking effect by increasing 

the conductivity of the buffer to match that of the sample matrix. However, we observed that the 

nitrite peak efficiency could be greatly improved by using a buffer with a higher conductivity than 

the sample. Therefore, in the present study great care was taken to minimize the conductivity of 

the cell samples. The cell pellet was washed first with PBS, as previously reported, and then with 

water to eliminate the high salt content of the cell sample prior to lysing with run buffer. The 

addition of the water wash step in the cell preparation resulted in samples that had much lower 

conductivities (similar to normal standard solutions in run buffer). The lower conductivity cell 

lysates allowed stacking of the nitrite peak with the tITP system, which provided additional signal 

enhancement and peak consistency when compared to the previously published method. 

It is well established that LPS-stimulated RAW 264.7 macrophages produce high amounts 

of NO.52 LPS is an endotoxin found on the outer membrane of gram-negative bacteria that causes 

the activation of iNOS in macrophages and overproduction of NO. In this study, cells were 

stimulated with LPS to generate higher NO production and, therefore, an increased nitrite signal. 

The effect of the new separation conditions and signal enhancement obtained with the Pt black 

modified electrodes on the determination of intracellular nitrite was investigated in both native 

and LPS-stimulated bulk cell lysate samples. Figure 4.8 shows electropherograms obtained for a 

LPS-stimulated cell lysate sample with the same electrode and microchip before and after the 

working electrode had been modified with Pt black. The identity of the nitrite peak was confirmed 

through spiking. The electrode modification resulted in an average 4.31 ± 0.33-fold enhancement 

in the nitrite signal, which was averaged over both native and stimulated (n = 3 for both sets) cell 

lysates. Due to the differing number of cells in each sample, the results were corrected based on 
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their respective cell counts. When considered in combination with the tITP separation conditions 

facilitated by the improved washing procedure, this modification results in an increase between 

10- and 20-fold in nitrite peak height in cell lysates. This improvement could prove useful in future 

studies to quantify nitrite electrochemically in single macrophage cells, where a significantly lower 

LOD may be necessary.  

This increase in nitrite due to the presence of LPS was also calculated to ensure that the 

same result was achieved with both an unmodified and a modified working electrode. Upon 

stimulation, a 3.9 ± 0.9 times increase in nitrite was observed with the bare Pt working electrode 

and a 4.0 ± 0.6 times increase with the Pt black working electrode. A t-test was performed to 

compare these data, and it was determined that at 95% confidence there is no statistically 

significant difference between the two sets of data. This increase in nitrite production after 

exposure to LPS agrees with previous results reported by Gunasekara et al.28 Therefore, it confirms 

that the Pt black modification does not impact the use of the method for monitoring changes in 

nitrite concentration with varying cell conditions. Furthermore, these results are comparable with 

measurements of nitric oxide in Jurkat cells taken using laser-induced fluorescence detection, in 

which the indirect NO probe DAF-FM was used to observe a 2-fold increase in NO upon LPS 

stimulation.20 This suggests that electrochemical detection of nitrite is capable of providing results 

similar to those of indirect fluorescence detection of nitric oxide when studying cellular nitrosative 

stress. 
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Figure 4.8. Electropherograms of an LPS-stimulated RAW 264.7 macrophage cell lysate sample 
obtained using (a) bare Pt and (b) Pt black. 
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4.5 Conclusions 

A ME-EC method that uses transient isotachophoresis and a Pt black-modified working 

electrode to enhance the signal and detect nitrite as well as other electrochemically active species 

was reported. First, a stacking method to enhance the signal of nitrite through the addition of NaCl 

to the run buffer was developed that provided a 5.2-fold decrease in the LOD for nitrite. Then, a 

procedure to modify a Pt working electrode with Pt black for the detection of nitrite was optimized. 

This electrode modification was then coupled with a ME-EC method, and a signal enhancement 

for nitrite, hydrogen peroxide, and ascorbic acid was obtained. The use of a Pt black-modified 

working electrode resulted in an increased sensitivity for nitrite. This method was then used to 

detect nitrite as an indicator of NO production in a bulk cell lysate sample. The incorporation of 

the tITP system and Pt black-modified working electrode improved the method previously 

reported by our group by increasing the sensitivity and decreasing the LOD. In the future, this 

method will be used to study the production of nitric oxide in microglia and other immune cells. 

The incorporation of this method into a single cell analysis device will make it possible to monitor 

short-lived species, such as NO and peroxynitrite, directly in order to investigate the conditions 

which lead to neurodegeneration.  
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5 Chapter 5: Capillary electrophoresis with diode array detection as a tool for the study of 

oxidative modifications of tyrosine-containing species  

5.1 Abstract 

Oxidative modifications of tyrosine residues are often used as biomarkers of conditions of 

oxidative and nitrosative stress that are prevalent in a variety of disease states. In this work, a 

capillary electrophoresis (CE) separation of several modified tyrosine residues and short, tyrosine-

containing peptides was optimized. Then, peroxynitrite was synthesized from nitrite and acidified 

hydrogen peroxide and the tyrosine-containing species were exposed to this reaction mixture under 

a variety of conditions. The resulting products were separated and detected using the optimized 

CE method with diode array detection (DAD). DAD enabled the monitoring of the 

electropherogram at several different wavelengths that corresponded to different functional groups 

present in these species (e.g. phenol, nitro groups). By observing the ratio of peak heights at 

different wavelengths, product peaks could be identified as either known species (by comparison 

to a standard) or proposed structures based on these spectra. Nitration of both free and peptide-

bound tyrosine was observed via this reaction with peroxynitrite along with other further oxidation 

and substitution reaction products. Possible structures of these by-products are presented. 

Ultimately, this work provides a framework for analysis of low volumes of highly conductive 

reaction products using CE that could be used to explore other more physiologically relevant 

oxidative conditions to gain a greater understanding of the factors that influence these reactions.      

5.2 Introduction 

Nitrosative and oxidative stress has been implicated in a wide variety of disease states, 

including cardiovascular disease, stroke, and neurodegenerative diseases such as Alzheimer’s 

disease. Under conditions of nitrosative and oxidative stress, reactive nitrogen and oxygen species 

(RNOS) begin to proliferate and react with biomolecules, resulting in structural modifications that 
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can impact their function and ultimately result in cell damage or death.1 One of the most commonly 

observed oxidative modifications is the nitration of tyrosine to form 3-nitrotyrosine (3-NT), which 

has been found in increased quantities in the tissues affected by these conditions.2 However, efforts 

to understand the exact mechanisms of tyrosine nitration and other oxidative modifications, as 

well as to identify the sites that are preferentially modified, are still ongoing. Therefore, it is of 

great interest to develop methods for the quantification of biological tyrosine nitration. 

Additionally, much attention has been paid to the study of artifactual NT formation during sample 

preparation and storage.3-5 The design of experiments to screen these conditions for their effects 

on artifactual NT formation is beneficial to the continued progress of quantification and 

identification of biological NT.  

Liquid chromatography with electrochemical, UV, fluorescence, or mass spectrometric 

detection are the methods of choice for most previous studies.3, 6 While these methods are capable 

of quantification of biological 3-NT, they typically require relatively large amounts of sample for 

compound identification. In this work, we describe a capillary electrophoresis method with diode 

array detection for profiling the oxidative modifications of tyrosine and short, tyrosine-containing 

peptides under a variety of oxidative conditions relevant both to protein sample preparation and 

physiological conditions. This method features lower sample requirements than LC-MS and 

enables rapid analysis of reaction mixtures. In addition, the diode array detector can be used to 

elucidate rough structural information about unknown byproducts of these reactions through 

comparison of peaks at several wavelengths corresponding to key functional groups. In this work, 

tyrosine-containing species dissolved in water are exposed to a highly oxidative environment 

containing peroxynitrite at a very low pH and the resulting products, including 3-NT and other 

modified tyrosine species, are tentatively identified without the use of costly structural 

characterization techniques that require large quantities of purified product.  
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5.3 Materials and methods 

 Reagents and materials 

Sodium phosphate monobasic, sodium phosphate dibasic, sodium phosphate tribasic, boric 

acid, sodium hydroxide, phosphoric acid, sodium acetate, glacial acetic acid, sodium dodecyl 

sulfate (SDS), tetradecyltrimethylammonium chloride (TTAC), sodium nitrite, sodium nitrate, 

manganese dioxide, hydrogen peroxide (30%), hydrochloric acid, L-tyrosine, 3-L-nitrotyrosine, 

3-chlorotyrosine, 3-aminotyrosine were obtained from Fisher. Peptides AY, A(3-NO2Y), AYL, 

A(3-NO2Y)L, FSAYLER, and FSA(3-NO2Y)LER as well as dityrosine were obtained from the 

KU Synthetic Chemical Biology Core. 

 Electrophoresis procedure 

An Agilent 7100 capillary electrophoresis system with DAD was used for all experiments. 

A 63.5 cm capillary (55 cm to detector) with 50 μm I.D., 360 μm O.D. capillary (Polymicro, 

Molex) was used. The capillary was conditioned prior to initial use with water, HCl, water, NaOH, 

water, and then BGE. Between runs, the capillary was flushed with background electrolyte (BGE) 

for 3 min. Hydrodynamic injection at 30 mbar for 15 s was used to inject sample into the capillary 

and the separation potential was 30 kV for the normal polarity separations and -19.7 kV for the 

reverse polarity separations. Standard stock solutions (approximately 2 mM) were prepared 

monthly in 18.2 MΩ water and diluted into BGE at an appropriate concentration (typically 50-100 

μM) prior to analysis. For reverse polarity separations of nitrite, nitrate, and peroxynitrite, a BGE 

of 25 mM phosphate at pH 12.0 with 2 mM TTAC was used. The optimization of the normal 

polarity separation of analytes of interest will be discussed below, but, unless otherwise specified, 

the BGE contained 2 mM SDS. 
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 Peroxynitrite synthesis  

Peroxynitrite was synthesized according to the protocol of Robinson et al.7 Stock solutions 

of (1) 0.6 M NaNO2, (2) 0.6 M H2O2 with 0.7 M HCl, and (3) 3 M NaOH were prepared and 

chilled on ice prior to reaction. NaNO2 (200 μL) was added first to a 2-mL Eppendorf tube. The 

acidified H2O2 solution (150 μL) and NaOH solution (200 μL) were then added in quick succession 

to the tube to first synthesize the peroxynitrite by the addition of the acidified H2O2 followed by 

the stabilization of peroxynitrite in its anionic form through the addition of the base (Figure 

5.1A,B). This reaction protocol resulted in an average peroxynitrite concentration of 

approximately 100 mM. If desired, the resulting solution was purified through addition of 

manganese dioxide to react with any residual H2O2 followed by filtration through a 0.22 μm 

syringe filter to obtain a hydrogen peroxide-free peroxynitrite solution. To evaluate the reactions 

of these products with the tyrosine residue, free tyrosine or a tyrosine-containing peptide dissolved 

in water was added in lieu of the NaOH to react with the acidic reaction mixture (Figure 5.1C).  

 Data analysis  

Data was obtained on the CE instrument using ChemStation. Electropherograms and UV 

spectra for peaks of interest were exported to .csv files from this software and Origin software 

(OriginLabs) was used for all subsequent data analysis, including plotting, baseline correction, and 

peak integration. 

 LC-MS protocol 

Electrospray ionization spectra in positive mode were acquired on a LCT Premier (Waters 

Corp.) time-of-flight mass spectrometer (TOF-MS) linked to a Waters Acquity UPLC system 

consisting a photodiode array detector. The analyzer was operated in W mode with extended 

dynamic range. The cone voltages (CV) for sample scans and reference scans were maintained at 

50 V and 35 V, respectively. The analysis was carried out by scanning from 70 m/z to 2100 m/z 
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with a capillary set to 2,800 V at a scan rate of two scans per second. The temperatures for 

desolvation gas and source were set to 350 ℃ and 120 ℃, respectively. The lock mass and 

attenuated lock mass features in MassLynx V4.1 SCN639 were implemented to perform mass 

correction for exact mass determination where leucine enkephalin acetate salt hydrate was used as 

the reference for high resolution mass calibration. 

Waters Acquity ultraperformance liquid chromatography (UPLC) linked to the LCT 

Premier was fitted with a reverse phase ACQUITY UPLC HSS T3, 1.8 μm, 2.1 x 50 mm column 

and the separations were conducted using the solvent gradient shown in Table 5.1. Absorbance 

was recorded at a wavelength of 214 nm using the photodiode array detector. Washes of 500 μL 

acetonitrile and 800 μL of water/methanol (1:1) between each injection were carried out to 

minimize contamination.    
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Figure 5.1. Protocol for synthesis of peroxynitrite and subsequent (A,B) stabilization with NaOH 
or (C) reaction with tyrosine. 
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Table 5.1. LC gradient. Solvent A: water with 0.05% difluoroacetic acid (DFA). Solvent B: 
acetonitrile. 
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5.4 Results and discussion 

 Separation optimization  

5.4.1.1 Analyte selection  

A series of tyrosine-containing analytes was selected for separation using CE based on 

their relevance to future experiments of interest. 3-nitrotyrosine (3-NT, 3-NO2Y), 3-chlorotyrosine 

(3-CT, 3-ClY), L-DOPA, and dityrosine (DiY) are common oxidative modifications of tyrosine 

observed in vivo under conditions of stress. Additionally, 3-aminotyrosine (3-AT, 3-NH2Y) was 

added to the separation due to its relevance in certain analytical methods in which 3-NT is reduced 

first to 3-AT and then 3-AT is selectively detected. This has been reported with selective 

derivatization of 3-AT via a fluorescent probe or other derivatization agents to make the species 

GC-MS-compatible, as well as with electrochemical detection in which the reduced species is then 

oxidized at a potential low enough to eliminate potential oxidizable interferences.3, 8, 9 For these 

applications, evaluating the extent of reduction of 3-NT to 3-AT after this step could prove 

beneficial. Finally, three tyrosine-containing peptides of varying length were selected. FSAYLER 

is a peptide from the protein phosphorylase B which has been used for studies of the site specificity 

of tyrosine nitration in the past by our collaborators.10, 11 The peptides AYL and AY were also 

selected as shorter versions of this peptides so the ability of the optimized experimental workflow 

to produce and then identify nitrated peptides of varying lengths could be established. 

Additionally, the nitrated forms of each of these three peptides (A(NO2Y), A(NO2Y)L, 

FSA(NO2Y)LER) were also obtained for incorporation into the separation.  

5.4.1.2 Effect of BGE pH on separation 

As the pI of most tyrosine-containing analytes is below 6, efforts to resolve these species 

electrophoretically were focused above pH 6. A series of BGEs was prepared spanning the pH 

range of 6 to 10, including pH 6.4 and 7.8 phosphate and pH 8.2, 9.2, and 10.2 borate. It was 
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observed that below pH 8.2, the resolution between the analytes was poor. This pH range 

corresponds to the region where all the amino acids’ carboxylic acid groups are deprotonated and 

the amine groups are protonated, resulting in the analytes having similar charge/size ratios. As the 

pH of the BGE was raised into the pKa range of these amines, however, the species began to be 

better resolved, with optimal resolution occurring in the pH 8.2 – 9.2 range (Figure 5.2). 

5.4.1.3 Effect of BGE concentration on separation 

Once the optimal BGE pH range was selected, the ionic strength of the BGE was changed 

by varying the concentration of the borate ion from 5 mM to 20 mM at both pH 8.2 and pH 9.2. 

Optimal resolution was observed at 20 mM borate at pH 8.2 and 10 mM borate at pH 9.2 (Figure 

5.3). Because a low pH was desirable for future applications of this work to microchip 

electrophoresis with electrochemical detection, the pH 8.2 system was selected for further 

optimization.    

5.4.1.4 Effect of surfactant concentration on separation  

The concentration of surfactant, SDS, in the BGE was then varied from 0 to 20 mM (Figure 

5.4). It was observed that increasing the SDS content past its critical micelle concentration of 8 

mM did not dramatically affect the migration times of most analytes of interest, although it did 

result in reduced resolution of several closely migrating peaks. However, a significant shift in the 

migration times of the FSAYLER peptide and its nitrated form occurred with increasing SDS 

concentration above 7 mM. It is postulated that this shift is due to increased interaction between 

these longer peptides and the SDS micelles that are forming beyond this point, resulting in their 

delayed migration times. Optimal resolution of all analytes was observed at 5 mM SDS; however, 

two analyte groups still were not resolved using these conditions: Y comigrated with NH2Y and 

ClY comigrates with both DiY and AY. 
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Figure 5.2. Effect of buffer pH on separation of analytes of interest (n = 3). 
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Figure 5.3. Effect of buffer concentration on separation of analytes at (A) pH 8.2 borate and (B) 
pH 9.2 borate (n = 3)  
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Figure 5.4. Effect of SDS concentration on separation of analytes, visualized with (A) 
electropherograms and (B) plot of migration times with varied concentration (n = 3). 
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5.4.1.5 Addition of cyclodextrins to improve separation 

In an effort to resolve these comigrating peaks, a variety of -cyclodextrins were selected 

to screen for their effects on the separation. -cyclodextrins were selected based on their cavity 

size, which is in good agreement with the approximate size of the analytes of interest. Among all 

the different cyclodextrins tested, sulfobutylether--cyclodextrin (Captisol) exhibited the most 

promising results (Figure 5.5A,B). This cyclodextrin was therefore selected for further 

optimization, in which the concentration was varied until optimal separation was observed. With 

20 mM SBE--CD, Y and NH2Y were fully resolved; however, AY, ClY, and DiY continued to 

comigrate with one another (Figure 5.5C). No efforts to further increase the CD concentration 

beyond this point were successful, as increasing the concentration of SBE--CD in the BGE tended 

to lead to a decreased number of successful injections before to needing to recondition the capillary 

and replenish all solutions. 

5.4.1.6 Optimal CE separations of analytes of interest 

Ultimately, two separation conditions were produced using the same capillary and the same 

separation field strength. With 20 mM borate at pH 8.2 and 5 mM SDS and 20 mM SBE--CD, 9 

analytes (Y, NH2Y, FSAYLER, AYL, AY or ClY or DiY, NO2Y, A(NO2Y)L, FSA(NO2Y)LER, 

and A(NO2Y)) were able to be fully resolved from one another within 10 minutes (Figure 5.6B). 

By eliminating the CD from the BGE, the separation time was decreased to 5 minutes, but at the 

expense of resolving Y and NH2Y at all and a loss in resolution of FSAYLER, AYL, and AY/ClY; 

however, diY was resolved from AY and ClY under these conditions (Figure 5.6A). Therefore, 

the buffer selected for a given experiment was dependent on which analytes needed to be resolved 

to obtain desirable results. 
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Figure 5.5. Effect of cyclodextrins on analyte separation (A) electropherograms demonstrating 
effects of different cyclodextrins, (B) migration times of analytes with different cyclodextrins at 
the same concentration (n = 3), (C) effect of varied SBE-β-CD concentration on separation (n = 
3). Abbreviations: HDM--CD = Heptakis(2,6-di-o-methyl)--CD; SBE--CD = sulfobutylether-
-CD; 2-HP--CD = 2-hydroxypropyl--CD.  
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Figure 5.6. Optimal separations obtained (A) without and (B) with addition of cyclodextrin. 
  



112 
 

 Oxidation and nitration of tyrosine-containing species  

5.4.2.1 Generation of a highly reactive, oxidizing environment  

Once the separation was optimized, it was then necessary to generate an oxidizing 

environment to induce formation of oxidative tyrosine products. To accomplish this, peroxynitrite 

was synthesized from reaction of nitrite and acidified hydrogen peroxide as shown in Figure 5.1A. 

By varying the degradation time (tdeg) between the addition of the acidified hydrogen peroxide to 

initiate the reaction and the addition of the NaOH to quench the reaction and stabilize the 

peroxynitrite in its anionic form, a picture of the degradation kinetics of peroxynitrite in acidic 

solution could be obtained. The final reaction mixture was diluted 10-fold in the background 

electrolyte used for reverse polarity separation of nitrite, nitrate, and peroxynitrite (25 mM 

phosphate @ pH 12.0 with 2 mM TTAC) and analyzed using the reverse polarity CE-UV method. 

The peroxynitrite peak was identified based on its selective absorbance at 302 nm and the 

remaining peaks were identified based on spiking with standards and comparison of the UV spectra 

(210-400 nm) of the reaction mixture peaks to those of standards.  

When peroxynitrite was allowed to degrade in acidic solution (approximately 0.2 M HCl) 

for tdeg seconds before the addition of NaOH to stabilize it, the amount of peroxynitrite remaining 

in solution decreased steadily with increasing degradation time. As shown in Figure 5.7A, a large 

peroxynitrite peak was observed when peroxynitrite was only allowed to degrade for 1 s, while 

minimal peroxynitrite was left in the system by tdeg = 7 s and all detectable peroxynitrite had 

degraded completely by 15 s after the initiation of the reaction (tdeg = 15 s). By conducting this 

experiment, the reactive time window for exposure of tyrosine-containing species dissolved in 

water to peroxynitrite under acidic conditions was determined. As shown in Figure 5.7B, a 

difference in degradation time of 1 s results in a substantial change in the amount of peroxynitrite 

left in the system. This change is particularly marked in the first 4 seconds after the reaction is 
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initiated, as may be understood by the relatively large error bars in Figure 5.7B for these tdeg 

timepoints. In future experiments, unless the peroxynitrite is stabilized with the addition of NaOH, 

any other reagents must be added at a controlled time after the synthesis (ideally within 1 s of 

synthesis) in order to obtain reproducible reaction products.  

5.4.2.2 Exposure of tyrosine to the peroxynitrite reaction mixture 

Once the window for exposure of tyrosine to peroxynitrite under acidic conditions was 

determined, an experiment was then conducted to determine the products formed under these 

conditions. It was hypothesized that the primary product would be 3-NT, as is observed under 

physiological conditions. First, peroxynitrite was synthesized and allowed to degrade for a 

designated time (tdeg). At this point, tyrosine dissolved in water was added to the system as shown 

in Figure 5.1C. The resulting reaction mixture was then diluted 10-fold in the optimal background 

electrolyte (20 mM borate at pH 8.2 with 5 mM SDS) and immediately analyzed using the 

optimized normal polarity CE-UV method. The pH of this buffer was determined to be sufficiently 

basic to prevent any further reaction of the tyrosine with any sample components on the timescale 

of these experiments.  

When tyrosine dissolved in water was added in place of the NaOH after tdeg = 1 s, two 

primary products and one minor product were observed (Figure 5.8A). The first of these peaks 

was identified as 3-NT based on the results of spiking the sample with pure 3-NT as well as 

comparison of the UV spectra. This identification, as well as tentative identification of the other 

two product peaks, will be discussed further in 5.4.2.3. By tdeg = 7 s, Products A and B were no 

longer produced to much extent, while 3-nitrotyrosine was still prominent in addition to a large 

peak representing unreacted tyrosine, and by tdeg = 15 s only unreacted tyrosine was observed in 

the system (Figure 5.8A). When the average peak height of each of these species (tyrosine, 3-

nitrotyrosine, Product A, and Product B) at 230 nm is plotted versus degradation time (Figure 
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5.8B) and compared to the degradation kinetics of peroxynitrite (Figure 5.7B), it can be observed 

that both peroxynitrite and Products A and B decrease rather steadily throughout, while 3-

nitrotyrosine production increases to a maximum at approximately 3-4 seconds degradation time 

before beginning to decrease. At that time, unreacted tyrosine remaining in the solution increases 

steadily as degradation time increases. This data gives us a picture of the kinetics of peroxynitrite 

degradation under these acidic synthesis conditions as well as the products being produced at 

different stages of peroxynitrite production and degradation.    
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Figure 5.7. (A) Electropherogram of the products of peroxynitrite synthesis reaction at 302 nm 
after 1, 7, or 15 s degradation time between synthesis and stabilization with NaOH. (B) Average 
normalized peak height of peroxynitrite at 302 nm with varied degradation time (n = 3).  
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Figure 5.8. (A) Electropherograms of the peroxynitrite/tyrosine reaction product mixture at 1, 7, 
and 15 s degradation times; (B) the average peak height of each of the products and of unreacted 
tyrosine at varied degradation time under these reaction conditions (n = 4).  
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5.4.2.3 Identification of reaction products using CE-DAD 

As CE-DAD is not able to provide the same structural information that can be achieved 

from techniques such as mass spectrometry or NMR, several strategies were explored in an attempt 

to identify reaction products without isolation, large amounts of product, and turning to these 

conventional structural elucidation techniques. The simplest methods for peak identity 

confirmation involve comparison of the migration time of the product peak with standards or 

spiking the sample with a standard solution of the analyte of interest and observing whether the 

product peak height increases. While these methods were sufficient for tentative identification of 

the 3-NT peak in Figure 5.8A, they rely on having a standard on hand. The migration times of 

unidentified products A and B were compared to the migration times of each of the possible 

oxidative modifications of tyrosine separated in the optimal separation, particularly 3-

chlorotyrosine, L-DOPA, and dityrosine, and none of the product peaks matched any of the 

standards. Furthermore, because products A and B migrate after 3-NT in the normal polarity 

separation, it could be concluded that these products must have a more negative electrophoretic 

mobility than 3-NT, which has a net charge of -1 at pH 8.2.  

Because these products were stable over time at both the low pH synthesis conditions and 

the pH 8.2 separation conditions and did not comigrate with any of the common oxidative products 

of tyrosine modification, it was presumed that there was a secondary reaction occurring in the 

system that could be independent of peroxynitrite itself. In order to learn more about the structure 

of products A and B, electropherograms were captured at a variety of wavelengths corresponding 

to key functional groups. These were 254 nm for aromatic conjugation, 280 nm for a phenol group, 

and 400 nm for a nitro group. The peak heights at each of these wavelengths were normalized to 

the height at the wavelength of maximum absorbance (Figure 5.9B) and these ratios were 

compared to standards (Figure 5.9A). While these ratios make it evident that the first peak 



118 
 

observed in the 1 s degradation time reactions is in fact 3-NT, as previously determined, they also 

indicate that the products A and B do contain phenol rings, so they do appear to be further 

modifications of tyrosine.  

The next question was whether the by-products are further modifications of 3-NT or 

separate modifications of Tyr. To test this concept, 3-NT was reacted under the same conditions 

as tyrosine. The same peak profile was observed for the 3-NT reaction as was observed in the 

reaction with tyrosine, which indicates that 3-NT is a precursor to products A and B (Figure 5.10). 

This can help explain the pattern observed in Figure 5.8B that Products A and B are formed in the 

largest quantities at a degradation time of 1-2 seconds, while 3-nitrotyrosine reaches its maximum 

at a degradation time of 3-4 seconds. This could indicate that peaks A and B are products of the 

reaction of 3-nitrotyrosine with a species that is only present in the first several seconds of 

peroxynitrite’s production and degradation, and that while this species is present the reaction is 

favored similarly to the terminal production of 3-NT. Therefore, the question now is what species 

in the system is reacting with the nitrotyrosine to form A and B.  
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Figure 5.9. Ratio of peak heights at varied wavelengths for (A) tyrosine and 3-NT standards, (B) 
the product peak identified as 3-NT, (C) Product A, and (D) Product B. (n = 3) 
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Figure 5.10. Result of reacting peroxynitrite (tdeg = 1s) with tyrosine (bottom) vs reacting it with 
3-nitrotyrosine (top). 
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To elucidate the mechanism and identity of these products, we designed experiments to 

vary the reaction mixture composition in order to determine which species could be responsible 

for the formation of A and B. The reaction scheme for the synthesis of peroxynitrite is reproduced 

from Robinson and Beckman in Figure 5.11.7 The ratio of reactants (nitrite to hydrogen peroxide) 

was varied as well as the concentration of HCl in the system for reactions with a 1 s peroxynitrite 

degradation time. As shown in Table 5.2, when hydrogen peroxide was the limiting reactant, as in 

the optimal reaction conditions used for the synthesis of peroxynitrite, the production of 

nitrotyrosine exceeded the production of the by-product peaks A and B. However, when nitrite 

was the limiting reactant, more A and B than nitrotyrosine was observed. In the intermediate case 

of stoichiometric amounts of each of these reactants, the preferred product is dependent on the 

concentration of acid in the system, with a higher HCl concentration resulting in an excess of A 

and B and a lower HCl concentration resulting in an excess of nitrotyrosine.  

Based on the observations shown in Table 5.2, it may be inferred that the formation of 

products A and B involves a reaction with acidified hydrogen peroxide. When hydrogen peroxide 

is the limiting reactant, it is completely consumed within around 5-7 s of its addition to the nitrite, 

resulting in a loss of products A and B after this time and preservation of 3-nitrotyrosine. However, 

when hydrogen peroxide is not the limiting reagent, the 3-nitrotyrosine produced can continue to 

be converted into A or B until little nitrotyrosine remains. At this point, it was hypothesized that 

protonated hydrogen peroxide was undergoing aromatic attack at the 5 position of the benzene 

ring to produce a dihydroxylated, nitrated ring.  
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Figure 5.11. Reaction scheme of the synthesis of peroxynitrite.7 
 
 
 
 
 
 
 
Table 5.2. Effect of varying the ratio of reactants and acidity on the observed reaction products A 
and B (n = 2). 

 

  



123 
 

To test this hypothesis, tyrosine and nitrotyrosine were each exposed to acidified hydrogen 

peroxide over time. As shown in Figure 5.12A, no peaks were observed in the region of products 

A or B when water or tyrosine were exposed to acidified hydrogen peroxide, while a tail was 

observed on the nitrotyrosine peak during its exposure. This tail was more pronounced on some 

subsequent runs over a period of 4 h, although it never was resolved from a second peak (Figure 

5.12B). This leaves two possibilities: either the nitrotyrosine underwent complete conversion to A 

under these conditions and there was no residual nitrotyrosine present to be resolved from A, or 

the two peaks were comigrating and the tail was representative of the production of A. Further 

experiments are needed to know definitively, as the UV spectra of these peaks are inconclusive 

(Figure 5.12C).  

Based on the data gathered thus far, the proposed reaction scheme may be found in Figure 

5.13, which shows H2O2 reacting under acidic conditions to impart additional hydroxyl groups on 

the 3-NT that is being produced through reaction with peroxynitrite. Once all the H2O2 has been 

consumed in the synthesis of peroxynitrite, no further hydroxylation would be observed and any 

3-NT produced at this point would remain unmodified, thus explaining the maximum 3-NT 

production at later degradation times.    
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Figure 5.12. (A) comparison of a typical reaction (green) with exposure of (blue) water, (red) 
tyrosine, and (black) nitrotyrosine to acidified hydrogen peroxide. (B) results of nitrotyrosine 
exposure to acidified hydrogen peroxide over 4 h, (C) spectra of reaction peaks (blue) and exposure 
peaks (red). “X” denotes peaks A/B. (n = 1)  
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Figure 5.13. Proposed reaction scheme for the production of 3-nitrotyrosine and Product A. 
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5.4.2.4 Reactions of peroxynitrite with other tyrosine-containing analytes  

From our initial studies, it was evident that, while peroxynitrite was acting to nitrate the 

free tyrosine residues, there were other factors at play resulting in the formation of additional 

products. We then wondered whether other tyrosine-containing species would undergo similar 

reactions. Therefore, we reacted a variety of modified tyrosine residues and tyrosine-containing 

peptides under the same conditions as used previously (1 s degradation time) and detected the 

products using the optimal CE separation conditions (Figure 5.14). For any reaction that induced 

a peak shift, the reaction was repeated in the absence of nitrite in order to determine whether the 

product was a result of peroxynitrite formation or the H2O2/HCl mixture. From these experiments, 

it was evident that AY and A(NO2Y) react in a nearly identical manner to free Y and NO2Y, while 

AYL and A(NO2Y)L likely do as well (although under these separation conditions the resulting 

products are largely comigrating) (Figure 5.14A-C).  

The reaction with the FSAYLER peptide resulted in the production not only of nitration 

peaks but also of another product that migrates between the nitrated and non-nitrated peptide 

(Figure 5.14D). When different aliquots of this peptide were exposed to the H2O2/HCl mixture or 

to each reagent individually, the CE results showed that the unknown product is dependent on the 

presence of HCl in the system. We hypothesize this product is therefore due to acid hydrolysis of 

the peptide, although we can rule out AY and AYL as possible products based on the migration 

time and absorbance data. This product did not appear in every reaction mixture, however, and 

must be further studied. Similarly, reaction of the peroxynitrite reaction mixture with 

FSA(NO2Y)LER produced a similar array of comigrating nitration peaks to those observed in 

FSAYLER, although in the trials run thus far the additional acid hydrolysis product has not been 

observed.  
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The reactions of dityrosine, 3-chlorotyrosine, and L-DOPA in this peroxynitrite-generating 

system also each resulted in the formation of new products. The reaction of dityrosine results in 

two new prominent peaks with negative electrophoretic mobilities, indicating that these products 

likely contain one or more nitro-groups (Figure 5.14F). The reaction of 3-chlorotyrosine in this 

environment resulted in a single peak shifted to a more negative electrophoretic mobility (Figure 

5.14E). Interestingly, the reaction of L-DOPA resulted in a loss of any peak that absorbs between 

200 and 400 nm and migrates within the 5-minute separation window (not pictured). One possible 

explanation for this would be the oxidation and then polymerization of L-DOPA under the highly 

oxidizing conditions, which could result in a loss of the peak. The only analyte that did not show 

any significant shift in migration time was 3-aminotyrosine; however, when the peak height ratio 

relative to the height at the wavelength of maximum absorbance of the reaction mixture peak is 

compared to that of 3-aminotyrosine, several key differences are noted that could be indicative of 

a change in its structure or the production of a comigrating product (Figure 5.14E).  
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Figure 5.14. Comparison of products of the reaction of various tyrosine-containing species with 
peroxynitrite reaction mixture with standard solutions of (A) Y and 3-NO2Y, (B) AY and 
A(NO2Y), (C) AYL and A(NO2Y)L, (D) FSAYLER and FSA(NO2Y)LER, (E) NH2Y and ClY,, 
and (F) DiY. Reaction with L-DOPA is unpictured but results in a loss of the L-DOPA peak.  
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 Additional uses of the optimized CE-DAD method  

5.4.3.1 Evaluation of the formation of artifactual 3-nitrotyrosine during sample storage 

In the literature, much of the controversy surrounding quantification of biological 3-

nitrotyrosine is based on the production of artifactual 3-nitrotyrosine during sample preparation 

and analysis. Therefore, it is important to develop an understanding of the conditions under which 

artifactual 3-nitrotyrosine may form in order to develop strategies to address its formation. These 

strategies could include avoiding nitrating conditions during sample preparation, accounting for 

the artifactual formation through use of internal standards, or additional steps to ensure all detected 

NT was present in the original biological system of interest. Therefore, this CE method was also 

used to evaluate one of the most common sources of artifactual 3-nitrotyrosine formation, acidified 

nitrite. Peroxynitrite was produced as shown in Figure 5.15A and tyrosine was added with a 

degradation time of 15 s which had previously proved sufficient to result in no detectable 3-

nitrotyrosine formation. Then, this mixture of tyrosine with “degraded peroxynitrite” and a high 

concentration of HCl was left to incubate at room temperature for 10 h and the conversion of 

tyrosine to nitrotyrosine was observed at multiple time points. As shown in Figure 5.15B, by the 

10 h point around half the tyrosine had been converted into 3-nitrotyrosine due to this exposure to 

acidified nitrite.  
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Figure 5.15. (A) Scheme for exposure of tyrosine to acidified nitrite, (B) Conversion of tyrosine 
to nitrotyrosine upon exposure to acidified nitrite (n = 1).  
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In a separate experiment, samples were left in different conditions for a period of one week 

and again the conversion of tyrosine into nitrotyrosine was observed over time. In the sample left 

at -80 ℃, no nitration was observed, while in the sample left at room temperature, the tyrosine 

was almost entirely converted into 3-nitrotyrosine over the course of one week, and the samples 

left at 4 ℃ and -20 ℃ exhibited intermediate conversion to 3-nitrotyrosine (Figure 5.16). Of the 

four storage temperatures, the -20 ℃ storage condition resulted in the greatest degree of variability 

in the extent of nitration among the three samples. This resulted in nearly complete overlap of the 

-20 ℃ and 4 ℃ nitration vs exposure time curves when standard deviation is considered, indicating 

that there is still significant nitration possible even when samples are stored in a typical freezer. 

Other works have discussed the artifactual nitration of tyrosine during freezing and freeze-thaw 

cycles and have reported on conditions prone to increased artifactual NT formation.5 Ultimately, 

this data demonstrates the importance of careful control of nitrite content and storage conditions 

for biological samples if one wishes to avoid the artifactual nitration of tyrosine post-sampling and 

pre-analysis. While this is an extreme example, this CE-DAD method could theoretically be used 

to rapidly evaluate more subtle changes in the storage and sample preparation conditions in order 

to confirm that no detectable 3-NT is produced during those processes. Additionally, in each 

situation, no additional byproducts were observed, supporting the hypothesis that nitrite does not 

play a role in the generation of products A and B once nitrotyrosine is produced and that hydrogen 

peroxide is essential for the formation of these byproducts.  
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Figure 5.16. Conversion of tyrosine to 3-nitrotyrosine upon exposure to nitrite under acidic 
conditions at a variety of temperature (n=3). 
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5.4.3.2 Detection of tyrosine reaction products in the presence of SIN-1 

While the nitrite/acidic hydrogen peroxide synthesis of peroxynitrite is useful for 

producing a wide variety of products to validate the CE-DAD system’s ability to detect oxidative 

tyrosine products, these conditions are not comparable to the manner in which peroxynitrite is 

produced and exposed to proteins in the cell. Similarly to physiological conditions, in the presence 

of oxygen, SIN-1 produces superoxide and nitric oxide, which in turn react to produce 

peroxynitrite. SIN-1 was exposed to oxygen upon addition of tyrosine or water and the products 

were tracked at 10 timepoints, each approximately 20 min after the last, for a total exposure time 

of around 2.5 h. The same prominent peaks from the SIN-1 system were observed in each 

electropherogram at around 2.0 (Peak 1) and 2.6 min (Peak 2), while a large unreacted tyrosine 

peak at around 2.5 min (Peak 3) was also observed in the tyrosine system (Figure 5.17). At t > 20 

min, a few other small peaks unique to the tyrosine system were also observed migrating between 

3.0 and 4.0 min (Peaks 4, 6, 7), while both systems exhibited Peak 5 growing in over time. While 

it is possible that these peaks could be dityrosine, L-DOPA, or 3-nitrotyrosine, the peaks were not 

intense enough to attain a UV spectrum capable of definitive identification. Further experiments 

must be done to improve the peroxynitrite production kinetics and result in an observable decrease 

of the tyrosine peak over time.    
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Figure 5.17. SIN-1 with (A) tyrosine or (B) water at 10 timepoints (t1  t10). Peak 3 can be 
identified as tyrosine, and peaks 4, 6, and 7 could be oxidative modifications of tyrosine. (n = 1)  



135 
 

5.4.3.3 Observation of the reduction of 3-nitrotyrosine via sodium dithionite  

Sodium dithionite is often used to reduce nitro groups to amino groups for selective 

detection of 3-nitrotyrosine in the presence of artifactual 3-nitrotyrosine formation. Therefore, we 

attempted to reduce 3-NT to 3-AT in an effort to confirm that the reduction was proceeding to 

completion under these conditions and to observe which product peaks contained reducible nitro 

groups. Initially, a standard of approximately 60 µM 3-NT diluted in 1.5 mL run buffer was 

analyzed using the CE method. Then, approximately 3 mg sodium dithionite was added to the vial 

and the sample was analyzed a second time to determine the extent of reduction.  Under these 

conditions, the nitrotyrosine was completely converted to 3-aminotyrosine, as evidenced by its 

comparison to a sample of 3-aminotyrosine of similar concentration (Figure 5.18A). Then, the 

reaction of peroxynitrite with tyrosine with 1 s degradation time was run and the 1.5 mL product 

mixture in BGE was incubated briefly with 3.0 mg sodium dithionite before reinjection into the 

CE. As shown in Figure 5.18B, this resulted in a loss of the primary 3-NT peak and the growth of 

a peak at approximately 2.9 min, comigrating with the 3-AT peak observed in Figure 5.18A. When 

the peak height of this 2.9 min peak at various key wavelengths both before and after the sodium 

dithionite exposure is compared to the 3-aminotyrosine peak, it may be concluded that the 

absorbance of the post-reduction peak follows a similar pattern to 3-aminotyrosine. This indicates 

that the 3-nitrotyrosine produced in the reaction has been completely converted to 3-

aminotyrosine. Therefore, this CE-UV method has been demonstrated to be capable of evaluating 

reduction conditions for sample preparation in other more selective analytical methods.  
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Figure 5.18. Use of sodium dithionite to reduce (A) 3-NT standard solution and (B) 
tyrosine/peroxynitrite reaction mixture (tdeg = 1 s); (C) comparison of DAD data of the peak at 
approximately 2.9 min before and after the sodium dithionite reduction with DAD data. 
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5.4.3.4 Evaluation of extraction conditions for further analysis of complex samples  

An extraction step post-reaction could enable the elimination of salt content for MS 

confirmation of peak identities as well as the elimination of sodium dithionite post-reduction in 

order to clear the electropherogram of excess noise and unwanted background peaks. Therefore, 

peroxynitrite and tyrosine were reacted under the conditions described above and the pH of the 

resulting mixture was adjusted via addition of a sodium bicarbonate solution to obtain various pH 

values ranging from 2 – 7. Next, an equivalent volume of ethyl acetate was added to the sample 

and the sample vial was sealed and inverted several times to mix. The organic fraction containing 

the organic molecules of interest was then obtained and the solvent was evaporated in a stream of 

nitrogen gas. To assess the success of the extraction, this dried sample was then resuspended in a 

volume of water equivalent to the initial volume of the reaction and this “undiluted” sample was 

then injected into the CE. As expected, as the pH of the aqueous phase of the extraction nears the 

pKa of the hydroxyl group of 3-nitrotyrosine (approximately 6.7), the extraction efficiency 

decreases as the nitrated species of interest become charged and have greater affinity for the 

aqueous phase (Figure 5.19A). A pH of 3.0 was selected for future experiments based on the peak 

intensities obtained at each pH. However, it was observed that while some extractions at this pH 

resulted in the peak pattern observed in Figure 5.19A, others resulted in a different peak intensity 

pattern, as shown in Figure 5.19B and compared to a 10-times diluted typical unextracted reaction 

mixture. This seems to indicate that while pH 3.0 is appropriate for extraction of multiple products 

in detectable quantities, small variations in the pH may be resulting in inconsistent extractions. 

This could be because the pH is close to the pKa of the carboxylic acid and the products must be 

neutral with a deprotonated carboxylic acid in order to be efficiently extracted into the ethyl 

acetate. Ultimately, the CE-DAD method has enabled the rapid evaluation and initial optimization 

of an extraction protocol for further analysis.  
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Figure 5.19. (A) Effect of varying pH on the extraction efficiency of reaction product peaks and 
(B) Result of extraction step on reaction samples. 
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 Confirmation of peak identities using mass spectrometry  

In this work, we have demonstrated the wide range of information that can be gained using 

only a capillary electrophoresis instrument with diode array detector. However, it was of interest 

to use another method to attempt to confirm the peak identities that were proposed earlier in this 

work. Reaction samples were analyzed using a LC-MS method and the presence of 3-nitrotyrosine 

in both the extracted sample and the filtered crude reaction mixture was confirmed. Additionally, 

low signals were observed for 3-NT with one or three additional hydroxyl groups on it (two or 

four total), although at the quantity analyzed it was not possible to definitively confirm the 

presence of these species. In order to determine whether these species are present in the reaction 

mixture, this experiment will be repeated in the future with a more high-resolution instrument. The 

comparison of our approach to liquid chromatography-mass spectrometry highlights the benefits 

of low sample requirements and analysis of samples with complex biological matrices that are 

highlights of CE and demonstrates that, although CE-DAD is not a structural characterization 

method, significant structural information may be gained through careful design of experiments.     

5.5 Concluding remarks 

Peroxynitrite has been synthesized and samples characterized via CE-UV. A separation of 

several tyrosine-containing analytes has been optimized using CE-UV and the products of the 

exposure of tyrosine and nitrotyrosine with peroxynitrite, acidified nitrite, acidified hydrogen 

peroxide, and sodium dithionite have been observed using this separation. Several reaction 

products have been tentatively identified using this CE-DAD method, highlighting the broad 

applications of this technique for low volume analysis of complex, highly conductive reaction 

mixtures. In the future, this method will be applied to less extreme reaction conditions in order to 

profile more physiologically relevant conditions of nitrosative and oxidative stress and the 

conditions that impact free and peptide-bound tyrosine nitration and oxidation.  
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6 Chapter 6: Microchip electrophoresis with dual electrode amperometric detection for the 

selective study of tyrosine nitration  

6.1 Introduction 

During conditions of nitrosative and oxidative stress biomolecules, such as proteins, are often 

subjected to posttranslational modifications that result in the introduction functional groups such 

as nitro-, hydroxy-, or chloro- onto specific amino acids. Tyrosine is one of the most commonly 

modified residues, due to its ease of being oxidized to the tyrosyl radical, which in turn may react 

with a variety of endogenous free radicals to form modified tyrosine residues such as 3-

nitrotyrosine (3-NT), 3-chlorotyrosine, dityrosine, and 3,4-dihydroxytyrosine (L-DOPA).1, 2 

While these modifications are a hallmark of nitrosative and oxidative stress that are often 

quantified in place of the far more difficult to detect transient reactive species themselves, such as 

peroxynitrite, unmodified tyrosine will still always appear in significant excess compared to the 

modified residues, with some estimates stating that nitrotyrosine residues will be 1 in every 10,000 

unmodified tyrosine residues under conditions of oxidative stress.2 Therefore, it is of interest to 

develop methods capable of selective detection of nitrotyrosine in the presence of an excess of 

tyrosine.  

A variety of methods have been used to detect nitrotyrosine, including liquid or gas 

chromatography with mass spectrometry, fluorescence, or electrochemical detection and 

immunoassays.3-8 While LC-MS remains the gold standard for detection of posttranslational 

modifications in proteins, quantification can be difficult, it is expensive, and it generates a large 

amount of data. 9,44 Electrochemical detection, conversely, is a lower cost approach that is still 

sensitive. Several groups have used LC-EC in generation-collection mode to selectively detect 

nitrotyrosine by first reducing the nitro group to a hydroxylamine or amine followed by detection 

at a lower oxidation potential than that required for tyrosine.9-12 Using these dual electrode 
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detection methods, increased amounts of 3-NT have been detected in a variety of biological 

samples, including the cerebrospinal fluid of Alzheimer’s disease patients.13, 14 

This chapter describes efforts towards adapting this dual electrode detection method for 3-NT 

so it is compatible with microchip electrophoresis (ME) enabling lower sample volumes and faster 

analysis than LC. While dual electrode electrochemical detection of 3-NT has not been reported 

on a microchip, dual electrode ME-EC of other species has been achieved in two configurations: 

dual-series and dual-parallel.15, 16 The dual-parallel configuration may be used with dual-channel 

ME-EC either to background correct through using one channel/electrode pair as a reference 

channel and the other as the sampling channel or to obtain voltammetric information by monitoring 

the same sample at two separate potentials. 17-19 In the dual-series configuration, the same sample 

plug passes over two working electrodes held at different potentials. This can produce 

voltammetric information, as in dual-parallel detection; however, correction factors may be 

necessary to account for analyte depletion at the first working electrode and the difference in 

alignment of each working electrode relative to the separation field.19 Dual series electrode ME-

EC has also been used in generation-collection mode, as in the LC-EC experiments described 

above, for the selective detection of catecholamines and phenolic acids20-22 and a peptide-copper 

complex23 based on their electrochemistry. This generation-collection mode imparts selectivity by 

selecting the potentials based on the specific redox properties of the analyte of interest and its most 

prominent interfering species. 

In this work, we describe progress towards the development of a dual electrode ME-EC method 

for the selective detection of nitrotyrosine in the presence of a significant excess of tyrosine. A 

single electrode ME-EC method was used first to detect the peroxynitrite-mediated nitration of 

tyrosine. Then, the method is transferred to a dual-electrode format. Factors affecting the 

reproducibility and ruggedness of the method are discussed. Additionally, hydrodynamic 
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voltammograms and calibration curves are used to tentatively identify system peaks and analyte 

peaks in the reduction and oxidation electropherograms of the dual electrode ME-EC system.  

6.2 Material and methods 

 Reagents and materials  

Sodium phosphate monobasic, sodium phosphate dibasic, phosphoric acid, isopropyl 

alcohol, sodium acetate, acetic acid, boric acid, sodium hydroxide, sodium dodecyl sulfate (SDS), 

tetradecyltrimethylammonium chloride (TTAC), sodium nitrite, hydrogen peroxide (30%), 

hydrochloric acid, L-tyrosine, 3-L-nitrotyrosine, 3-chlorotyrosine, 3-aminotyrosine, dopamine, 

and resazurin were obtained from Fisher. Peptides A(3-NO2Y)L and AYL were obtained from the 

CMADP KU Synthetic Chemical Biology Core. 

 Microchip fabrication  

5 cm simple-T PDMS microchips were fabricated as previously described.24 Briefly, a 

silicon master was produced with the desired channel pattern and a 10:1 mixture of PDMS 

elastomer to curing agent was poured onto the master and cured at 70 ℃ for at least 3 hours. The 

cured microchip was then removed from the master and aligned on an electrode substrate. Chips 

containing carbon fiber (CF) working electrodes were fabricated in the same manner, except the 

silicon master contained a single channel in it for insertion of a 33 µm diameter carbon fiber and 

the PDMS chip was sealed against a piece of glass after removal from the master to add rigidity.25 

An electrical connection was then made between the fiber and a copper wire using silver colloidal 

and the copper wire was fixed to the substrate using epoxy. Pt band electrodes were fabricated on 

borofloat glass substrates as previously described using conventional photolithographic 

techniques.24 A channel for the electrode (10 or 15 µm wide) was defined in AZ1518 photoresist 

using a UV exposure mask and then it was etched to the desired depth (~300 nm) using 

hydrofluoric acid. An adhesive titanium layer was first sputtered onto the substrate followed by 
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the Pt electrode layer, and excess metal, photoresist, and chrome was removed from the plate prior 

to connection to a copper lead.   

 ME-EC procedure  

For each set of experiments, a fresh PDMS microchip was aligned on a working electrode 

substrate with the desired alignment. The separation channel was then flushed with IPA, 0.1 M 

NaOH, and then background electrolyte (BGE) consisting of a buffer and surfactant. Pt leads 

connected to high voltage power supplies were placed in the sample and buffer reservoirs and 1600 

V and 1900 V were applied to them, respectively, to induce the separation field via a homebuilt 

LabVIEW program. A ground electrode, counter electrode, and reference electrode were place in 

the waste reservoir and the WE, CE, and RE were connected to a potentiostat. Electrochemical 

detection was accomplished using a Dropsens MicroSTAT 300 or 400 potentiostat with Dropview 

software. Data was then exported as .csv files for analysis in Origin (OriginLabs).  

 Cyclic voltammetry procedure  

Approximately 5 mL of sample was prepared in a beaker containing the working electrode 

(WE, glassy carbon or gold, 2 mm diameter, obtained from CHI), reference electrode (RE, 

Ag/AgCl), counter electrode (CE, Pt wire), and an electrolyte solution. A CHI potentiostat was 

used to apply the CV potential program. Whenever the potential was to be scanned past -0.5 V, 

the sample was purged for 15-20 min with N2 prior to taking the CV in order to eliminate the O2 

reduction peak. Data was then exported as .csv files for analysis in Origin (OriginLabs). 

 Peroxynitrite synthesis  

Peroxynitrite was synthesized according to the protocol of Robinson, et al.26 Stock 

solutions of (1) 0.6 M NaNO2, (2) 0.6 M H2O2 with 0.7 M HCl, and (3) 3 M NaOH were prepared 

and chilled on ice prior to reaction. NaNO2 (200 μL) was added first to a 2-mL Eppendorf tube. 

The acidified H2O2 solution (150 μL) and NaOH solution (200 μL) were then added in quick 
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succession to the tube to first synthesize the peroxynitrous acid with the addition of the acidified 

H2O2 followed by its stabilization in its anionic form (peroxynitrite) with the addition of the base. 

This reaction protocol resulted in an average peroxynitrite concentration of around 100 mM based 

on the absorbance of these solutions at 302 nm. 

6.3 Results and discussion  

 Single electrode detection of tyrosine and nitrotyrosine  

First, single electrode ME-EC was used to detect peroxynitrite-mediated tyrosine nitration. 

A single carbon fiber working electrode was aligned at the end of the separation channel (~0 µm 

in-channel) of a 5-cm PDMS microchip. Tyrosine and 3-NT were separated using a background 

electrolyte (BGE) of 10 mM sodium phosphate at pH 6.4 with 2 mM SDS and separation potentials 

of 1900 V buffer well/1600 V sample well (Figure 6.1A). Next, peroxynitrite was synthesized 

from the reaction of nitrite with hydrogen peroxide in the presence of hydrochloric acid and a 

solution of tyrosine in NaOH was added to the reaction mixture immediately after synthesis (<1 

s). This sample was then diluted in BGE and injected into the microchip. As shown in Figure 6.1A, 

this reaction resulted in two peaks in the electropherogram. These peaks, 1 and 2, matched the 

migration times of tyrosine and 3-NT, respectively, and the relative signals at 0.8 V and 1.0 V 

matched the general trend of the standards. This indicates that peak 1 is likely unreacted tyrosine 

and peak 2 is likely a nitrated product. A comparable reaction was then run with the only difference 

being that the tyrosine was added approximately 5 s after the synthesis of the peroxynitrite, so that 

most of the peroxynitrite had already degraded to nitrite and nitrate by that point and was no longer 

reactive. In this electropherogram, only peak 1 was observed, indicating that no detectable levels 

of product 2 were produced under these reaction conditions.  
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Figure 6.1. ME-EC with a single CF WE aligned pseudo-in-channel of tyrosine (Y) and 3-NT 
(NO2Y) at two WE potentials, 0.8 V and 1.0 V vs. Ag/AgCl RE. BGE: 10 mM sodium phosphate 
at pH 6.5, 2 mM SDS. (A) standards (B) products of the reaction of tyrosine and peroxynitrous 
acid at low pH, (C) products of the reaction of tyrosine with largely degraded peroxynitrous acid 
(HCl, NO2

-, NO3
-). Peak 1 corresponds to unreacted tyrosine and Peak 2 likely corresponds to 

nitrated tyrosine. 
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 Premise for dual electrode electrochemical detection of 3-NT  

Although the single electrode ME-EC method was capable of detecting nitration under 

these in vitro conditions, this method would not be sufficiently sensitive and selective to detect the 

small amounts of nitrated tyrosine in the presence of large amounts of tyrosine as would be 

expected in a biological sample. In liquid chromatography methods with electrochemical detection 

for the analysis of biological 3-NT, the selectivity for 3-NT is often improved through the use of 

dual electrodes. When dual electrodes in series are used in generator-collector mode, the analyte 

of interest is first electrochemically converted to a different species at the “generator” working 

electrode and then this species is detected at a more selective potential at the second “collector” 

working electrode. This method both enables elimination of interfering peaks through careful 

selection of potentials and aids in peak identification through collection of voltammetric 

information.  

Cyclic voltammetry is a useful tool for the identification of approximate potentials that can 

be applied to a dual electrode system. Once these ballpark potentials have been identified, they 

must then be further evaluated on the microchip system to determine the effect of the electrode 

alignment and the separation field on the optimal detection potential. Figure 6.2A shows cyclic 

voltammograms (CVs) of tyrosine, 3-NT, and 3-aminotyrosine (3-AT). When the CVs of tyrosine 

and 3-NT are compared, it can be observed that tyrosine is more readily oxidizable than 3-NT, so 

no selectivity for 3-NT can be obtained on that basis; however, only 3-NT exhibits a reduction 

peak. While reduction of 3-NT would theoretically be a valid means to electrochemically 

distinguish between itself and tyrosine, the reduction of 3-NT occurs near the reduction potential 

of O2. At pH 6.4, for example, the O2 reduction peak is observed around -0.7 V vs. Ag/AgCl while 

the 3-NT reduction peak is observed around -0.65 V vs. Ag/AgCl. Therefore, one can expect 

significant interference from the reduction of O2 as well as a greatly increased background current 
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when detecting the reduction of 3-NT. However, when the potential is scanned back in the positive 

direction after the production of that 3-NT reduction peak, a second oxidation peak is observed 

that does not appear in the positive CV scan of 3-NT. This oxidation peak coincides with the 

oxidation peak of 3-AT, indicating that the complete reduction of 3-NT produces 3-AT which can 

then be oxidized at a lower potential than either tyrosine or 3-NT.  

Because the dual electrochemical detection will be coupled to a microchip electrophoresis 

separation, it is important to discuss the implications of buffer pH on electrochemistry. The linear 

relationship between buffer pH and the peak potential (Ep) of oxidation (Figure 6.2B), reduction 

(Figure 6.2C), and reoxidation (Figure 6.2B) of 3-NT from its cyclic voltammogram in phosphate 

buffer at each designated pH. As would be expected for a proton-dependent reduction, the 

reduction of 3-NT becomes more difficult as the pH is increased, while the oxidation of 3-NT and 

its re-oxidation after reduction (i.e. the oxidation of 3-AT or the corresponding hydroxylamine) 

become easier to accomplish. Therefore, when deciding buffer conditions for a dual ME-EC 

system, it is important to consider not only the optimal buffer for separation but also whether the 

pH will be adequate for the desired reduction and oxidation reactions to occur.  
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Figure 6.2. (A) Cyclic voltammograms of tyrosine, 3-NT, and 3-AT at pH 6.4; (B) Effect of 
increasing pH on increasing the absolute potential necessary to reduce 3-NT (i). (C) Effect of 
increasing pH on decreasing potential necessary to re-oxidize the reduced 3-NT (ii) and to oxidize 
non-reduced 3-NT (iii). GC WE, Ag/AgCl RE, Pt wire CE, 50 mV/s, 50 mM phosphate buffer at 
varied pH.  
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 Conditions attempted for dual electrode ME-EC of 3-NT  

6.3.3.1 Buffer composition  

Once the approximate detection potentials and buffer pH were determined using CV, we 

could begin optimizing the dual electrode ME-EC method. Initially, a BGE of 15 mM phosphate 

at pH 7.4 with 15 mM SDS and 2 mM boric acid was used for these experiments. A pH 7.4 buffer 

was selected based on Figure 6.2B-C, which indicates that at this pH 3-NT should be reduced at 

approximately -0.6 V vs. Ag/AgCl and the reduced product should be oxidized at approximately 

+0.2 V vs. Ag/AgCl. In initial experiments with a Pt dual electrode, it was observed that the 

baseline stability suffers greatly more negative than -0.6 V and so it was desirable to stay more 

positive than that potential for this method. Figure 6.3A shows a promising pair of 

electropherograms achieved early in this project in which a large reduction peak was observed 

comigrating with the 3-NT oxidation peak (“day A”).  However, when this experiment was 

repeated on another day (“day B”) with the same conditions and a sample containing both tyrosine 

and 3-NT was analyzed, three prominent peaks were observed in the reductive electropherogram, 

two of which corresponded to the migration times of tyrosine and 3-NT (Figure 6.3B). This seemed 

to indicate that for some reason, tyrosine was producing a reductive peak despite not being 

electrochemically active at that potential. Additionally, when the potential at WE1 was varied 

(“day B”), the height of the peak that comigrates with 3-NT did not change as one would expect 

(i.e. increasing with more negative applied potential) (Figure 6.3C). The third peak observed in 

Figure 6.3B-C is likely attributed to dissolved oxygen, as purging the BGE and sample solutions 

with N2 immediately prior to the run resulted in minimization of that peak in a separate experiment.  
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Figure 6.3. Dual electrode ME-EC at dual 15 µm wide Pt working electrodes with a 10 µm gap. 
WE1 was aligned 0 µm in-channel and the BGE was 15 mM phosphate at pH 7.4 with 15 mM 
SDS and 2.5 mM boric acid. (A) sample: 3-NT, day A; (B) sample: tyrosine and 3-NT, day B; (C) 
effect of WE1 potential on reduction peaks (no potential applied to WE2), sample: tyrosine and 3-
NT, day B.  
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It quickly became apparent that the same experimental conditions could result in drastically 

different electropherograms during different experiments, with some microchips resulting in clear 

reduction and oxidation peaks that adhered to the expectations of 3-NT’s electrochemical 

behavior, while others exhibited peaks that partially adhered, and some microchips resulted in no 

peaks whatsoever. In an attempt to determine the cause of this inconsistency, several buffer 

systems were evaluated, including varying the SDS and boric acid concentration in the phosphate 

buffer and attempting a separation using borate buffer at pH 9.2 with SDS or TTAC. The only 

buffer systems that produced nice peaks were acetate buffer at pH 4.7 with 2 mM SDS (Figure 

6.4A) and phosphate buffer at pH 6.4 with 2 mM SDS (Figure 6.4B). While the lower pH acetate 

buffer should theoretically enable a less negative reduction potential, at this pH tyrosine and 3-NT 

comigrate. Because at pH 6.4 the tyrosine peak was observed to comigrate with the primary system 

peak, it is likely that there is a system peak comigrating with both tyrosine and 3-NT at pH 4.7 as 

well.  
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Figure 6.4. Dual electrode ME-EC of (A) 3-NT in 10 mM acetate buffer at pH 4.64 with 2 mM 
SDS, 10 µm Pt, WE1 0 µm in-channel, WE2 ~20 µm end-channel (B) Tyr and 3-NT in 10 mM 
phosphate buffer at pH 6.4 with 2 mM SDS, 33 µm CF, WE1 0 µm in-channel, WE2 ~63 µm end-
channel.  
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6.3.3.2 Electrode characteristics  

At this point, it also became apparent that Pt was not the ideal electrode material for this 

application. While metal electrodes used for reduction more often than carbon electrodes, the poor 

electrochemical background stability at the reductive electropherogram as well as the low 

oxidation signal at the second working electrode brought us to evaluate a carbon dual electrode 

substrate. When blanks were run over a range of potentials at a 15 µm Pt WE compared to a 33 

µm carbon fiber (CF) working electrode, the CF electrode’s background current remained stable 

over a wider potential range than the Pt WE. Even though the CF electrode ultimately reached a 

more negative background current with a large magnitude in the µA range, it maintained its 

stability in the general region of interest for these studies. This is as would be expected, as it is 

established that the potential window for carbon is greater than that of Pt, particularly when it 

comes to large negative potentials.16 

Various electrode alignments were also evaluated for their effect on the quality of the 

electropherograms obtained. It was theorized that by moving the working electrodes further in-

channel, the electroactive area would be more defined and the background current would become 

more stable. Additionally, the effect of the separation field would be felt more fully by the working 

electrode, resulting in a shift of the actual potential at the working electrode such that a more 

positive potential would be necessary to accomplish the same electrochemistry (i.e., application 

of a less negative potential for the reduction of 3-NT and a more positive potential for the 

reoxidation of the reduced product). Figure 6.5 shows electropherograms obtained of a mixture of 

3-AT and 3-NT at varied electrode alignment and WE1 potential. As WE1 potential is made more 

negative, the background current stability worsens and the intensity of system peaks in the 

reductive electropherogram increases. Additionally, moving the WE1 further in-channel 
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sometimes magnified this effect, as shown in Figure 6.5, likely due to the more negative effective 

potential at the WE when it was placed within the separation field.  
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Figure 6.5. Effect of electrode alignment and WE1 potential on background current stability and 
system peak intensity for a sample of 3-NT and 3-AT injected 3 times (70 s run time), BGE 10 
mM phosphate at pH 6.4, 2 mM SDS. Dual 33 µm CF WE, 33 µm gap with indicated WE1 
potential and alignment and WE2 +400 mV vs. Ag/AgCl, aligned ~63 µm end-channel relative to 
WE1.   
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6.3.3.3 Consistency of electrode configuration  

Ultimately, through varying the buffer pH and composition, the electrode material and size, 

and the electrode alignment relative to the separation field, no set of conditions were found that 

produced consistent, reliable results. It is hypothesized that this is largely due to the challenge of 

consistently positioning the electrodes relative to one another. At the outlet of the microchip, the 

working electrodes, separation field ground electrode, reference electrode, and counter electrode 

must all be positioned carefully relative to the end of the separation channel and one another in 

order to achieve optimal signal. Through these experiments, it has become evident that the further 

a working electrode is aligned in-channel, or the more negative the potential applied to a working 

electrode, the greater impact any slight variation in configuration on the data (Figure 6.5). Two 

drastically different electrode configurations are shown in Figure 6.6A and  Figure 6.6B that would 

certainly produce different results; however, it appears that even minor shifts in the position of the 

counter, ground, and reference during the experiment can cause electropherograms obtained before 

and after that shift to have dramatically different peak heights (both for system peaks and analyte 

peaks) and noise levels. This can make comparisons between subsequent runs challenging, as it is 

important (1) to not jostle any of the electrodes in any way during the experiment in order to 

maintain a constant environment and (2) to carefully empty and replenish the buffer in the bottom 

waste reservoir that contains these electrodes regularly throughout the experiment in order to 

maintain a constant chemical environment in which the electrochemistry can occur.  

In an attempt to remedy these conflicting requirements, an electrode holder was designed 

that contained one large hole for the reference electrode that would hold it tightly at a constant 

position in the well along with two smaller holes for the counter and ground electrodes. Several 

variations in the positioning of these holes were designed and fabricated using a FormLabs Form2 

stereolithographic 3D printer (Figure 6.6C-D). The resulting electrode holders were evaluated, 
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with the ground and counter electrodes being secured in the holes using hot glue in order to ensure 

they would not move during the experiment. It was found that the electrode holders that kept the 

electrodes farthest apart (similar configuration to Figure 6.6A) resulted in the least consistent data, 

while a configuration closest to Figure 6.6B was ideal; however, the present electrode holder 

design was not able to keep the counter and ground electrodes close enough together, largely 

because of how far above the well the base of the holder sits (~0.5 cm). The “tabletop” design was 

selected to enable easy access of the waste reservoir for cleaning; however, cleaning was still a 

challenge using this configuration and the electrodes could only be held in a stable position in 

specific configurations. Ideally, a theoretical model would be built to determine the optimal 

positioning of these electrodes in order to guide the prototyping process.  

  



160 
 

 

Figure 6.6. A and B depict two different configurations of the ground, counter, and reference 
electrodes relative to the end of the separation channel and the working electrodes. C and D depict 
top and side views, respectively, of a 3D-printed electrode holder. 
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 Peak identification  

Although there are major reproducibility issues with this method, significant effort has 

gone into attempting to determine whether the peaks, when they are observed, are in fact the 

reduction and re-oxidation of 3-NT. The key factors to consider are (1) whether they can be 

reproduced in a sample blank, (2) whether they exhibit the expected electrochemistry of the 

species, and (3) whether their peak height is dependent on the concentration of the species.   

6.3.4.1 Sample blanks and comparison to other nitrated species  

Although peaks had been observed in previous experiments that could be presumed to be 

3-NT’s reduction to 3-AT or a hydroxylamine followed by oxidation of that species, it was 

important to identify any system peaks. Previously, our group has observed that differences 

between the sample matrix and the BGE can result in system peaks in ME-EC.24, 27 To investigate 

this phenomenon, a series of samples was prepared with differing composition. The typical 3-NT 

stock is prepared in water and then diluted in BGE just prior to the experiment, resulting in a 

decreased buffer concentration in the sample vs. the BGE, e.g., 9.5 mM vs. 10 mM phosphate. At 

pH 6.4, two reduction peaks (WE1 Peaks 1 and 2) and one reoxidation peak (WE2 Peak 2) are 

observed (Figure 6.7A). When a blank solution is prepared that contains the same amount of water 

as the diluted 3-NT standard from Figure 6.7A and this solution (“diluted BGE”) is used for both 

sample and BGE, such that the matrices of the sample and BGE are matched, WE1 Peak 1 is still 

observed but at a decreased signal intensity vs. when the matrices are mismatched (Figure 6.7B). 

Because Peak 1 at WE1 can be reproduced with a blank sample and its height is dependent on the 

conductivity offset between the sample and the BGE, it may be concluded that this peak is a system 

peak. Additionally, it is evident that efforts to match the conductivities could minimize or even 

eliminate the system peak at WE1.  With this in mind, “diluted BGE” was then used as the BGE 

for a typical 3-NT sample, and only Peak 2 was observed at both WE1 and WE2 for the first 



162 
 

injections (Figure 6.7C). After this point, Peak 1 proceeded to grow in over time (Figure 6.8). This 

behavior is consistent with what one would expect from a system peak, as they typically show 

more variation in peak intensity (especially over subsequent injections) than analyte peaks. The 

second reduction peak, however, did not exhibit any change in intensity over the course of these 

injections, as one would expect from a peak that is dependent on an electrochemical reaction of a 

set concentration of analyte. This data indicates that, while WE1 Peak 1 is a system peak, WE1 

Peak 2 is dependent on the reduction of 3-NT and WE2 Peak 2 is dependent on the reoxidation of 

that reduced species.  
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Figure 6.7. Effect of sample matrix on system peaks with a dual 33 µm CF WE, 30 µm gap; WE1 
~63 µm in-channel, -400 mV vs. Ag/AgCl; WE2: ~0 µm in-channel, +900 mV vs. Ag/AgCl; (A) 
3-NT diluted into 10 mM phosphate buffer – conductivity of sample lower than that of BGE; (B) 
water diluted into 10 mM phosphate to match conductivity of 3-NT sample from A is both sample 
and BGE – conductivity of sample matches that of BGE; (C) 3-NT diluted into 10 mM phosphate 
buffer and BGE consists of water diluted into 10 mM phosphate – conductivity of sample matches 
that of BGE.  
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Figure 6.8. Growth of a system peak over time when BGE is matched to the sample matrix. Each 
subsequent pair of electropherograms depicts an injection immediately following the previous 
pair. Dual 33 µm CF WE, 30 µm gap; WE1 ~63 µm in-channel, -400 mV vs. Ag/AgCl; WE2: ~0 
µm in-channel, +900 mV vs. Ag/AgCl.  
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Once it was confirmed that the second reduction peak could not be reproduced via a sample 

blank and was likely dependent on the reduction of 3-NT, the electropherograms were compared 

to other tyrosine-containing analytes. By applying -200 mV vs. Ag/AgCl to WE1 and +600 mV 

vs. Ag/AgCl to WE2, any Tyr-containing species should not show any electrochemical signal at 

either WE, while any 3-NT-containing species should show a reduction peak at WE1 and a 

reoxidation peak at WE2. As shown in Figure 6.9, both the Tyr sample and the NaOH blank 

exhibited an inverted Peak 1 at WE1 and no peaks at WE2, and both the non-nitrated AYL peptide 

sample and the water blank exhibited a typical Peak 1 at WE1 and no peaks at WE2. This is as 

expected for samples that do not contain any 3-NT. Both the 3-NT sample and the nitrated AYL 

peptide (A(NO2Y)L), however, exhibited two peaks at WE1 and one peak at WE2, indicating that 

the presence of Peak 2 (both at WE1 and at WE2) is in fact dependent on the presence of nitrated 

tyrosine in the sample. This further supports the conclusion that the second reduction peak is 

indicative (at least in some way) of 3-NT reduction and that this reductive product is able to be 

oxidized at 600 mV, below the oxidation potential of Tyr or 3-NT.   
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Figure 6.9. Dual electrode ME-EC at 33 µm CF WE, 30 µm gap; BGE: 10 mM phosphate at pH 
6.4, 2 mM SDS; Samples: indicated solution diluted into BGE; detection at (A) WE1: -200 mV 
vs. Ag/AgCl, 63 µm in-channel, (B) WE2: +600 mV vs. Ag/AgCl/0 µm in-channel. Peaks 1 and 3 
are system peaks, Peak 2 is dependent on nitration.  
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6.3.4.2 Electrochemistry of peaks  

In order to determine whether Peak 2 that is observed in the dual electrode ME-EC 

electropherograms shown in Figure 6.9 is 3-NT at WE1 and 3-AT or the hydroxylamine at WE2, 

hydrodynamic voltammograms (HDVs) were produced for each peak as well as for standard 

solutions of Tyr, 3-NT, and 3-AT. The HDVs of Peak 1 and Peak 2 at WE1 (Figure 6.10A) seem 

to indicate that the two peaks are almost identically dependent on the potential of the working 

electrode. This likely indicates that, although the peak height for the reduction of Peak 2 does 

increase with more negative potential over a similar range to what would be expected for 3-NT 

based on its CV, there is likely a conductivity component to this peak that is magnifying the signal 

and distorting the HDV, particularly at more negative reduction potentials. The reoxidation peak 

does exhibit strong similarity to the onset potential of 3-AT; however, they are not identical (Figure 

6.10B). One factor that complicates the comparison of the oxidation peak HDV and the 

electrochemical behavior expected of 3-AT or the hydroxylamine is the occasional presence of a 

system peak in the dual electrode ME-EC system that comigrates with Peak 2 at WE2. This system 

peak only becomes visible at low oxidation potentials when the oxidation peak for the reduced 

product is much smaller and they can be resolved from one another, whereas they merge when the 

oxidation peak is larger. Because the magnitude of this system peak at higher oxidation potentials 

is unknown, it is not possible to come to any definitive conclusions from these HDVs. However, 

if the oxidative HDV of Peak 2 at WE2 is compared to data reported by another group using a dual 

electrode LC-EC system, the HDVs of the two reduction products show strong similarities to one 

another. Because Kissinger et al. identified their reduction product as the hydroxylamine12, it 

seems likely our reduction product is also the hydroxylamine, and 3-NT is not fully reduced to 3-

AT under these conditions. (Figure 6.10C). With a more reproducible system, it could ultimately 

be possible to better characterize electrochemistry of these peaks on this ME-EC system.  
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Figure 6.10. (A) Reductive HDVs of the system peak (peak 1) and the peak that comigrates with 
3-NT (peak 2) at WE1 aligned 33 µm in-channel; (B) oxidative HDVs of Tyr, 3-NT, 3-AT, and 
the oxidation peak 2 observed in the dual system at WE2 aligned 0 µm in-channel; (C) oxidative 
HDVs of the oxidation peak 2 observed in this dual system (WE2 Peak 2) and in the LC-EC system 
reported by Kissinger, et al. (Kissinger WE2 Peak 2) at 3 mm glassy carbon electrodes, WE1 -750 
mV vs. Ag/AgCl, WE2 varied, and a LC mobile phase of 90 mM sodium acetate – 35 mM citric 
acid buffer (pH 4.4), 3 mM SOS, 1.0 mM EDTA, 3% (v/v) MeOH.12 Additional ME-EC 
parameters: Dual 33 µm CF WE, 30 µm gap, BGE: 10 mM phosphate at pH 6.4, 2 mM SDS.  
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6.3.4.3 Calibration curves  

As shown in Figure 6.11A, the re-oxidation peak at WE2 (peak 2) increases linearly with 

increasing 3-NT concentration, while no additional system peak (Peak 1) is observed at any of 

these concentrations. As shown in Figure 6.11B, the first peak in the reduction electropherogram 

does not show any dependence on 3-NT concentration, while the second peak in the reduction 

electropherogram is dependent on 3-NT concentration but it is not as linear as the oxidation 

calibration curve. Based on this data, it is likely that peak 2 in both the reduction and oxidation 

electropherograms is dependent on 3-NT; however, it is possible there is an additional component 

to the reduction peak such as a comigrating system peak or some other factor that is altering the 

linearity of the calibration curve. This supports the conclusions drawn in the previous section that, 

while 3-NT is being reduced at this working electrode, there is an additional factor that contributes 

to its inconsistency in peak height and poor adherence to the electrochemical behavior of 3-NT.   
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Figure 6.11. Calibration curves for (A) reduction peaks 1 (system peak) and 2 (3-NT-dependent 
peak) at WE1: -400 mV vs. Ag/AgCl, 63 µm in-channel and (B) oxidation peaks 1 (system peak, 
not observed) and 2 (3-NT) at WE2: +900 mV vs. Ag/AgCl, 0 µm in-channel. BGE: 10 mM 
phosphate at pH 6.4, 2 mM SDS.  
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 Evaluation of dual electrode detection system performance using model analytes  

Because the large negative working electrode potential necessary to reduce 3-NT seems to 

affect the reproducibility of the dual electrode ME-EC system, two other model analytes, 

dopamine and resazurin, were used to evaluate the system’s performance for oxidizable and 

reducible species, respectively. Dopamine was demonstrated to be oxidizable at WE1 followed by 

reduction at WE2 at low potentials with high background current stability (Figure 6.12C). 

Resazurin exhibited stable background current for the reduction at WE1 and reoxidation at WE2 

up to -0.6 V vs. Ag/AgCl at WE1, although it did become more unstable at more negative reduction 

potentials (e.g., -0.8 V vs. Ag/AgCl). Resazurin also exhibited the same system peak observed in 

the 3-NT reduction electropherogram that, depending on the potential and alignment, could 

interfere with the resazurin reduction peak (Figure 6.12B). Compared to 3-NT, which does not 

always show significant peaks at the potentials at which the background current is stable (Figure 

6.12A), each of these analytes is a more promising candidate for dual electrochemical detection.  

However, when the peak heights at the first and second working electrodes are compared, 

it is clear that the collection efficiency must be very low using this system. High concentrations of 

analyte (e.g. 1 mM dopamine) were necessary in order to observe even small peaks at WE2, even 

as the WE1 peaks were very large. This poor collection efficiency is likely due to two primary 

factors: (1) the end-channel alignment at WE2 results in poorer peak efficiency and (2) the CF 

electrodes are 30 µm apart, which may limit the species produced at WE1 that reach WE2 to be 

oxidized. Efforts to improve this could involve moving the two electrodes closer together, altering 

the EOF, or increasing the size of the generator working electrode and transitioning to a more ideal 

material for reduction, such as mercury amalgam. However, bringing the electrodes closer together 

can result in other complications for the electrochemistry and fabricating a substrate with both 
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mercury amalgam reduction electrode and a carbon oxidation electrode will be challenging using 

our current fabrication techniques.  
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Figure 6.12. Dual electrode ME-EC at 33 µm dual CF WE (30 µm gap, WE1: 0 µm in-channel, 
WE2: 63 µm end-channel), BGE: 20 mM borate at pH 8.2 with 5 mM SDS of (A) 3-NT, (B) 
resazurin, and (C) dopamine. * denotes likely system peaks.  
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Because dopamine exhibited the most consistent signal, it was selected for further studies 

into the effect of electrode alignment on the HDVs for the oxidation of dopamine into the 

orthoquinone at WE1 and the reduction of the orthoquinone at WE2.  

The WE2 HDVs for dopamine look as expected, with similar plateau potentials for the 

reduction of the orthoquinone of around 0 mV observed at each alignment. Because they are all 

end-channel-aligned, however, the peak heights increase as the alignment nears the end separation 

channel since less diffusion is occurring in the bottom well (Figure 6.13B). However, the WE1 

HDVs do not exactly follow the expected pattern of a shift to more difficult oxidation as the 

electrode is moved into the positive separation field. While the 63 µm in-channel HDV does appear 

to be shifted to more positive oxidation potentials, the presence of a comigrating system peak 

conflicted the integration of these peaks (Figure 6.13A), particularly at higher potentials when no 

system peak was observable. However, since the peak appeared at low potentials it was possibly 

present at the higher potentials as well, thereby shifting the peak heights unnaturally. The HDVs 

for the 33 um and 63 um in-channel match closely what was obtained using a single WE (Figure 

6.13C). Overall, this data demonstrates that, if the separation conditions are altered to better 

resolve dopamine and the system peak, it should be possible to carefully evaluate the effect of the 

separation field, the electrode alignment, and the electrode configuration using dopamine as a 

model analyte. Although the interference of oxygen reduction further complicates the dual 

electrode detection of more difficult-to-reduce analytes such as 3-NT, knowledge gained from 

studying the dopamine system may aid in determining the ideal electrode configurations for 

obtaining the most reproducible results.  
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Figure 6.13. HDV of dopamine at different electrode alignments (A) for oxidation to the 
orthoquinone at WE1, (B) for reduction of the orthoquinone WE2, and (C) for oxidation of 
dopamine at a single WE. (D) Single WE aligned 63 µm in-channel, (E) Single WE aligned 33 µm 
in-channel.  
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6.4 Conclusions  

In this chapter, efforts towards the optimization of a dual electrode ME-EC method for 

selective detection of 3-NT are presented. The product of the nitration of tyrosine by peroxynitrite 

was detected using single electrode ME-EC. A dual electrode ME-EC method for detection of 3-

NT was presented and the irreproducibility of the dual electrode system was discussed. The key 

factors impacting detection were the reduction of oxygen, the configuration of electrodes, and the 

differences between the sample matrix and the BGE. Approaches to mitigating these factors are 

discussed, including the development of a 3D printed electrode holder for reproducible electrode 

placement. Additionally, data to support the identity of the dual electrode ME-EC peaks as 3-NT 

reduction and 3-AT oxidation are presented, including hydrodynamic voltammograms, calibration 

curves, sample blanks, and electropherograms of another nitrated species, the peptide A(NO2Y)L.  

Finally, preliminary results using dopamine as a model analyte indicate that there is much to learn 

about how electrode configuration affects a dual electrode ME-EC system before difficult to 

reduce analytes such as 3-NT can be consistently detected.  
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7 Chapter 7: Development of a 3D printed scaffold for boronate affinity enrichment of cis-

diol-containing species   

7.1 Introduction  

While 3D printing has been around for nearly 40 years, recent technological advancements 

have opened up a wide new array of applications. What began as a crude prototyping technology 

is rapidly transforming into a valuable fabrication method for analytical applications in 

environmental analysis, disease diagnosis, cell analysis, and separation science.1 Traditional 

microfabrication techniques such as photolithography and reactive ion etching are limited in their 

material compatibility, require a great deal of technical skill, and can be time-consuming to go 

from design to final product. In contrast, 3D printing is well-suited for rapid prototyping and is 

more cost effective and attainable for smaller research groups looking to optimize a plastic device 

compared to large-scale manufacturing techniques such as injection molding.1  

There are several different types of 3D printers that can be used to generate patterns in nearly 

every material imaginable, from the traditional plastics to metal, ceramic, and even paper. The 

most notable technologies for 3D printing of plastics include fused deposition modeling (FDM), 

stereolithography (SLA), and PolyJet. In FDM, a filament is extruded through a nozzle that 

effectively “draws” each layer. As the melted filament cools, it forms the 3D printed piece. In 

SLA, a laser or LED is used to cure a photocurable resin into the desired design. In PolyJet, a 

photocurable resin is printed directly onto a platform and then each layer is exposed to UV light 

to cure the polymer into the desired piece. Each technology has its place in fabrication, depending 

on the desired material and resolution and the cost limitations.   

In the field of analytical chemistry, the number of applications of 3D printing has been 

increasing and includes a wide variety of devices and analyses.2-4 One example is its use for 

separations, including preparation of stationary phases and columns for liquid chromatography 
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and channels for electrophoresis. Gupta et al. 3D printed LC columns in titanium with various 

geometries including 2D serpentine, 3D spiral, and 3D serpentine that were then filled with 

stationary phase via in column thermal polymerization of a monolith for improved peak 

efficiencies.5, 6 The Woolley group has developed 3D printed devices for microchip 

electrophoresis,7 solid phase extraction,8 and fluorescent labeling9 utilizing a customized SLA 

printing system. The Martin group has also explored the application of 3D printing to capillary 

electrophoresis and has adapted PolyJet 3D printing technology to produce devices with integrated 

capillaries and integrated electrodes for amperometric detection10 as well as microfluidic devices 

with improved support material process.11 Other groups have utilized 3D printing to produce 

devices to supplement conventional analytical techniques, such as cartridges for interfacing 

capillary electrophoresis12 or paper spray ionization13 with mass spectrometry. Another interesting 

application is the development of a miniaturized fluorescence detector that can be integrated into 

a conventional capillary electrophoresis instrument to enable dual-point detection for Taylor 

dispersion analysis.14 Overall, although there is a need for further improvement of 3D printing 

technology to make printers capable of achieving microfluidic resolution commercially available, 

the field of microfluidics seems to be trending towards 3D printing fabrication. 

In this chapter, efforts to use 3D printing to miniaturize a conventional analytical workflow 

are described. The Schoeneich, Michaelis, and Swerdlow groups at the University of Kansas 

Department of Pharmaceutical Chemistry and the University of Kansas Alzheimer’s Disease 

Research Center have been working in collaboration to quantify protein tyrosine nitration in the 

blood of Alzheimer’s disease (AD) patients in order to determine if there are specific protein 

markers that could be used as a diagnostic of the disease. In their method, shown in Figure 7.1A, 

white blood cell mitochondria are isolated from a large volume of whole blood (up to 50 mL) in a 

series of differential centrifugation steps. The mitochondrial proteins are then isolated using 
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additional centrifugation steps, the proteins are digested, and the 3-nitrotyrosine residues are 

reduced to 3-aminotyrosine via sodium dithionite. The resulting peptides are then labeled with a 

fluorogenic, cis-diol-containing reagent selective for the 3-aminotyrosine (Figure 7.1B). The final 

step is to use boronate affinity chromatography to enrich the labeled peptides followed by 

fluorescence or mass spectrometric detection (Figure 7.1C).15  

In this procedure, as well as other approaches for studying the blood of AD patients, the 

key drawbacks are many opportunities for sample loss during the process, human error, and the 

necessity of a large volume of whole blood to be drawn in order to be able to isolate and detect the 

trace proteins. To minimize the amount of blood needed for these assays and improve the sample 

throughput and reproducibility, we have been working with them to develop an automated, 

miniaturized microfluidic system capable of accomplishing these and similar studies (Figure 7.2). 

The first step toward the development of this integrated system was the fabrication of an on-line 

boronate affinity enrichment step. Toward that end, this chapter describes progress towards the 

development of a 3D printed scaffold for a miniaturized boronate affinity column. In boronate 

affinity chromatography, a reversible complex is formed between the boronic acid solid phase and 

the cis diol-containing analyte when the pH is above the pKa of the boronic acid (~pH 8). This 

selective interaction is reversed when the pH is lowered to far below the pKa (~pH 2). Because 

the derivatizing agent used in Schoeneich’s method contains a cis-diol group, the derivatized, 

nitrated peptides will be able to be captured on this column and then released in an enriched 

fraction. 
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Figure 7.1. (A) Conventional workflow for analysis of nitrated peptides; (B) Tagging of nitrated 
peptides via sodium dithionite reduction followed by selective derivatization with (3R, 4S)-1-(4-
(aminomethyl)phenylsulfonyl)pyrrolidine-3,4-diol (APPD); (C) Trapping of tagged peptides via 
boronate affinity chromatography at high pH followed by elution in an enriched, purified fraction 
at low pH.  
 
 
 
 

 

Figure 7.2. Possible layout of an integrated microfluidic device for profiling mitochondrial protein 
nitration from whole blood 
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Initial experiments conducted at KU attempting to integrate a boronate affinity monolith 

directly into a planar glass microchip (Figure 7.3) were based on the work of Cakal et al.16 

However, several issues arose that made further development of this device difficult. From a 

fabrication standpoint, bonding all-glass microchips has a rather low success rate, especially when 

the channel design increases in complexity and surface area. In addition, adopting any design 

modifications is a lengthy and labor-intensive process, involving the production of a new UV 

exposure mask, etching with hydrofluoric acid, and an overnight glass bonding procedure in a high 

temperature oven. From a user-friendly perspective, integrating a glass microchip with any other 

module, as will be necessary to include all the elements shown in Figure 7.2, proves difficult. 

Based on these drawbacks of the conventional microfabricated device, we turned to 3D printing. 

3D printing has several potential advantages for this project because it affords the ability to 

conduct rapid prototyping of the scaffold design as well as the ability to easily integrate the column 

with other modules. Its key disadvantage lies in its resolution. While traditional photolithographic 

techniques enable the fabrication of glass or polydimethylsiloxane channels in the low micron 

range, a typical stereolithographic (SLA) 3D printer is only capable of producing channels in the 

hundreds of microns range. While this does preclude our ability to directly transfer our previous 

microchip designs directly to the 3D printed format, these dimensions are compatible with the 

boronate affinity module, as more surface area for interaction is beneficial. It should be noted that 

the shift from microfabrication to 3D printing techniques occurred during a collaboration with the 

University of Groningen and so throughout this chapter there will be mentions of different 

materials and instrumentation used for the same purpose based on availability at the two 

universities.  

In this chapter, an SLA 3D printer was used to develop a scaffold for a boronate affinity 

monolith. The polymerization procedure was first optimized for each iteration of the scaffold and 
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then a model analyte, Alizarin Red S, was used to optimize a loading and elution protocol. Various 

offline and online detection techniques were investigated for their suitability for monitoring the 

column’s capture efficacy. Preliminary efforts to miniaturize the cell lysis and mitochondria 

isolation steps in the overall experimental workflow are discussed in the next chapter.   
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Figure 7.3. All-glass microchip containing a boronate affinity monolith (BAM) with a steel pin 
secured at the inlet via a piece of PDMS. 
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7.2 Materials and methods 

 Reagents and materials  

The following materials and chemicals were used as received: isopropanol (IPA), N-

propanol, 1,4-butanediol, ethylene glycol dimethacrylate (EGDMA), 4-vinylphenylboronic acid 

(VPBA), Alizarin Red S (ARS), 2,2’-azobisisobutyronitrile (AIBN), polydimethylsiloxane 

(PDMS) elastomer and curing agent, sodium phosphate dibasic, sodium phosphate monobasic, 

phosphoric acid, phosphate buffered saline tablets, acetonitrile, acetone, methanol, isopropanol, 

dopamine, formic acid, and ammonium bicarbonate. Additional 2,2’-azobisisobutyronitrile 

(AIBN) was obtained from another group and purified in methanol before use. All chemicals were 

obtained from Sigma-Aldrich or Fisher Scientific (The Netherlands/USA).  

 3D printing procedures  

Devices were designed in the CAD software Solidworks 2016-2017 Education Edition 

(Waltham, Ma, USA) and converted to STL files for printing. These files were then uploaded to a 

FormLabs Form 2 SLA printer (Formlabs, Somerville, MA) using Preform 2.16.0 software. When 

preparing the files for printing, a resolution of 0.050 or 0.025 mm was used with a support size of 

0.60-0.70 mm, support density of 1.25-1.30, and base 2 mm thick with the structure 5 mm high 

above the base. Supports were placed initially using the auto function and then the positions were 

fine-tuned manually to ensure optimal feature integrity. Most pieces were printed using Formlabs 

Clear Resin V4, although some o-rings were printed using the Flexible resin. Finished prints were 

rinsed in one IPA bath for 15 min followed by a second rinse in a cleaner IPA bath for 10 more 

min, dried completely, and cured for 30 min at 60 ℃ in a FormCure curing station (Formlabs). 

Devices that featured screws were screwed together and separated prior to curing in order to ensure 

a tight fit.  
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 Monolith polymerization procedure  

The composition of the polymerization solution was selected based on the work of Cakal 

et al (Table 7.1).16 The solution was prepared, mixed well, and then sonicated for 10 minutes prior 

to being placed in the scaffold of choice and exposed to UV light using either a Dymax BlueWave 

LED Flood System/RediCure Model with ECE Light Shield or a UV spot source. Optimization of 

polymerization conditions is described in 7.3.2. Columns were then dried overnight at room 

temperature or 60 ℃ to eliminate excess solvent.  

 Offline and online detection procedures 

For offline detection of column eluent, fractions from loading, rinsing, or elution steps were 

collected in plastic sample tubes and then diluted into the corresponding buffer (high pH for 

loading and rinsing, low pH for elution) to reach the necessary volume for analysis. Either a 

Unicam UV 500 (UVS 005) UV-Vis spectrophotometer or a plate reader was used for offline 

absorbance measurements. For online MS detection, a PE Sciex API 3000 LC/MS/MS System 

with a Turbo Ionspray source and Analyst software was used. Dried columns were loaded with 

ARS or dopamine in loading buffer and then rinsed with loading buffer. Columns were then 

connected to the MS for direct infusion of eluent into the ESI ionization source. Scans were 

performed from 100 Da to 1300 Da with a step size of 0.10 Da and a time of 2.00 s, in positive ion 

mode for dopamine and negative ion mode for ARS. The nebulizer gas was set to 10.00 psi, the 

curtain gas to 10.00 psi, the ion spray voltage to 3000.00 V, declustering potential to 5.00 V, 

focusing potential to 200.00 V, and entrance potential to 10.00 V. The temperature was set to 500.0 

°C for ARS and 0.0 °C for dopamine. The low temperature and declustering potential were set to 

prevent fragmentation of dopamine within the source.  For online UV detection, a LC UV flow 

cell was used set to 254 nm.  
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Table 7.1. Polymerization solution composition.  
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7.3 Results and discussion  

 Development of a 3D printed scaffold for boronate enrichment of cis-diol-containing 

analytes 

In order to accomplish in situ polymerization of the boronate affinity monolith within the 

scaffold, there must be a mechanism for temporarily sealing the scaffold at one end to contain the 

polymerization solution during the UV exposure. The scaffold must then be able to be readily 

unsealed from this base afterwards without damaging the stationary phase. The process of 

polymerizing a monolith in a simple cylindrical scaffold is shown in Figure 7.4. The ultimate 3D 

printed scaffold for the boronate affinity column would then be able to be connected to a syringe 

pump for perfusion of solution and be able to be integrated with other devices or modules on each 

end while holding the polymer securely in place during perfusion.  

In the process of optimizing the scaffold design, polymerization protocol, and elution 

protocol, several different iterations of the scaffold and base were explored (Figure 7.5). For the 

initial optimization of the polymerization conditions, a PDMS scaffold containing a single well 

reversibly bonded to a PDMS base was used (Figure 7.5A). While this design was effective at 

enabling rapid screening of polymerization conditions, it was not capable of being connected to 

any perfusion system or other modules. Another issue is that the monolith would not always remain 

in the PDMS scaffold when it was removed from the PDMS base.  

  



191 
 

 

 

Figure 7.4. (A) Generic scaffold for monolith polymerization containing a central polymerization 
chamber; (B) Cross-section of the scaffold sealed against a base to form a sealed well; (C) Sealed 
scaffold containing polymerization solution being exposed to UV light for polymerization; (D) 
Sealed scaffold containing boronate polymer; (E) Scaffold containing boronate polymer removed 
from its base so the outlet is open for flow of solution.  
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Figure 7.5. Scaffold designs explored during device optimization. (A) PDMS well; (B) 3D-printed 
disk scaffold; (C) 3D-printed plug for 3D-printed disk scaffold; (D) 3D printed cylinder; (E) 3D 
printed female portion of a luer-lock (FLL); (D) 3D printed female portion of a luer-lock with a 
rim around the outlet (FLLR); (E) 3D printed cylinder that can be screwed into connectors 
(integratable cylinder, IC); (F) 3D printed male luer-lock (MLL) connection cap for the IC 
scaffold.  
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The use of 3D-printing to produce a scaffold in a poly(methyl methacrylate) (PMMA)-

containing resin was then evaluated (Figure 7.5B, D-G). A disk scaffold containing several PMMA 

wells was created (Figure 7.5B) and attempts were made seal the entire disk against a PDMS base, 

as was effective for the all-PDMS scaffold (Figure 7.5). However, it was found that the 3D printed 

material was not able to form a leak-proof seal against PDMS nor against a 3D-printed plug 

designed as an alternative to the PDMS base (Figure 7.5C). Therefore, for the remaining PMMA 

scaffolds shown in Figure 7.5D-G, a thin layer of PDMS was poured onto a substrate and the 

PDMS cured slightly in a 70 ℃ oven for 5-10 minutes. The PMMA scaffold was then pressed 

lightly into the still-tacky, partially cured PDMS and the entire substrate was then placed back in 

the oven for another 10 minutes to allow the PDMS to completely cure. Once the PDMS was 

cured, the scaffold was filled with solution and polymerized via UV exposure (Figure 7.6A). After 

polymerization, the scaffold could be carefully removed from the PDMS substrate, resulting in a 

boronate monolith that is open on both ends (Figure 7.6B).  

Plain PMMA cylinders of varied diameter were first used for further polymerization 

optimization, but it was difficult to keep the boronate polymer adhered within the cylinder after 

polymerization and it was not possible to connect these scaffolds to a syringe in order to perfuse 

solution through the polymer stationary phase (Figure 7.5D). For elution optimization, the ability 

to control the flow of solution through the column is essential. Therefore, the cylinder was 

modified to emulate the structure of a needle’s barrel that could fit into a luer-lock syringe, i.e. the 

female portion of a luer lock (FLL) (Figure 7.5E). While this design was perfusable, the polymer 

was often dislodged during removal from the PDMS base. Therefore, the design was modified to 

contain a rim on the bottom edge which would enable insertion of a filter paper disk into the bottom 

of the scaffold to provide extra mechanical stability to the monolith. This secured it within the 
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scaffold during removal from the PDMS and during perfusion (Figure 7.5F). This rimmed design, 

known as FLLR, was used for most elution optimization experiments.  

Although the FLLR design is effective, in order to position the column vertically for more 

even flow and in order to connect the column to other modules on either end, a final design that 

featured the same rimmed well as FLLR was produced (Figure 7.5G). This new design was also 

able to be screwed into caps containing male luer lock (MLL) or female luer lock connections 

(Figure 7.5H). This made it possible to connect the needles and tubing required to integrate it with 

other devices. This design, known as the “integratable” cylinder (IC), was used for proof-of-

concept experiments involving direct integration with a detector. The key characteristics of each 

of these designs may be found in Table 7.2.   
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Figure 7.6. Schematic of how uncured PDMS can be used as a base during polymerization. (A) To 
polymerize a monolith within the scaffold, the scaffold is placed into uncured PDMS such that it 
sinks slightly into the PDMS layer, forming a seal so the well can be filled with polymerization 
solution; (B) After polymerization, the scaffold is peeled off the PDMS base, resulting in a scaffold 
that contains a boronate monolith open on both ends.  
 
 
 
 
Table 7.2. Summary of characteristics of scaffold designs that were explored during device 
optimization 
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 Polymerization conditions optimization  

The polymerization solution composition remained constant for all polymerization 

optimization experiments; however, several other parameters were optimized as shown in Figure 

7.7. Initially, PDMS wells (Figure 7.5A) were used to evaluate the effect of exposure time and 

distance from the UV source on polymerization of a boronate monolith.  For the purposes of these 

experiments, complete polymerization was determined by the presence of a matte white polymer 

within the well. Using a UV spot source and 20 µL of polymerization solution in each 4 mm 

diameter PDMS well, the extent of polymerization was determined to level off after around 30 

minutes exposure at a distance of 4 mm from the source (Figure 7.7A). When the distance between 

the polymerization solution and the UV spot source was increased, the extent of polymerization in 

the same time was observed to rapidly decrease (Figure 7.7B), and optimal polymerization with a 

completely full well was observed at 2 mm from the UV spot source after 30 min. At shorter 

polymerization times and further distances, solid polymer was still formed; however, it did not 

reach the walls of the scaffold, which would result in poor mechanical stability of the monolith 

and result in perfusion solution flowing around the monolith instead of through it, so it was 

essential that the polymerization proceed until the polymer reached the walls.  

Similar experiments to those shown in Figure 7.7 were also conducted using a more 

powerful UV LED chamber and the same general dependence on distance was observed (not 

pictured); however, in the chamber the scaffolds only needed to be positioned within 7 cm of the 

upper LED sources in order to achieve maximal polymerization. Using each source, the amount 

of polymerization observed was not improved after 30-45 minutes of exposure (depending on the 

volume of solution being polymerized), although polymer appeared more matte after exposure in 

the LED chamber than after exposure with the spot source. It was found that if the polymer was 



197 
 

left to dry at 60 ℃ overnight, the spot source-polymerized monoliths would achieve the same level 

of matteness as the chamber-polymerized monoliths.     

Once it was determined that polymer could be formed in PDMS wells under these 

conditions, the experiment was repeated using the FLLR (Figure 7.5F) and the IC scaffolds (Figure 

7.5G). The scaffolds were filled with polymerization solution and exposed using the UV spot 

source or UV LED chamber until the polymer matched the characteristics observed in the 

optimization using the PDMS wells. Ultimately, it was determined that 45 µL solution could be 

polymerized successfully in the FLLR scaffold in 30 minutes when positioned 2 mm from the UV 

spot source (Figure 7.7D(i)). This volume of polymerization solution resulted in maximum 

monolith volume while reserving enough space for the scaffold to connect to a syringe without 

disturbing the monolith. In these experiments, the addition of the paper disk to the bottom of the 

well resulted in a lower chance of damaging the polymer during its removal from the PDMS base 

after polymerization. Additionally, no polymer was observed forming on the other side of the piece 

of paper, so the filter paper was shown to prevent polymer from dislodging into the eluent while 

not hindering fluid flow through the column. The same polymerization conditions were found to 

be effective at polymerizing 45 µL solution in the IC scaffold (Figure 7.7D(ii)); however, 45 µL 

is insufficient to completely fill this well. Therefore, the volume of polymerization solution was 

doubled and attempts were made to polymerize 90 µL solution both at once for 45 min and in two 

45-µL increments, with the first exposed for 15 min and the second exposed for 45 min. Each 

resulted in a similarly sized monolith (Figure 7.7D(iii,iv)), although the polymerization seemed 

more slightly complete (more matte) when accomplished in layers as in Figure 7.7D(iv). The UV 

spot source is shown positioned on a PDMS scaffold in Figure 7.7C.  
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Figure 7.7. Polymerization optimization. (A) Effect of increasing UV exposure time on extent of 
polymerization; (B) Effect of increasing distance from the UV source on extent of polymerization; 
(C) Polymerization set-up with UV spot source and PDMS well scaffold; (D) Comparison of i. 
FLLR scaffold (45 µL polymerization solution (P.S.), 30 min), ii. IC scaffold (45 µL P.S., 30 min), 
iii. IC scaffold (90 µL P.S., 45 min), iv. IC scaffold (45 µL P.S., 15 min + 45 µL P.S., 45 min) 
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 Column use optimization  

7.3.3.1 Model analyte 

The FLLR scaffold polymerized according to the optimal protocol (as shown in Figure 

7.7D(i)) was used for the optimization of the column loading and elution protocol. The key 

components to be considered were the experimental set-up, column loading, column dimensions, 

rinsing and elution steps, and integration with detectors. These are shown in Figure 7.8. For initial 

experiments, a cis-diol-containing dye, Alizarin Red S (ARS) was used as the model analyte 

(Figure 7.8A). ARS is well-suited to rapid qualitative optimization of loading and elution 

conditions. It is a pH indicator and also exhibits an absorbance spectrum shift upon binding to a 

boronate column (Figure 7.8B,C). In order to confirm that ARS was binding to the boronate 

polymer, both non-boronated and boronated polymer were exposed to ARS in a typical boronate 

affinity chromatography loading buffer (PBS at pH 7.4). The color shift of the ARS in contact with 

the polymer from pale pink (non-boronated column/unbound ARS) to yellow (boronated 

column/bound ARS) in solution was then observed (Figure 7.8D). As we were able to observe this 

phenomenon in solution, it followed that this color shift could provide a good indication of whether 

the loading or elution buffers are functioning as expected.  
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Figure 7.8. (A) Model analyte Alizarin Red S (ARS); (B) Absorbance spectrum of 10-4 M ARS in 
0.1 M phosphate buffer at pH 7.4 (i) unbound, (ii) after addition of 10-3 M phenylboronic acid 
(PBA) to bind the ARS, and (iii) after addition of 10-1 M fructose to preferentially bind to the PBA 
and displace the bound ARS, reproduced from Ref.17 with permission from The Royal Society of 
Chemistry; (C) 1 mg/4 mL ARS at varied pH; (D) Color shift of 100 µM ARS upon exposure to 
non-boronated (-VPBA) or boronated (+VPBA) polymer.  
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Figure 7.9. (A) Integration of scaffold F with a syringe and syringe pump; (B) Addition of a tube 
for collection of eluent. 
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7.3.3.2 Experimental set-up  

In order to perfuse solution through the scaffold and collect the eluent for subsequent 

evaluation, the FLLR scaffold was screwed onto a conventional 1-mL luer-lock syringe which was 

filled with the desired rinsing, loading, or elution buffer and then placed in a syringe pump (Figure 

7.9A). A 2-mL plastic tube was then secured at the end of the scaffold to collect any eluent (Figure 

7.9B). Immediately after polymerization, each column was perfused first with at least 200 µL 

MeOH at 50 µL/min to eliminate any residual solvent or unreacted monomer and then allowed to 

dry completely in fume hood or 60 ℃ oven overnight to evaporate the excess MeOH.  

7.3.3.3 Sample introduction  

A few different methods were explored for introducing ARS into columns in Scaffold F. 

Pipetting a known amount of ARS directly on top of the column would make it possible to know 

the exact amount of analyte introduced to the column; however, the ARS solution remained in a 

droplet on top of the column and did not seep evenly into the column. This is likely due to a 

difference in hydrophobicity between the column and the aqueous ARS solution. Next, a known 

amount of ARS was pipetted onto a filter paper disk and allowed to dry. This disk was then placed 

on top of the column before the scaffold was screwed onto a syringe containing pH 7.56 phosphate 

(loading buffer) and a syringe pump was used to flow the loading solution through the column. 

However, little to no loading of the ARS from the filter paper disk onto the column was observed. 

It appeared that the ARS solution was much more attracted to itself or to the filter paper disk than 

to the column, limiting its loading.  

Therefore, it was determined that the best method for loading a column in a FLLR scaffold 

with ARS was direct perfusion from a syringe in a syringe pump. A known volume of ARS in 

loading buffer was pumped through the column and then the scaffold was placed on a different 

syringe containing only loading buffer to rinse the column and remove any nonspecifically bound 
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analyte. However, this method makes it difficult to quantify exactly the amount of ARS loaded 

onto the column. Although the syringe was filled completely with ARS prior to connection to the 

FLLR scaffold, due to the surface tension of the droplet at the outlet of the syringe there was some 

variation in the starting position of the ARS plug versus the scaffold at the nozzle of the syringe. 

This variation could result in inconsistent loading even if the same volume was pumped using the 

syringe pump. Despite these limitations, this method was used for all further optimization of this 

scaffold. In order to account for differences in loading, each column was photographed after 

loading in order to compare spot sizes and permeation into the columns. A series of spots of 

increasing volume are shown in Figure 7.10 to demonstrate the level of consistency that can be 

achieved with this method. In this example, while the 10 and 30 µL spots are relatively consistent 

and would be able be compared against one another in later steps of the experiment after differing 

treatments, the 20 µL spots are not consistent and would not be able to be used to study a different 

variable.   

For later experiments using the IC scaffold, a more quantitative method for introduction of 

ARS was possible. In this method, a piece of tubing was connected via a needle to a syringe 

containing a solution of ARS and loaded with a known volume of solution (Figure 7.11). This 

tubing was then carefully removed from the needle and connected to a different needle attached to 

a syringe containing the high pH loading buffer, while the other end of the tubing was connected 

to a needle screwed onto one side of the MLL cap for the IC scaffold (Figure 7.11B). As the 

loading buffer was pumped into the tubing, it forced the ARS solution plug through the tubing and 

into the column, at which point the loading buffer functioned as a rinsing buffer to eliminate any 

unbound analyte from the column (Figure 7.11C). Finally, elution buffer could be pumped through 

the column to elute the analyte (Figure 7.11D). This method enabled exact loading of known 

quantities of ARS; however, there were bubbles introduced on either side of the sample plug which 
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could be an issue if this loading is occurring on a column that is already integrated directly with a 

detection system. This issue could likely be remedied through the use of a Uniswitch device, as is 

being used in online detection with a UV detector. It should also be noted that in some later 

experiments the column was equilibrated with loading buffer prior to introduction of the ARS 

solution; however, this did not result in a visibly different loading.  
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Figure 7.10. Sample reproducibility of spotting varied volumes of 1 mM ARS on Scaffold F 
columns using a syringe. 
 

 

 

 

 

 

Figure 7.11. Column use protocol for loading of exact volumes of sample. (A) A piece of tubing 
is loaded with a known volume of analyte; (B) Once the analyte is in the tubing, loading buffer is 
pumped into the syringe to push the analyte into the column to bind; (C) Once the analyte has 
passed through the column, loading buffer continues to rinse the column to remove any 
nonspecifically bound analyte; (D) When elution buffer is pumped through the column, the analyte 
is released from the column and collected in the eluent.  
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7.3.3.4 Analyte loading  

Once the sample was introduced to the device it was necessary to load the analyte onto the 

column using a binding buffer. In boronate affinity chromatography, cis-diol-containing analytes 

are trapped on a column at a high pH above the pKa of the boronate group and then eluted at a low 

pH. Typically, this is accomplished using phosphate buffer at pH 7.5-7.8 to load and phosphate 

buffer at pH 2.0 to elute. Therefore, buffers consisting of 50 mM sodium phosphate or PBS 

between pH 7.5-7.8 were evaluated first for their efficacy as loading buffers.  

In order to determine whether these buffers enabled efficient binding of ARS to the 

column, EGDMA monoliths were prepared both with and without vinylphenylboronic acid 

(±VPBA) in FLLR scaffolds from 45 µL polymerization solution. For the -VPBA monoliths, the 

mass of VPBA was replaced with additional mass of EGDMA in the polymerization solution. In 

these experiments, a 100 µL solution of 250 µM ARS in 50 mM phosphate at pH 7.74 was 

introduced to the column at 10 µL/min. In Figure 7.12A, the difference in eluent color intensity at 

the outlet of the scaffolds may be observed as the +VPBA column traps the ARS from the solution 

as it passes through the column while the -VPBA column does not. Additionally, the difference in 

color of the ARS bound to the +VPBA column (orange) compared to the ARS nonspecifically 

interacting with the -VPBA column (pink) may also be observed (Figure 7.12C). After the ARS 

was introduced to the columns, the columns were each rinsed with 150 µL 50 mM phosphate at 

pH 7.74 at 25 µL/min. When the buffer passed through the -VPBA column, any residual ARS was 

immediately flushed out of the column. In contrast, ARS remained bound to the +VPBA column 

(Figure 7.12B). After the 150 µL rinse, no residual ARS was observed on the -VPBA column, 

indicating that this rinse was sufficient to remove any nonspecifically bound analyte (Figure 

7.12D). The color intensity of the +VPBA column before (Figure 7.12C) and after (Figure 7.12D) 

the pH 7.74 rinse demonstrates that no observable loss of bound ARS occurred during this rinse.   
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Figure 7.12. Demonstration of efficacy of 50 mM phosphate at pH 7.74 as a loading buffer. (A) 
The eluent from the +VPBA column is largely colorless, while the eluent from the -VPBA column 
is the same color as the ARS solution being perfused, demonstrating the ARS being bound to the 
+VPBA column. (B) No ARS is observed eluting from the +VPBA column, while the ARS is 
being observed flushing out of the -VPBA column; (C) After loading with ARS, the color 
difference between ARS bound to the +VPBA column versus unbound to the -VPBA column is 
observed; (D) After rinsing with pH 7.74, the +VPBA column has retained the ARS, while the -
VPBA column has not.  
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7.3.3.5 Analyte elution  

Once it was determined that pH 7.74 phosphate was an adequate loading buffer, it was 

necessary to identify an elution buffer to release bound ARS from the boronated column. The same 

columns prepared as in Figure 7.12 (shown again in Figure 7.13A(i,ii) for comparison) were then 

rinsed with a typical elution buffer for boronate affinity chromatography, 50 mM phosphate at pH 

2.1. The result of a 150 µL rinse at 25 µL/min is shown in Figure 7.13A(iii). The -VPBA column 

had no residual ARS even before the pH 2.1 rinse, as demonstrated by the colorless -VPBA 

columns (ii) and (iii). Conversely, the +VPBA column had significant ARS both before and after 

the pH 2.1 rinse, observable as the orange color on column (ii) (high pH, bound ARS) and the 

yellow color on column (iii) (low pH ARS), and experienced only minimal elution of ARS under 

these conditions. The eluent from each of these steps is shown in Figure 7.13B, in which the 

difference in color intensity between the +VPBA and -VPBA columns in the rinse fractions 

confirms that more ARS is being retained on the +VPBA column. However, the lack of color 

intensity in the eluted fractions indicates the elution buffer was not functioning as expected.  

Because the elution conditions used in the experiment shown in Figure 7.13 were 

insufficient to release bound ARS from the column, several other variants were tried in an attempt 

to improve the elution. No improvement of ARS elution was observed with dramatically increased 

elution volume (up to 1.2 mL) nor with much faster (up 100 µL/min) or slower (down to 2 µL/min) 

flow rates. It was hypothesized that the retained ARS could be residing in parts of the column that 

were not receiving adequate flow of the low pH buffer; however, rotating the column on the 

syringe midway through the elution to vary the flow profile did not result in improved elution of 

ARS. Incubating the column in elution buffer prior to pumping solution through the column also 

did not facilitate elution. Additionally, the pH of the eluent was measured during the switch from 

pH 7.5 to pH 2.0 and it was determined that the first 25 µL of eluent after the switch are still pH 
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7.5 but by 50 µL the eluent was consistently pH 2.0. This indicates that some factor other than a 

poor pH equilibration time must be playing a role in the poor elution.  

As a result of these observations, as well as the earlier difficulty in wetting the column with 

a solution of ARS unless pressure is applied via a syringe pump to force the solution through, the 

use of organic containing buffers was evaluated. Methanol and isopropyl alcohol were screened, 

but the most promising solvent for analyte elution was acetone. Therefore, the percent of acetone 

in the elution buffer was varied to determine its effect on ARS elution. Five FLLR scaffolds were 

loaded with 100 µL 250 µM ARS in pH 7.74 phosphate at 10 µL/min and then rinsed with 150 µL 

pH 7.74 phosphate at 25 µL/min, as determined in the previous section. Then, each was rinsed 

with 150 µL pH 2.1 phosphate with varied percent acetone (v/v) at 25 µL/min. During the elution, 

it was observed that increasing elution of ARS occurred when 0, 10, and 25% acetone was used. 

From 25% to 50% acetone, little improvement in ARS elution was observed and incomplete ARS 

elution was observed with 100% acetone (Figure 7.14). This indicates that while the acetone 

enables the complete elution of the bound ARS, the pH change was also necessary for the reversal 

of the boronate complex, confirming that while there was a secondary interaction preventing 

complete elution, the primary binding mechanism was pH dependent. An elution buffer of 50 mM 

phosphate at pH 2.1 with 50% acetone was selected for future experiments.  
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Figure 7.13. (A) Comparison of boronated (+VPBA) and nonboronated (-VPBA) columns (i) 
loaded with ARS, (ii) rinsed with pH 7.74 phosphate, and (iii) rinsed with pH 2.1 phosphate. (B) 
Comparison of eluent from each of those steps demonstrating the change in color and color 
intensity with each condition.  
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Figure 7.14. Effect of increasing percent acetone (v/v) with pH 2.1 phosphate as elution buffer. 
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 Exploration of possible techniques for eluent detection  

7.3.4.1 Off-line detection  

Although it is convenient that ARS provides a colorimetric indication of the amount of 

analyte bound to a column, in order to gain quantitative information about the extent of the binding 

and elution or to make any conclusions about colorless analytes, a detection method must be 

integrated with the system. Initially, 100 µL elution fractions were collected as shown in Figure 

7.9B and approximately 75 µL of each fraction was diluted into 1 mL in buffer in a cuvette and 

the absorbance was measured using a conventional spectrophotometer. The absorbance of 

“loading” and “rinsing” fractions was measured at the λmax of ARS at pH 7.5, 520 nm, and the 

absorbance of “elution” fractions was measured at the λmax of ARS at pH 2.0, 424 nm (Figure 

7.15A). Calibration curves of ARS at each pH using the spectrophotometer are shown in Figure 

7.15B. The LOD of this method was approximately 15-30 µM for the samples in the cuvettes, so 

it was only possible to detect concentrations of 150-300 µM in the undiluted fractions. Although 

when excess ARS was loaded onto the columns it was sometimes possible to detect unbound ARS 

being rinsed off in the “rinsing” fractions, this method was not sensitive enough to observe the 

amount of ARS that was bound to the column. The binding capacity of the columns was so low 

that even if all bound ARS was present in the pH 2.0 eluent during the elution step, the 

concentration was below the LOD and no ARS would be detected.  
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Figure 7.15. (A) Absorbance spectra of ARS at pH 2.0 and pH 7.5 (spectrophotometer); (B) 
calibration curves of ARS at the λmax for pH 2.0 and 7.5 (spectrophotometer); (C) calibration 
curves of ARS at the λmax for pH 2.0 and 7.5 and the effect of the addition of acetone on the pH 
2.0 calibration curve (plate reader). 
  



214 
 

In an effort to minimize post-collection dilution, attempts were then made to quantify the 

amount of ARS in the eluent using a plate reader instead of a spectrophotometer. Although the 

limits of detection obtained for ARS with the plate reader are only slightly lower than that of the 

spectrophotometer (approximately 8-25 µM), the key improvement was the decrease in dilution 

(Figure 7.15C). For these experiments, 180-200 µL fractions were collected and 150 µL of each 

fraction was measured directly using the plate reader. This method got closer than the 

spectrophotometer method to providing a quantitative picture of what is happening during each 

phase of the column use. However, as can be seen in Figure 7.16, the quality of this data was 

highly variable. In Figure 7.16A, four columns (two boronated, two non-boronated) were loaded 

with 747 mL 7.81 µM ARS in 50 mM phosphate at pH 7.4, rinsed with 540 µL 50 mM phosphate 

at pH 7.4, and then rinsed with 360 µL 50 mM phosphate at pH 2.0 with 50% acetone (v/v) at 

either 50 or 10 µL/min. The absorbance of each 180 µL fraction collected was measured using the 

plate reader at the same time as calibration solutions and blanks were measured. The amount of 

ARS in each fraction was calculated from that day’s calibration curve and compared to that day’s 

LOD, as some shifts in the background absorbance were observed on different days. While in the 

experiment shown in Figure 7.16A there is a trend that non-boronated columns had higher ARS 

concentration in the loading fractions and boronated columns had a higher ARS concentration in 

the elution fractions, a similar experiment shown in Figure 7.16B detected no elution of ARS from 

the column. Additionally, the LOD (expressed in nmol ARS/fraction) differed between the two 

days. These experiments demonstrate that, although the plate reader is superior to the 

spectrophotometer and is possibly able to differentiate between great differences in column 

capture efficiency, it is unable to distinguish the smaller changes important for protocol 

optimization and is not suitable for quantification.  
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Figure 7.16. Approximate nmol ARS detected in each eluent fraction from boronated and 
nonboronated columns with (A) varied flow rate and (B) varied loading pH. These plots 
demonstrate the irreproducibility of this method.   
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7.3.4.2 On-line detection 

In the experiments described above, it was clear that a plate reader or even under some 

conditions a spectrophotometer could provide some indicator of whether there was a significant 

amount of ARS in the eluent. However, the necessity of diluting the eluent or gathering a large 

enough fraction to fill the cuvettes/wells as well as the high LOD of the systems makes these 

detection systems inadequate for discernment of small variations in efficacy of columns and buffer 

systems. Therefore, it was desirable to integrate the column directly with a sensitive detector such 

as a mass spectrometer. In order to accomplish this, it is necessary not only to use the IC scaffold 

in order to enable direct integration but also to adapt the loading and elution buffers to be MS-

compatible. Since it is not ideal to inject salty phosphate buffers into a mass spectrometer, it was 

necessary to identify volatile buffers that would accomplish similar loading and elution to that 

observed with the optimal buffers, phosphate at pH 7.74 and phosphate at pH 2.0 with 50% 

acetone. First, 20 mM ammonium bicarbonate at pH 7.5 was evaluated as a loading/rinsing buffer. 

ARS was loaded onto two columns with PBS at pH 7.5 and then 20 mM ammonium bicarbonate 

was used to rinse the columns. After these rinses, ARS was still bound on the column. Because 

the ammonium bicarbonate did not cause any displacement of the bound ARS, this indicated that 

ammonium bicarbonate should be able to be used as the rinsing buffer and likely as the loading 

buffer as well. Then, 0.1% formic acid and 100% acetonitrile, typical MS solvents that possess 

similar properties to the previously optimized elution buffer, were each evaluated. A combination 

of 0.1% formic acid with 50% acetonitrile was then used for the elution buffer and under these 

conditions and using this solution resulted in complete elution of the bound ARS (Figure 7.17). 

The effect of each of these solvents alone was also evaluated to ensure that the combination was 

necessary.    
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Figure 7.17. Result of using three different MS-compatible solvents as elution “buffer.” Images 
depict the amount of ARS eluted in the first elution fraction vs. the ARS that remained bound on 
the column after elution when using (A) 0.1% formic acid, (B) 100% acetonitrile, and (C) 0.1% 
formic acid + 50% acetonitrile as the elution solution.  
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As a proof-of-concept, columns were prepared in IC scaffolds, rinsed with MeOH, and 

then allowed to dry overnight. Pieces of Teflon tubing were loaded with 20 µL 0.5 mM dopamine 

(another cis-diol-containing analyte) in loading buffer (20 mM NaHCO3 at pH 7.5) and then 

connected to the column and loaded onto the column via perfusion with loading buffer. The 

column was connected at the inlet to a syringe pump containing elution buffer (0.1% formic 

acid/50% acetonitrile pH 2.0) and the outlet was connected to an ESI source (Figure 7.18). Eluent 

was then injected into the MS at 100 uL/min in positive ionization mode. Prior to infusion from 

the column, the ionization temperature and declustering potential were both optimized to achieve 

optimal dopamine signal at m/z 154. A peak at m/z 154 was observed growing once the column 

perfusion began; however, other contaminant peaks were much more prominent in the mass 

spectrum (Figure 7.19). This contaminant peak was tentatively identified as urethane 

dimethacrylate, a common component in dental resins that is likely present in the 3D printed 

scaffold, based on the adducts formed and MS/MS data obtained.  

Similar results to those shown in Figure 7.19 were obtained using ARS as the analyte in 

negative ionization mode. Although the analyte of interest was observed eluting from the column 

with the elution buffer, the presence of the contaminant likely results in ionization suppression of 

the analytes and made extensive cleaning protocols necessary to eliminate that contaminant peak 

for future runs. These drawbacks indicate that MS will not be able to provide the low LODs 

necessary for quantitative interpretation of experimental results unless this contaminant peak is 

eliminated.  
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Figure 7.18. Integration of column with mass spectrometer. 
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Figure 7.19. MS data obtained when a boronated column was loaded with DA and rinsed off-line 
and then perfused with elution buffer directly into the instrument as shown in Figure 7.18. (A) 
Total ion chromatogram during elution from column; (B) sample mass spectrum during elution in 
region 1; (C) extracted ion chromatogram at dopamine's m/z 154; (D) zoomed in mass spectrum 
during elution in region 2. “A” indicates a point when perfusion was paused and “B” indicates the 
point when perfusion was restarted.  



221 
 

Because the leaching of the contaminant from the 3D printed scaffold into the eluent was 

a concern for integration with mass spectrometry, the column was then integrated with a 

conventional LC UV detector (Figure 7.20B). In this configuration, the bottom of the IC scaffold 

was modified so that a piece of LC tubing could be inserted directly into the scaffold outlet for a 

tight seal with decreased dead volume (Figure 7.20A). Additionally, a Uniswitch device was 

obtained that enabled uninterrupted switching between the syringes containing analyte, 

loading/rinsing buffer, and elution buffer. As solution is flowed through the column at 50 – 100 

µL/min, the eluent is directed into the flow cell and the absorbance is monitored at the λmax for the 

analyte of interest, resulting in a shift in the background absorbance measured as analyte passes 

through the detector. While this method has been used to produce calibration curves for both 

dopamine and ARS, it is prone to shifts in the absolute signal over time (e.g. 10 µM analyte 

produces a different response at 10 min vs 40 min) even as the relative changes with concentration 

remain constant (e.g. 20 µM analyte would produce double the signal of 10 µM at both 10 min 

and 40 min into the experiment) (Figure 7.21A). Some preliminary data demonstrating the basic 

concept behind these experiments is shown in Figure 7.21. The hypothesis is that when a known 

amount of analyte is passed through boronated versus nonboronated columns, the nonboronated 

should result in a greater baseline shift as analyte is not trapped on the column. Then, when the 

low pH elution buffer is flowed through the system, the boronated should experience a greater 

baseline shift as that bound analyte is eluted. In comparing the traces from the two columns, 

conclusions should be able to be drawn about the efficacy of the columns. Current work is focused 

on accounting for differences in the baseline of the loading and elution buffers and minimizing the 

dead volume for faster response time when the concentration changes. Ultimately, this 

configuration will be used to monitor the trapping and elution of model analytes.  
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Figure 7.20. Integration of column with UV detector using a syringe pump and Uniswitch device. 
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Figure 7.21. Sample preliminary data using LC UV detector for (A) calibration with ARS; (B) 
loading/rinsing/eluting ARS on a non-boronated column; (C) the same experiment on a boronated 
column.  
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7.4 Conclusions and outlook for 3D printing in relation to this work  

In this chapter, progress towards a 3D printed scaffold for boronate affinity enrichment of 

derivatized nitrated peptides was described. Several scaffold designs were produced and evaluated 

to result in an optimal design that enabled in situ polymerization of a boronate monolith as well as 

perfusion and integration with other modules on both ends. The polymerization conditions were 

optimized and a protocol for loading and elution of model analyte Alizarin Red S was developed. 

Several methods were evaluated to monitor the concentration of analyte in the eluent, including 

offline detection with a spectrophotometer, plate reader, or capillary electrophoresis (not shown) 

and online detection with mass spectrometry or a UV flow cell. Future work will focus on 

improving the capture efficiency of the column and the integration with online detection to enable 

quantitative monitoring of the contents of the eluent. Ultimately, this device will be integrated with 

other modules to enable simplified determination of protein nitration in blood saples.  
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8 Chapter 8: Summary and Future Directions 

8.1 Summary  

The overall goal of this dissertation was to develop a suite of analytical methods to monitor 

nitrosative and oxidative stress in biological samples. First, an improved microchip electrophoresis 

method with electrochemical detection was developed for the detection of nitrite in the bulk cell 

lysates of macrophage cells. Nitrite is a metabolite of nitric oxide that can be detected as a more 

stable indicator of the production of nitric oxide under conditions of stress. The concentration of 

tetradecyltrimethylammonium chloride (TTAC) in the run buffer was increased until the optimal 

separation of nitrite, azide (interferent from cell filters), ascorbic acid (antioxidant) and hydrogen 

peroxide (product of oxidative stress and neutral marker) was achieved in a buffer of 10 mM borate 

at pH 10 with 5.5 mM TTAC. Then the concentration of sodium chloride in the run buffer relative 

to the sample matrix was increased to induce transient isotachophoresis stacking of the nitrite peak, 

resulting in a much more efficient peak and a decrease of the limit of detection for nitrite from 2.5 

µM to less than 500 nM. Then, a procedure to integrate a Pt black modification on a Pt band 

microelectrode integrated with microchip electrophoresis was developed, resulting in a 2-fold 

increase in sensitivity for nitrite. This method was then used to detect nitrite in native macrophage 

cells and cells stimulated with lipopolysaccharide to induce a proinflammatory response.  

Next, capillary electrophoresis with diode array detection was used to detect both the 

RNOS peroxynitrite and its products with tyrosine. A separation of several tyrosine-containing 

peptides and modified tyrosine species was optimized in a background electrolyte of 20 mM borate 

at pH 8.2 with 5 mM SDS. Peroxynitrite was synthesized from the reaction of nitrite and acidified 

hydrogen peroxide and tyrosine was added to the reaction mixture at designated timepoints after 

synthesis. The products were then separated using the optimal CE method. The production of 3-

nitrotyrosine was monitored, as well as the production of two primary byproducts. The conditions 
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necessary for the formation of these byproducts were determined and the electropherograms were 

monitored at several wavelengths in order to aid in tentative peak identification.  

Dual electrode ME-EC was then applied to the selective detection of 3-nitrotyrosine. 

Attempts were made to develop a reproducible method; however, this proved difficult. Factors 

such as the effect of electrode material, electrode alignment relative to the separation field, and 

buffer composition and pH on the detector response are discussed. The source of a system peak in 

the reduction electropherogram of the dual electrode system was identified and a second peak was 

tentatively identified as resulting from the reduction of 3-nitrotyrosine, with a corresponding peak 

observed in the oxidation electropherogram. This identification was based on comparison to 

sample blanks and similarity to the electrochemistry of other nitrotyrosine-containing species as 

well as the investigation of the hydrodynamic voltammograms and calibration curves of these 

peaks. Finally, initial efforts to better understand the effect of electrode alignment on a dual 

electrode ME-EC system were presented using dopamine as a model analyte.  

In the last chapter, the focus was again on development of a method to detect tyrosine 

nitration. However, instead of using electrophoretic separations, the goal of this project was to 

develop a 3D printed scaffold for a boronate affinity monolith. This monolith will be used for the 

selective trapping and elution of derivatized, nitrated peptides from the blood of Alzheimer’s 

patients. The scaffold design and polymerization conditions were optimized and effective loading 

and elution conditions were determined. Then, several efforts to couple the scaffold with detection, 

both off-line and on-line, are discussed.  

8.2 Future directions  

 Electrophoretic separations for the analysis of 3-nitrotyrosine in biological systems  

In Chapters 5 and 6, two different electrophoretic methods for the detection of 3-

nitrotyrosine are presented. Immediately, there is more work to be done in improving the 



229 
 

reproducibility of the dual electrode ME-EC method and lowering the limits of detection. As 

discussed in Chapter 6, much of the irreproducibility likely stems from inconsistencies in the 

positioning of the electrodes in the waste reservoir, as well as the configuration of these electrodes 

themselves. In order to improve upon this method, the two key innovations that must be addressed 

are the development of an effective electrode holder and the incorporation of a decoupler into the 

microchip.  

Initial efforts to design an electrode holder were discussed in the chapter; however, these 

holders were not able to position the ground and counter electrodes close enough to one another 

without any risk of them touching. Additionally, the holder itself was not very stable and would 

need to be taped down in order to maintain the correct positioning, which is in itself not very 

reproducible since tension on the electrodes can vary during an experiment, especially when 

rinsing the bottom well. Current designs for a more effective electrode holder would feature the 

counter and ground electrodes fixed permanently into the holder with only a small distance above 

the well free to minimize the chance of them bending. The holder would also have magnets or 

another reversible adhesive mechanism on either side that would line up with the other half of the 

adhesive on the chip stage. This would enable reproducible, stable positioning of the electrode 

holder for each experiment. Additionally, while 3D printing does enable rapid prototyping, it 

would be best if theoretical simulations or modeling would be able to aid in determining some 

optimal positioning guidelines.  

The necessity of a decoupler was not discussed at length in the chapter; however, it appears 

to be essential for achieving success in the dual electrode detection of 3-nitrotyrosine. A decoupler 

placed in the separation channel ahead of the working electrode would enable the separation field 

to be grounded prior to reaching the electrode, therefore reducing its impact on the background 

current stability and system peak intensities. Additionally, it would enable both working electrodes 
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to be aligned completely in-channel for reduced band broadening at the second working electrode 

for more sensitive detection. Decouplers have been microfabricated using palladium or platinum; 

however, they have not been fabricated in an all-PDMS microchip containing carbon fiber working 

electrodes, which were found to be optimal for the detection of these organic molecules. In order 

to design an electrode substrate that would be optimal for this analysis, it will be necessary to 

develop a fabrication protocol for the combination of metal and carbon electrodes on a single 

substrate. The size of the generator electrode could then be increased and it could be fabricated in 

a material such as gold mercury amalgam that is known for being a good electrode for reductions. 

All of these electrode modifications would result in a more stable electrochemical background and 

increased collection efficiency.  

Once the dual electrode ME-EC system is improved upon, it can be used in combination 

with the CE-DAD method to study other nitration and oxidation reactions beyond those presented 

in Chapter 5. The ability to analyze these reactions by a combination of CE-DAD and ME-EC 

would provide a wealth of information about any products observed, all without the use of 

conventional structural characterization techniques. In Chapter 5, rather extreme reaction 

conditions were used as an initial proof-of-concept, including highly acidic conditions with large 

concentrations of oxidants. In the future, it would be desirable to tone down these conditions to 

more accurately emulate physiological conditions through use of a more moderate pH and minimal 

oxidant concentrations so that the true selectivity of these reactions could be observed. 

Additionally, a variety of RNOS donors could be evaluated, such as SIN-1 and PROLI-NONOate, 

to observe how different nitration and oxidation agents affect the products formed. These systems 

could then be used to observe how different oxidation and nitration conditions as well as different 

additives affect the redox balance of a biological system.   
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 Development of a modular, 3D-printed device to detect protein nitration in the blood 

As discussed in Chapter 7, efforts have been underway in our group to design a modular 

miniaturized system for the total sample preparation, enrichment, and detection of derivatized, 

nitrated peptides. We have envisioned several different modules that could be integrated to 

accomplish the entire analytical method with minimal opportunities for sample loss or human 

error, the key issues our collaborators have with their current, centrifugation-heavy approaches. In 

Chapter 7, the boronate affinity enrichment step was addressed. In order to apply this module to 

the enrichment of derivatized, nitrated peptides, it must be integrated with either mass 

spectrometry or fluorescence detection. Based on the preliminary experiments described in 

Chapter 7, it seems necessary to work to further minimize the dead volume of the system in order 

to achieve enrichment on the column, as opposed to it functioning instead to merely eliminate 

interfering species without actually enriching the analyte of interest. Once this is achieved, the 

hope is that it could be integrated downstream with a fluorescence flow cell detector that would 

enable the monitoring of the fluorescent, cis-diol-containing peptides. Once the detection system 

is functional, the loading and elution and polymerization conditions can be further optimized to a 

finer degree of resolution than was possible without integrated detection.  

Efforts have also been focused on another module in the system, a cell lysis device that 

would be capable of lysing white blood cells without damaging their mitochondria. This is 

desirable so that the mitochondria would then be able to be effectively separated from other 

cellular organelles prior to protein digestion, as mitochondrial proteins are the ones of greatest 

interest to our collaborators. Different methods of cell lysis, both using a mechanical homogenizer 

and Triton-X for chemical lysis, were evaluated on bulk Jurkat cells and the mechanical 

homogenizer resulted in more consistent lysis of the cell samples. Because of this, we began 

designing a 3D printed cell lysis module that was based upon these principles.  
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The mechanical homogenizer used for these experiments consisted of a stainless-steel 

channel into which a ball bearing was placed. Cells were drawn up into a syringe and then forced 

through the channel, coming out at the outlet which was connected to a second syringe (Figure 

8.1A). After several iterations of designing, printing, and evaluating, the device shown in Figure 

8.1B was produced. This module can be interfaced with syringes on either end and contains a 

chamber that can fit a ball with a similar clearance to that at which optimal cell lysis occurred 

using the mechanical homogenizer. While this device has not yet been tested with cell samples, it 

is anticipated that with further developments such as potentially incorporating glass beads for lysis 

instead of a single 3D printed or metal ball and adapting the connectors, several of these could be 

connected in series to allow the cells to go through a controlled number of passages before reaching 

the next module.  

 

Figure 8.1. (A) Schematic of the mechanical homogenizer that was used for bulk cell lysis; (B) 
Photographs of a 3D printed version of this homogenizer in development. 

 

 Ultimately, the 3D printed modular devices in development by our group will be used to 

guide the development of the final, integrated device. This device will have endless applications, 

not only for the specific application of detection of nitrated peptides, but also for sample handling 
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and preparation in a variety of biological assays. If 3D printing and miniaturization can ultimately 

produce an integrated system that has less opportunity for user error or sample loss, this will result 

in more efficient analyses in clinical trials where every sample needs to go a long way.  

 


